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Abstract
In this chapter, we provide practical guidelines for collecting and recording
bryophytes. Bryophyte species exhibit a high specificity to meso- and
microhabitat conditions and, although some can be observed all year-round,
many are annual and/or can be identified only during a short period of the year.
Completely random plot sampling (RS) or systematic sampling (SS) are therefore
likely to miss important types of variation within the sampling area unless the
intensity of the sampling (i.e. number of plots and number of visits at different
seasons) is very high. Therefore, it is appropriate to use a sampling
methodology, such as Floristic Habitat Sampling (FHS), that focuses on
mesohabitats as the sampling unit. SS and RS offer, however, substantial
advantages over FHS in terms of statistical comparisons across plots. Therefore,
the combination of a systematic grid, usually of 1 to a few km², within which FHS
is performed, is recommended. The size of the sampling plot is discussed
depending on the goals that are followed. For recording rare species, the Area of
Occupancy (AOO), defined as the area calculated by summing up all 2 x 2 km
grid squares actually occupied by a taxon, is used by IUCN as a standard
measure for defining species frequency. In the case of bryophytes, however, it is
strongly advisable to decrease the mesh size because AOO values decline
sharply as the scale of measurement reduces, as a result of the linear and
frequently fragmented distribution of the species. Scientific collecting is still
essential for a number of reasons, including specimen identification and
herbarium collections for taxonomic studies – which is especially true for
bryophytes because, although the larger species can often be named in the field,
many are distinguished based on microscopic characters – and, more recently,
for the constitution of DNA libraries. The collecting techniques, including
information on what and how much to collect in the field, how to pack, label, dry
and process specimens, are finally reviewed.

Key words: bryophyte, moss, liverwort, hornwort, floristic habitat sampling,
random sampling, plot sampling, phenology, diversity
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1.

Introduction

Bryophyte is a generic name for plants characterized by a life-cycle of alternating
haploid and diploid generations with a dominant gametophyte. They include the
liverworts, mosses, and hornworts. Liverworts and hornworts comprise about
extant 5,000 and 300 species, respectively. Together with mosses, which, with
approximately 12,000 species, are the second most diverse phylum of land
plants, bryophytes thus include a substantial proportion of the total biodiversity of
land plants.
Although bryophytes are rarely the most conspicuous elements in the landscape,
they play important ecological roles in terms of water balance, erosion control, or
nitrogen budget, or simply by providing habitat for other organisms. Furthermore,
bryophytes locally exhibit richness levels that are comparable or even higher
than those of angiosperms. Lastly, and perhaps most importantly, although
global biodiversity patterns tend to be congruent across taxa, especially ß
diversity patterns (Schulze et al., 2004; Kessler et al., 2009), diversity patterns in
bryophytes do not necessarily follow the patterns present in other, better-studied
taxa, so that an enlarged concept of biodiversity has become increasingly
necessary. As a result, there has been an increasing awareness of the necessity
to include cryptogams in general, and bryophytes in particular, in conservation
programs and biodiversity assessments.
In this chapter, we attempt at providing practical guidelines for collecting and
recording bryophytes. From recent specialized textbooks (Goffinet & Shaw, 2009;
Vanderpoorten & Goffinet, 2009), we briefly summarize the biological and
ecological features of bryophytes that are relevant to their study in the field. We
then review, based upon information provided in many specialized field guides, to
which we refer for further information (O’Shea, 1989; Gradstein et al., 2001;
Wigginton, 2004), the sampling strategies and collecting techniques that are
most appropriate for recording bryophyte diversity.
2.
2.1.

Where and when to collect bryophytes?
Where do bryophytes occur?

Bryophytes are generally seen as small plants confined to humid habitats,
avoiding exposure to direct sunlight. Yet, an alert naturalist will quickly notice
their presence in virtually every ecosystem. In parts of the world where short
growing seasons limit plant growth, bryophytes, and especially mosses, may
dominate the vegetation. Similarly, in temperate and tropical rain forests,
bryophytes, and especially liverworts, compose luxuriant epiphytic communities
that play important ecological functions, especially in terms of water and nutrient
flow. Even in modern cities where air pollution and the man-made environment
may seem unrelenting, bryophytes are able to colonize crevices in masonry.
The diversity of bryophytes is correlated with habitat heterogeneity at two spatial
scales. Mesohabitats are localized physiographic (e.g. streams, seeps, cliffs) or
physiognomic (e.g. forests) features. In a forested landscape, mesohabitats are
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arranged into a mosaic of dominant mesohabitats (e.g. forests), wherein
restricted mesohabitats (e.g. streams, seeps, cliffs) exist (Vitt & Belland, 1997).
Microhabitats (e.g. trees, logs, rocks, stumps) are the smallest landscape units
and may be unique to one type of mesohabitat. Epiphytic communities provide a
classical example of microhabitat differentiation. Epiphytes typically exhibit both a
vertical and a horizontal zonation, segregating vertically from the base to the
crown along gradients of humidity, pH, and nutrient content (Barkman, 1958;
Sillett & Antoine, 2004). Within each ecological unit, bark microtopography further
generates a mosaic of microhabitats. For example, Barkman (1958) described
the mosaic of species inhabiting beech bark in The Netherlands (Fig. 1). Wound
exudates induce a vertical zonation of neutrophytic species, including
Orthotrichum diaphanum, Syntrichia laevipila and Zygodon viridissimus, which
are normally absent from acid beech bark. The last two species grow lower,
presumably due to greater moisture near the ground. In contrast, acidophilous
species, such as Lophocolea heterophylla, develop far from the wound.
Different species thus tend to utilize different portions of the resource continuum
available. The competitive exclusion principle predicts that species avoid
competition by occupying different niches, creating a spatial pattern that
represents habitat partitioning corresponding to habitat heterogeneity. Thus, an
increasing body of literature points to the strong correlation between habitat and
species diversity. Some habitats are, however, more species-rich than other and
hence, request a longer investigation time. Bryophytes are poikilohydric, which
means that they suspend any metabolic activity upon drying. They tend therefore
to be more dominant in sheltered, humid habitats than on open ground directly
exposed to irradiation and desiccation.
A good trick to find species-rich habitats is to look at the extent of species cover.
There is indeed a positive correlation between carpet density and species
diversity for two main reasons. First, massive cover suggests that the habitat has
the appropriate humidity level for many species to establish. Second, at low to
moderate densities, growth is constrained by water availability. Moderately dense
stands are dehydrated less rapidly than loose stands or isolated shoots because
a dense packing of shoots may reduce water loss by effectively reducing the
diameter of capillary spaces among close neighbours. Bryophytes growing in
dense communities are therefore able to remain physiologically active for a larger
part of the growing season, resulting in greater biomass and diversity.
2.2.

Can we record bryophytes all year-round?

It is often believed that bryophytes occur all year-round, and this is one of the
reasons why many naturalists shift to bryology in wintertime. This is definitely
true for stress-tolerant species, which invest much in gametophytic development,
enabling them to survive periods of stress. As a most extreme example, large
cushions of the moss Leucobryum glaucum on forest ground or Sphagnum
species in peat bogs, all of which occur in stable habitats and display
gametophytic adaptations to store water in dead hyaline cells, can last for
centuries. Thus, bryophyte species of long-lived, stable mesohabitats such as
woodlands, can in fact be recorded at any time.
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Fig. 1. Mosaic of cryptogamic vegetation comprised of lichens (L) and bryophytes along
the first 4 m on an old beech trunk in The Netherlands (after Barkman, 1958).
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It must be emphasized, however, that whilst perennial species can be observed
regardless of the season, their identification might rely on sporophytic features
that can be observed only during a short period of the year. The moss genus
Orthotrichum, for example, includes mostly perennial epiphytic species whose
identification relies on specific sporophyte features. In the northern hemisphere,
the capsule reaches its full development in the spring, and taxonomically relevant
characters of the peristome progressively become impossible to observe towards
the summer season, during which the capsule itself eventually falls down.
In many other habitats, bryophyte species can be observed during a short period
of the year only. In fact, plants have to cope with unstable habitats in time (e.g.,
seasonal climate variations) and space (e.g., habitat degradation or destruction).
To face the risk of local extinction, they may either disperse in an attempt to
establish new populations or remain under the form of long-lived diaspores, from
which new establishment will be subsequently possible under favourable growth
conditions. Parts of these diaspores may become buried into the soil, requiring
light for germination, constituting a bank of diaspores. Because of the
vulnerability of their gametophyte, bryophytes are, in particular, likely to rely more
on stored propagules for their long-term survival than seed plants. Species of
unstable habitats that recur predictably at a given site thus tend to produce a few,
large spores with a low dispersal capacity but better chances of successful
establishment and a longer life span in the diaspore bank. This is, for example,
the case of hornworts in temperate areas, which are well adapted to regular
disturbance in arable fields thanks to their diaspore bank, or of annual thalloid
liverwort communities in xerotropical environments experiencing a severe
drought season. On a less regular basis, habitats such as dried-out ponds are
quickly recolonized thanks to the diaspore bank and their survey is often
rewarded by the discovery of many specialized species.
As a result, all habitats cannot be recorded all year-round and some must be
investigated during the appropriate season. During a survey of the bryophytes of
arable land in Britain and Ireland for example, inventorying of the fields occurred
at a time of year when the bryophytes were large enough for most of them to be
identified or, in the rare cases of fields with no bryophytes, at a time of year when
bryophytes would have been identifiable if present. In practice, this meant that
fields were inventoried in the autumn, winter and early spring (Preston et al., in
press).
3.
3.1.

How to record bryophytes?
How to organize the sample plots?

An appropriate sampling methodology is crucial to understanding patterns of
community and taxon diversity at the landscape scale. The type of sampling used
for estimating diversity depends on the organism being studied, how closely that
organism is associated with its substrate, and the nature of the ecological
question (Krebs, 1989). In plant studies, Clements (1905) described methods for
collecting plant species data using plots. Since that time, many variations of
quantitative measurements using plots have been used. The bounded nature of
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plots in relation to a specific sample area allows for quantitative sampling of
species abundance and frequency, and later statistical analysis. This has made
plot sampling a successful method for studying population and community
dynamics in bryophytes and many other groups of plants.
Plots may be organized in a regular fashion, using a systematic grid, or selected
at random. For instance, the combination of a systematic grid of 10 x 10 km,
within which ‘standard relevés’ of 100 m2 are inventoried, has been used for the
standardized mapping of Swiss bryophytes (Urmi et al., 1990). In each ‘relevé’,
all bryophyte species are collected and determined, and voucher specimens are
kept. This approach is most appropriate to identify the commonest species and
assess their frequency and distribution, but may not allow for the recording of
rare species. This is because many bryophyte species exhibit a high specificity to
peculiar meso- and microhabitat conditions; a completely random plot sampling
method is likely to miss important types of variation within the sampling area
unless the intensity of the sampling (i.e. number of plots) is very high. Therefore,
it is appropriate to use a sampling methodology that focuses on mesohabitats as
the sampling unit. Sampling methods aimed at assessing total bryophyte
diversity studies should include all of the potential habitats in an ecosystem. The
method referred to as Floristic Habitat Sampling (hereafter, FHS) uses
mesohabitats as the basic sampling units.
Comparisons of the efficiency of random Plot Sampling (hereafter, PS) and FHS
suggested that the latter captures a greater mean species richness per stands
than PS (Newmaster et al., 2005). Bryophyte diversity estimates compared within
the dominant forest mesohabitat were found to be much greater (i.e. species
richness is 50% higher) when using FHS as compared to PS (Fig. 2). Although it
is not made explicit, and although other data from herbarium records as well as
casual observations are also included, FHS within each square of a systematic
grid of one to several km is basically used in most of the European mapping
programs for example in the UK (Hill et al., 1991-1994), The Netherlands (van
Tooren & Sparrius, 2007), Germany (Meinunger & Schröder, 2007), and Belgium
(Sotiaux et al., 2000; Sotiaux & Vanderpoorten, 2001, 2004).
Usually, all mesohabitats are identified from the analysis of fine-scale
topographic maps. Each mesohabitat is then visited and sampled until no new
species are reported. In some instance, special attention is paid to key-habitats
that are identified on the basis of specific attributes, e.g. the known presence of
rare bryophytes, special topography or soils, or, since the diversity of bryophytes
most often correlates with global biodiversity patterns (Pharo et al., 2000;
Schulze et al., 2004), the known presence of rare taxa.
The time necessary to survey an area depends of course of many factors
including the number and experience of recorders, as well as the extrinsic floristic
quality of the habitats. In Belgium, our experience is that the record of a gridsquare of 4 x 4 km is considered complete, i.e. with no more than approximately
10% of missed species, takes between one (species-poor squares with low
habitat heterogeneity, with approximately 50-60 species/square) and four days
(species-rich squares with high habitat heterogeneity and quality with >150
species/square).
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Fig. 2. Alpha diversity of stands assessed using floristic habitat sampling (FHS including
all mesohabitats) and plot sampling (PS). Cedar hemlock forests are divided into inland
(ICH), coastal mainland (CWH-ML), coastal oceanic (CWH-ISL), and by age classes
(class 4, young = 80 years and class 9, old > 250 years). Error bars represent two
standard errors on either side of the mean (reproduced from Newmaster et al., 2005 with
permission from Blackwell).

3.2.

What size should sample plots have?

The size of the sampling plot depends on the goals that are followed. For
biodiversity inventories, large plots should be favored since species richness
typically increases with sample area (Fig. 3). In a comparative study of bryophyte
forest diversity in Canadian forests, Newmaster et al. (2005) found that the 20 mdiameter plot used in the PS method sampled 314 m2 of forest mesohabitat
resulting in a mean species richness of 35 (± 5) species. Expanding sampling
area to 1000 m2 increased mean species richness by only 18 species.
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Furthermore, species richness steadily increases even after 5000 m2 has been
sampled, increasing mean species richness in the dominant forest mesohabitat
to just over 80 (± 6) species (Fig. 3). Using FHS, the mean species richness
within the dominant forest mesohabitat was 106 (± 9) species. In fact, intensifying
PS or simply sampling large areas using randomly placed plots will not
necessarily include the natural variety in microhabitats. This is because PS within
a mesohabitat will exclude important microhabitats and their respective bryophyte
communities even after sampling unconventionally large sample areas. These
results clearly suggest that the size of the sampling units depends on the
sampling strategy itself, and that, in any case, the size of each sampling unit
should be determined by means of species-area curves. In tropical rain forest,
Gradstein et al. (2003) found that full sampling of 4-5 mature trees may yield 7580% of the tree-inhabiting bryophytes in a forest stand (excluding epiphylls).

Fig. 3. Mesohabitat alpha diversity (species richness) within increasing sample size areas
for 287 temperate rainforest stands (SP = seep, CF = cliff, FS = forest, ST = stream)
(reproduced from Newmaster et al., 2005 with permission from Blackwell).

For the record of rare species, the Area of Occupancy (AOO), which is defined as
the area, calculated by summing up all grid squares with the mesh size of 2 x 2
km that are actually occupied by a taxon, excluding cases of vagrancy, is used by
IUCN as a standard measure for defining species frequency. In the case of
bryophytes, however, it is strongly advisable to decrease the mesh size because
AOO values decline sharply as the scale of measurement reduces, as a result of
the linear and frequently fragmented distribution of the species (Callaghan,
2008).
3.3.

What to measure in each plot?

Depending on the time available and the goals followed, presence-absence or
increasingly complex abundance indices can be used to document the frequency
of each species in each sampling unit. The ‘relevé’ sampling method involves the
attribution, to each species within the plot, of a coefficient of abundancedominance, sometimes associated with a coefficient of sociability (see chapter on
vascular plant recording), which serve to describe the cover of each species on
the ground and its distribution mode, from lose, isolated plants to densely packed
cushions.
In some tropical areas characterized by a very lush and species-rich bryophyte
vegetation, however, this method may not be applicable and alternative
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strategies must be used. One such strategy is to sub-divide each sampling unit
into smaller sub-plots of a few dm², select some at random, perform complete
species lists in each, and assess the frequency of each species across the subplots in each sampling unit. Alternatively, the same procedure of sub-division of
the main sampling unit can follow a systematic scheme. This is, for instance, the
method applied by the Hungarian Bryophyte Monitoring Program (Papp et al.,
2005) for the record of epiphytes. Within each sampling unit, each standing tree
(living or dead) with a diameter of at least 19 cm at breast height is included in
the sampling of epiphytic bryophyte vegetation. The sampling of epiphytic
bryophytes is carried out at three levels: 10 cm (1. level), 70 cm (2. level), 140
cm (3. level) upwards from the base of the tree. A 10 cm wide cylinder is
examined at each level (from the marked level 5-5 cm upward and downward),
where the occurrences of the species are recorded (presence/absence data).
A protocol for rapid and representative sampling of epiphytic bryophytes growing
on bark of trees in tropical rain forest was designed by Gradstein et al. (2003).
Within a core area of one hectare, 5 mature rain forest trees (standing well apart
and differing in bark structure) are sampled from the base to the outer canopy
using the single rope technique (ter Steege & Cornelissen, 1988) or some other
method for sampling of the forest canopy. Species are collected in 4 small plots
within each of 6 height zones, the so-called “Johannson zones” (1: tree base, 2a:
lower trunk, 2b: upper trunk, 3: lower crown, 4: middle crown, 5: outer crown).
Plots in zones 1-3 are 20 x 30 cm and positioned in each cardinal direction, those
on thin branches in zones 5-6 are ca. 60 x 10 cm long and positioned on the
upper and lower surfaces of the branch. For safety reason, plots in zones 4 and 5
are sampled on the ground from cut-off branches.
A protocol for sampling of epiphyllous bryophytes in tropical rain forest was
designed by Lücking & Lücking (1996).
4.

Collecting techniques

Scientific collecting is essential for a number of reasons, including specimen
identification, herbarium collections for taxonomic studies, and, more recently,
constitution of banks of DNA. This is especially true for bryophytes because,
although the larger species can often be named in the field with a 10-20x handlens, many are distinguished based on microscopic characters. Reference
collections of specimens are thus invaluable in the study of bryology, but in order
to obtain useful specimens for research, the correct techniques for collecting and
processing should be employed. It must also be emphasized that, although
bryophyte species rarely legally protected, it is necessary to obtain permits to
collect bryophytes and an export licence if the material is to be taken out of the
country. Herbarium staff can often advise on what is needed, but obtaining
necessary papers and permissions can be a lengthy process, so should be
investigated well in advance.
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4.1.

Packeting

Bryophytes are among the easiest plants to collect (Buck & Thiers, 1996). Since
they lack roots, they can often be readily collected by hand, although some
species closely attached to their substrate will have to be scratched using a knife.
Specimens should be selected to include all the parts of the plant needed for
identification. Sporophytes are often useful, if not necessary, for identification,
and should be searched for. Several mosses from unstable habitats, e.g.
riverbanks, arable fields, have rhizoidal tubers buried in the soil. As these are
often diagnostic, these bryophytes should be collected with 1-3 cm of the
substrate (Whitehouse, 1966; Porley, 2008).
Individual species within a collection should be packed-up separately, so far as
this is possible. It is in fact generally easier when the material is still fresh than
later, when several collections jumbled together in a single packet have to be
separated. The specimens are normally put into envelopes. A standard envelope
can be folded from an A4 paper to be (10-)12 x 14 cm in size (Fig. 4). Particularly
small specimens should be wrapped separately in mini-packets before being put
into normal size packets. If sporophytes or fertile structures are rare, these
should also be placed in mini-packets, but attached to a piece of the
gametophyte to avoid any subsequent confusion. If specimens are very wet, as is
often the case with Sphagnum, they should be gently pressed to remove most of
the water, and packed into a double or treble thickness packets. As for grounddwelling species, it is often more appropriate to keep them in stiff boxes for
transportation and storage to avoid ending up with a mixture of soil particles and
plant fragments.
For collecting of epiphyllous bryophytes in tropical rain forest, whole leaves on
which the epiphylls are growing are collected in new papers in a plant press,
lightly pressed and dried. The epiphyllous species are subsequently sorted, and
leaves cut up, in the laboratory using a dissecting microscope. For collecting of
thalloid liverworts and hornworts it may also be recommendable to dry the
specimens in a plant press instead of in collecting bags, in order to keep them
flat and avoid them from becoming rolled inwards. Pressing of the specimens
should be lightly only, to avoid damage to the plants.
4.2.

How much to collect?

Collecting of specimens for scientific purposes is usually highly selective and
seldom constitutes a real threat to the survival of species. The extinction of
species by a targeted over-collecting has been, however, already documented. It
is difficult to provide exact guidelines since everything depends on species size,
local and overall abundance, etc. As a general rule, collecting enough to fill a 12
x 8 cm packet should be plenty for a robust species. On the other hand, too small
specimens are of no value if there is insufficient material to allow identification
and, perhaps, DNA extraction. In addition, the really important plant in a
collection may not be what the collector actually saw in the field, but some minute
plant sparsely mixed with it, and only discovered later in the laboratory.
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Fig. 4. Folding procedure for packing-up bryophytes.

4.3.

Data and labelling

The information record is similar to that of other plants, and includes habitat
information (for instance, if a species occurs on tree or rock, the tree species or
rock type should be recorded), nature of the surrounding vegetation, elevation,
and locality details, including GPS coordinates. For rare species, information on
population size is often useful but might be difficult to assess in the case of
bryophytes. Indeed, many bryophyte species are highly clonal, and several
gametophytes can develop from a single protonema following the germination of
a single spore.
Thus, what is the entity that best corresponds to discrete individuals like
animals? For practical reasons, a purely pragmatic definition can often be used.
For species that depend on discrete substrate entities (such as tree trunks or
droppings), each substrate entity can be considered to contain one or two
individuals. For bryophyte species growing on ground or rocks, one individual
may be assumed to occupy a surface of 1 m2. However, in some rare cases of
some very small mosses (e.g. the genera Seligeria and Tetrodontium), one
individual might be associated with a surface of 0.1 m2.
4.4.

Drying and processing

The collected specimens should be dried as soon as possible to avoid fungal
damage. In most cases, the packets can be left to air-dry. In wet areas during
extended expeditions, however, drying might become a major issue and
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preoccupation, and the use of a plant dryer can sometimes become necessary
(Frahm & Gradstein, 1986). As liverwort capsules tend open when drying,
releasing their spores, it is recommended that some specimens with capsules be
placed in a small paper envelope before drying together with the rest of the
sample, to ensure that at least some unopened capsules are preserved.
These is no need to give a descriptive account of the plant, as one does
systematically for fungi and sometimes for higher plants, since most bryophyte
species recover their primary appearance upon remoistening. A special care
must, however, be taken with liverworts. Indeed, the identification of many
species relies on the size, shape, number, colour, and distribution of oil bodies,
which are unique organelles among land plants. Because of the volatility of the
oils they contain, oil bodies progressively disappear upon drying in the
laboratory. In some taxa, the process takes only a few hours, so that fresh
material must be studied, whereas in other, oil-bodies last for some years and
can still be studied on herbarium specimens. In any case, it is advisable to take a
micro-photograph of the cells to keep a record of the oil body morphology.
For preservation of DNA, fresh material should be cleaned and quickly air-dried,
and subsequently kept dry. Any moistening of the material must be avoided as
this might lead to degradation of the DNA, making the material unsuitable for
molecular analysis.
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Abstract
The methods applied by botanists and ecologists to record and describe the
constantly changing diversity on earth are as varied as the vegetation and flora
itself. Alongside this the literature covering these methods are numerous and
diverse. The method used in the field is selected on the basis of the study aims,
previous knowledge of geological, ecological and floristic features of the study
area as well as the extent of the fieldwork.
This manual is an overview of methods and a basic introduction, aimed
especially at beginners, to higher plant recording of any study area. It contains
basic aspects of planning, carrying out and documenting an inventory project but
focuses on practical work in the field, designing sample plots and preparation of
herbarium specimens. Theoretical foundations, statistical approaches and
analyses are not covered in this manual. Reference to further reading is not
complete due to the extensive literature covering inventory methods.

Key words: Vascular plants, flora mapping, field work, methods
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1.

Introduction

Flora and vegetation (the species composition and the total plant community at a
defined site) of vascular plants (ferns and spermatophytes) are the most easily
recognizable results of abiotic, biotic and human impacts on the earth’s surface.
Vegetation on earth has an outstanding importance especially in terrestrial
habitats. Plants are important primary producers, providing the basis for the food
web, and habitat for numerous  sometimes highly specialized  animal and
fungal communities. Due to the high value of vegetation as a bio-indicator, it is
possible to use vegetation type to predict the occurrence of other organisms or
abiotic conditions. These characteristics make the accurate inventory of the flora
and vegetation of an area worthwhile for a broad range of issues in basic
ecological and bio-geographical research. Flora and vegetation mapping has
been used in the framework of scientific investigation of taxa, habitats and
ecosystems as well as in the applied sciences for nature conservation and
monitoring programs for round about hundred years.
In view of both the enormous diversity of flora and vegetation and the vast
number of approaches and study objectives in this field of research there are
innumerable methods and field study designs for, e.g., selecting sampling sites,
plot shape and size, recording species, as well as gathering species frequency
and distribution data. Because of this it is difficult or often impossible to
summarise data gathered from the literature and to compare them directly. To
overcome this issue botanists should strive to improve fieldwork standards.
This chapter focuses on the fieldwork needed to carry out inventories and
monitoring of vascular plant taxa. To inventory means recording every single
taxon regardless of whether the taxon name is known to the fieldworker or not.
For this purpose we need a specialised approach, different from those
documented in the bulk of literature dealing with vegetation mapping which focus
on methods to inventory dominant or frequent species or life-forms (e.g., BraunBlanquet, 1964; Ellenberg et al., 1968; Müller-Dombois & Ellenberg, 1974;
Daubenmire, 1968; Barbour et al., 1999; Bonham, 1989; Elzinga et al., 1998).
The first floristic maps, with just 13 grid squares, were produced in the
Netherlands at the beginning of the last century (Goethart & Jongmans, 1902).
Ostenfeld (1931) presented a combination of point and area mapping in
“Danmarks Topografisk-Botaniske Undersögelse”. In the last fifty years, many
mapping projects have been initiated, e.g., the “Atlas of the British Flora” (Perring
& Walters, 1962), the “Mapping of Central Europe”, which uses grid squares of
10’ longitude and 6’ latitude (about 12 x 10 km), (Niklfeld, 1972), or the “Atlas
Florae Europaeae” on the base of 50 x 50 km grids. Over the decades, an
increasing number of publications have focused on methods and standards of
flora and vascular plant diversity mapping (e.g., Niklfeld, 1978; Magurran, 1988;
Wilson, 1988; Soulé & Kohm, 1989; Økland, 1990; Peters & Lovejoy, 1992;
Stohlgren, 1994; Peterson et al., 1995; Dallmeier & Comiskey, 1996; Nusser &
Goebel, 1997; Ashton, 1998; Krebs, 1999; Hill et al., 2005; Rich et al., 2005).
Widely accepted standards for fieldwork techniques for species inventory do not
exist. Only a few studies have investigated the accuracy, efficiency, and validity
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of different methods (see overview in Stohlgren, 2006). The detailed study to
consider standards for mapping and other conservation methods was published
in Germany (Plachter et al., 2002). An outstanding example of a detailed manual
is given by Bergmeier (1992), which is based on 20 years of experience from the
Central European floristic mapping project.
Monitoring of flora and vegetation, usually based on mapping projects, is
becoming more and more important, particularly in the context of increasing
extinction worldwide and accelerating climate change (e.g., Campbell et al.,
2002; Pereia & Cooper, 2006; Cleland et al., 2007; Kull et al., 2008). Monitoring
the biodiversity of an area involves regularly recording data at a site using
defined recording methods. Monitoring studies may be applied at the level of
landscape, ecosystem, species, population or genetic diversity (Noss, 1999) and
provides data to observe long-term changes in plant diversity. A detailed manual
for monitoring standards of endangered vascular plant species in the UK with
many descriptive case studies is provided by JNCC (2004), a general overview
about planning, methods and realisation in Hill et al. (2005).
This manual aims to convey the general principles and basic methods of flora
mapping and monitoring. It is written for students and other beginners in the field
with basic taxonomical and ecological knowledge. We focus on the inventory and
monitoring of biodiversity expressed by the composition of vascular plants
species visible above ground at the time of fieldwork in a given area and
recorded metrics may include species abundance, frequency, and cover. For
practical reasons, the soil seed bank is not taken into consideration. Likewise,
neither the genetic diversity nor the diversity of plant communities are covered in
this manual.
Completing an inventory of vascular plant flora for a region includes several key
activities in the field: recording taxa and related data and making herbarium
specimens. The taxon list should be accompanied by herbarium specimens, as
well as geographical and accurately observed ecological data from the site and
metadata (collector’s name, institution, expedition, ...).
2.
2.1.

Inventory of vascular plant taxa
General comments

When beginning fieldwork planning one should bear in mind the why this work is
proposed. The following questions of particular importance should be addressed:
How large is the study area? Which infraspecific taxonomic levels ought to be
considered, i.e., should subspecies, varieties, and microspecies be recorded?
How much time and what personnel resources are available? What monitoring
intervals are needed?
The sampling strategy depends on the questions posed above. In fact, one must
consider if it is feasible to explore the whole area or whether representative
sample plots within the investigation area or transects along ecological gradients
are necessary to sufficiently survey the flora. How many sample plots are needed
and where should they be located? What is the best plot size and shape? What
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additional environmental data should be recorded and what methods are to be
applied for this purpose? Are there locals who know the area and are willing to
provide support?
Several factors increase the likelihood of a complete inventory. These include
smaller and more homogeneous investigation areas or sample plots, the
experience of the observer, the amount of sampling and the time invested.
Collection permit
All fieldwork, visits to conservation areas, and collections must be made legally.
If you work in protected areas or need to collect endangered or protected plants
do not forget to ask the responsible authorities for the collecting permission.

2.2.

Investigation season

In most cases it is not feasible to completely inventory all plant species in a
single excursion. In fact, for a full inventory of the vascular plant flora it is crucial
to consider the different phenological aspects of the flora during the growing
season. For instance, geophytes are often underrepresented in mapping projects
because they appear mainly either before or after the main growing season.
Therefore, selecting the time of fieldwork is an important issue. If only one visit to
the study area is possible, it is obvious that this should take place at the peak of
the growing season when most species are in flower (‘peak phenology’) so as to
observe as many species as possible and to collect a maximum amount of data.
To also find species which are only recognizable in early Spring or in late
Autumn, several visits are crucial. As a rule, it can be stated that an area should
be visited at least two times, e.g., in the lowlands of Northern and Central Europe
the best time for surveying the flora is in Spring and Summer, in the
Mediterranean region in early Winter and late Spring, in tropical regions prior to
and immediately after the rainy season. The timing of fieldwork is further
dependent on the sea level of the investigation area, on predominant habitats, on
the substrate, and on the local (micro)climate.
Knowledge of local experts and the study of literature and herbarium vouchers
help to choose the best time, but be aware of overall weather conditions in the
year when the investigation takes place. The weather influences highly the
phenology of plants (e.g., Pfeifer, 1996). Very hot weather accelerates the growth
and flowering of plants and cold weather may retard growth by up to four weeks
or more. In deserts, the majority of vascular plants are annuals which germinate
and flower only after rainfall. Precipitation, and thus these annuals, may not
occur for several consecutive years.
2.3.

Fieldwork design

Once the aim of the fieldwork and the target area has been chosen, the method
of recording data must be selected. There is no method, which is suited to every
inventory or investigation region so the influence of the chosen method of sample
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design, e.g., the size of grids or the size, position and even the shape of sample
plots (Keeley & Fotheringham, 2005) on results should be remembered.
It must be emphasized that searching, recording, and mapping taxa in a given
area or region is distinct from qualitative vegetation analysis where a subjective,
rather than a non-random or systematic, selection may be regarded as
problematic (Daubenmire, 1968; Müller-Dombois & Ellenberg, 1974). In fact, in
order to record all species, including the rarest, the selection of sample sites and
transects, respectively, should not be done in a systematic or random way, but
should be adapted to the heterogeneity of the terrain and the types of vegetation,
respectively. Furthermore, a complete inventory requires careful attention to all
microhabitats and transitions of plant communities. To record a maximum
percentage of taxa in an area, all vegetation types and especially habitat borders
should be visited: e.g. dunes, shingles, cliffs, inland surface waters, mires, bogs,
fens, grasslands, forb vegetation, scrubs, heaths, woodland, forests, ruderal
places, agricultural and artificial habitats. Tree falls are valuable sources of
branches with leaves, flowers, and fruits as well as epiphytic and liana vegetation
which are usually not easily accessible.
The flora of a small region may be surveyed completely by covering the whole
area and surveying all taxa within this area. Larger areas are usually divided into
grids, the flora of each grid being surveyed separately (see below). In the case
that an area is too large for a complete exploration or else if personal, temporal
or financial resources are too scarce, sample plots are assumed to represent the
flora of the whole region. Before fieldwork takes place it must be decided whether
and how many single scale plots, transects or nested multiscale plots are
chosen. The number of plots necessary to record plant diversity most accurately
strongly depends on the diversity of habitats and on the homogeneity of
vegetation and must be defined in view of including all habitats and may include
replications. As a rule, one has to find the balance between the completeness of
the taxa inventory and time- and cost-efficiency. For benefits and drawbacks of
several field methods see Rich et al. (2005) and Stohlgren (2006), for the tropics
in particular Dallmeier (1992) or Jermy & Chapman (2002).
Data should be collected in a way that is traceable in the study area years later
and fit for monitoring purposes. In order to increase efficiency and to allow
accurate replications of methods fieldtrips should be well documented, e.g., the
number and experience of the staff involved, the time spent in the field and
logistics of the fieldwork. Photographs of the sites may be helpful for monitoring
purposes, provided that they contain permanent field markers, e.g. trees,
buildings, prominent rock formations, in such a way as to easily understand the
position of the photographer. Alternatively or in addition, the position of the
photographer as well as the direction of the shooting should be recorded. The
scale of maps used in the field should be at least 1:50.000, optimally 1:25.000
and in large areas with a homogenous flora maximally 1:100.000.
When selecting sample plots one should consider also the susceptibility of the
terrain to trampling damage caused by fieldwork. If such damages are expected,
access must be limited. As to the sensitivity of habitats in general, an appeal is
made to common sense.
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2.3.1.

Flora mapping of grid cells

A widespread method for surveying plant diversity in a region is constituted by
the flora mapping of grid cells whose size and position is given by the mapping
project or conform to the grids used in the region (e.g., UTM, ‘quadrants’). Grid
cells are either explored exhaustively or the flora of each cell is recorded in a
representative manner by means of excursions following a fixed pathway. The
results for each region and grid cell, respectively, are shown in the form of a
checklist. Mapping grid cells is highly recommended. In fact, since all cells have
to be explored regardless of possible logistical obstacles or the mappers’
laziness, this kind of mapping provides a differentiated picture of the distribution
of species in the study area. It is recommended that the investigation area is
divided into grid cells which can be investigated within a day or half a day.
2.3.2.

Single sample plots

Generally, the size and number of sample plots has to be adapted to the given
vegetation. Several methods are available to determine the minimum size of a
plot for recording a pre-assigned (high) percentage of species in different
vegetation types. Best known is the ‘minimum area’ method used in
phytosociology. It has fundamentally influenced the determination of sample-plot
size (see bibliography of Tüxen, 1970; Barkman, 1989; Dietvorst et al., 1982).
Other, similar methods include the calculation of species accumulation curves
(e.g., Fisher et al., 1943; Barbour et al., 1980; Palmer, 1990; Palmer et al., 1991;
Elzinga et al. 1998; see also the discussion in Chong & Stohlgren 2007, Hui
2008; Gray et al., 2004a, b; Keeley, 2003; Scheiner, 2003, 2004) but in the
context of the fieldwork they seem rather elaborate and time consuming.
Furthermore, they do not necessarily account for the presence of rare species
sufficiently. Therefore, it is preferred to use empirical values which are applicable
in the field (Table 1). However, in regions with an estimated rich but unknown
flora, plot size determination by means of statistical methods is highly
recommended. The plots were measured off in the field using tape and marked
with ground stakes, coloured bands and/or small flags.
2.3.3.

Transects

The transect method is recommended for large areas with one or more
ecological gradient e.g., humidity, sun exposition, edaphic conditions or altitude.
To inventory for all taxa, all vegetation types must be considered. To set a
transect means to define a plot, usually of a (long) rectangle shape, within an
area comprising the ecological gradients. By doing so, the maximum range of
habitat and species diversity can be covered within a minimum space and with a
minimum of resources. Transect length and width largely depend on the size of
the investigation area. If a transect is large, sample plots may be defined within
the transect at regular distances. Transect sample distances will depend on
vegetation uniformity and the overall transect size.
Vegetation types outside but in the immediate vicinity of the transect should also
be investigated for new taxa but the records kept separately. For a usable
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transect method in tropical forests along a precipitation and latitudinal gradient
see, e.g., Gentry (1982, 1995) or Clinebell et al. (1995).
Müller-Dombois &
Ellenberg (1974)

Dierschke (1994)

Rock vegetation, spring
meadow vegetation,

up to 5 m²

Fens, pioneer lawn, and
pastures

up to 10 m²

Herbs

1-2 m²

Coast dunes, wet and dry
meadows, mountain meadows,
heath, bulky sedges
Dry-grassland

10-25 m²

50-100 m²

Weed and ruderal vegetation,
scrubs, rocky meadows

25-100 m²

Tall herbs-low shrubs

10-25 m²

Tall shrubs

16 m²

Large plants/trees/forest

200-500 m²

>100 - >1000 m²

Forest understory only

50-200 m²

100-200 m²

Table 1. Adequate single plot sizes for flora and vegetation analyses.

2.3.4.

Multiscale plots

Instead of using several smaller sample plots or few large transects, multiscale
plots as overlaying nested quadrats of increasing size (e.g., Müller-Dombois &
Ellenberg, 1974; Barnett & Stohlgren, 2003) can be used. Among them, the
modified Whittaker plot (Whittaker, 1977; Shmida, 1984; Stohlgren et al., 1995)
has proven itself in practice. The modified Whittaker plot is a combination of one
1000 m² plot containing subplots of several sizes (Fig. 1). While the flora of the
smaller plots is recorded exhaustively, less extensive systematic surveys are
carried out in the larger plots. This design has been increasingly applied in the
last years for the calculation of plant diversity (e.g., Keeley et al., 1995;
Bellehumeur & Legendre, 1998; Carrington & Keeley, 1999; Brown & Peet, 2003;
Byers & Noonberg, 2003; Bruno et al., 2004; Fridley et al., 2004; Davies et al.,
2005). Multiscale-sampling is more labour- and cost-intensive but it allows
estimates of species richness and plant diversity patterns to be made. This
approach is based on the assumption that patterns of plant diversity can be
calculated only on the basis of multiscale sample plots (Shmida, 1984). It is
particularly helpful if the collected data is statistically evaluated (e.g., for
extrapolating species richness or total diversity) and allows diverse plant
communities to be compared.
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Fig. 1. An example for a modified Whittaker (Shmida, 1984; Stohlgren et al., 1995) plot.

2.3.5.

‘Tips and Hints’

For larger, complex areas it is recommended that several fieldtrips are
undertaken during different seasons and that each utilises several plot-basedsampling techniques to record a high percentage of the vascular plant flora for
checklists and to monitor plant diversity as accurately as possible.
Research can benefit from studying geological maps, biotope maps or high
resolution satellite images prior to fieldwork. In fact, this will facilitate the efficient
planning and implementation of fieldwork. Possible barriers and dangers in the
field, like steep slopes, insurmountable streams or fens (as well as the possible
appearance of wild animals) should be identified in the planning phase.
For monitoring plots it is helpful to mark the edges and the centre of each plot
with magnets in order to localise the plot later by means of special detectors.
Since magnets, particularly when buried several cm into the soil, may get lost, it
is recommended that the plots are marked on a map and their coordinates
recorded.
2.4.

Taxa Recording

To inventory vascular plant taxa is to record all visible taxa  vegetative plants,
bloomy plants as well as plants with fruits  by searching the whole area or
representative plots for the purpose of compiling or verifying a checklist. A
complete inventory includes, of course, not only dominant and frequent species
but also rare and inconspicuous ones. In fact, these can make up half of the taxa
in a region (Stohlgren et al., 2000) yet are often only recorded after systematic,
targeted and time-consuming surveys.
In the field, all plant taxa are to be noted with scientific names. Taxonomy (and
preferably also nomenclature) should refer to a widely accepted modern (local)
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flora. Exceptions, e.g., if detected species are not (yet) treated in the reference
flora or if the field worker adheres to another species concept, should also be
documented. Herbarium specimens should be collected for at least those taxa
that are: (i) new to the region, (ii) indicated as doubtful, (iii) belonging to
taxonomically critical groups (see below). If resources allow, all taxa should be
documented by at least one herbarium specimen (see below).
With a few exceptions, e.g., in species-poor habitats with short growing seasons,
a species inventory in a certain place and time is hardly ever complete, even
when carried out by experienced botanists, and always represents a snap-shot in
time. This is because species show different phenology and because the species
composition of almost every habitat is subject to ongoing changes. Competent
surveyors add significantly to the likelihood of a complete species list as do small
survey areas and amply time available for the fieldwork. Likewise, consulting
regional floras prior to the fieldwork will give an estimate of the species number
to be expected, and provide a comparative list to evaluate the field results
against. Statistical methods for evaluating the completeness of the taxa inventory
are provided by, e.g., Heltshe & Forrester (1983), Miller & Wiegert (1989),
Palmer (1990), Palmer et al. (1991).
2.4.1.

Providing additional data and metadata

The quality of biodiversity data depends on the calibre and quantity of additional
data and metadata provided. Parameters include constant ones, among them
mainly geographic data (see above), as well as those which are to be recorded at
each collecting date and which have a considerable impact on long-term
changes in plant diversity: biotic data concerning, e.g., phenology or herbivory,
and abiotic data concerning disturbances caused by extreme atmospheric
conditions, fire, windstorms, geological processes or human impact. This is also
important for monitoring. The dynamics of the populations in an area can be
observed in detail over the period of monitoring more effectively if larger numbers
of parameters are recorded, e.g., size, extent and vitality or fitness of the
population.
Record additional data separately for each region / subregion / plot / transect in a
fieldbook (notebook) or on a passport data form. The documentation should
include (see also methods and standards on georeferencing):


Name and address or institution of the field workers.



Collecting date.



Location (country, nearest city or landmark described with cardinal direction),
exact position and altitude of a record using a map or a Geographical
Positioning System (GPS). Reference must be made to the map projection
and geodetic datum. Avoid local terms and hints for landmarks and sites
which are only known to people who know the locality.



Ecological conditions (e.g., edaphic conditions, gradient, cardinal direction,
trophic level).
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Habitat type (e.g., EUNIS classification), vegetation type, and human use or
impact as well as predominant or characteristic species.



Population size, vitality.

The size of a plant population (i.e. all individuals of a species in a region at the
same time) which should be recorded wherever possible is highly influenced by
environmental conditions, dispersal barriers, and specific breeding system. It is
sometimes difficult or even impossible to define and delimit a population; the
same holds true for an individual (e.g., Silvertown & Charlesworth, 2001; Gibson,
2002; Crawley, 1997; Gurevtich et al., 2003).
Frequently, an exact description of population size makes sense only for clearly
delimited populations such as species occurring e.g. in small patches of dry
grassland, clearings in forests and small raised bogs. The size of a delimited
population can be determined by counting or measuring the individuals, visible
shoots or the area covered.
In the field, a practicable procedure is recommended and the frequency of the
species in the investigation area at least should be assessed through proxy
measures such as the number of individuals in samples, individual abundance,
the area or through a combination of these i.e. the ‘cover-abundance’
(‘Artmächtigkeit’) in a sample plot. The disadvantage of estimated values is that
they do not represent exact measured data and may differ between field workers.
However, experience has shown that they have merit for the description of the
flora and vegetation of a region.
2.4.1.1. Distribution in the investigation area
The area covered by a population may serve as the base for monitoring species
and populations (Jones, 1998; Brzosko, 2003), and should, in case of small
populations and rare species, be estimated as accurate as possible. In the case
of larger populations it is useful to map their boundaries if possible, preferably
with the help of high resolution satellite or aerial images.
2.4.1.2. Abundance
Recording abundance (i.e. the number of individuals of a taxon in a given area)
of all species occurring in the investigation area, wherever possible, is
recommended. Abundance is a common parameter used to monitor rare plants
and small areas. One must bear in mind, however, that recording abundance is
often a difficult task insofar as it is sometimes difficult or even impossible to
determine what an individual is. In fact, while individuals can easily be
recognized in annual or biannual herbs or trees with one stem, this is difficult or
impossible in clonal plants. In practice, it has proven useful to refer to shoots and
leaf rosettes when counting ‘individuals’ of clonal, non-flowering or non-fruiting
plants. Generally, the abundance of a taxon is recorded through rough estimation
of individuals per investigation site, using a logarithmic scale as shown in the
example in Table 2 (see also discussion in Barkman et al., 1964). An alternative
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is to use simple descriptor such as ‘rare’ or ‘frequent’ which at least give
information about the representation of the species in the field.
Abundance class

Abundance in the investigated area / sample plot

1

one individual (very rare)

2

2-10 individuals (rare)

3

11-100 individuals (common)

4

101-1000 individuals (frequent)

5

> 1000 individuals (very frequent)

Table 2. Scale for rough estimation of abundance in a given investigation area or sample
plot.

2.4.1.3. Cover
The amount to which plants of a species, seen from the ground (surface), cover a
specific area of ground is called ‘cover’. It is often easier to assess cover than
abundance, as individuals do not have to be delimited. Estimating cover is
particularly useful when dealing with stoloniferous species, among them many
Poaceae and Cyperaceae. A frequently used scale for cover estimation (see also
Barkman et al., 1964; Braun-Blanquet, 1964) is shown in Table 3.

Cover classes

Range

Midpoint

1

0-5%

2.5%

2

5-10%

7.5%

3

10-25%

17.5%

4

25-50%

37.5%

5

50-75%

62.5%

6

75-100%

87.5%

Table 3. Scale for estimation of cover.

Combined abundance / cover scale
When dealing with small plots, particularly in the framework of monitoring
selected rare and endangered species or habitats, a vegetation relevé is
recommended using the Braun-Blanquet’s cover-abundance scale (BraunBlanquet, 1964) modified in the lower scale range by Reichelt & Wilmanns (1973)
(Table 4). This is particularly recommended in regions where phytosociological
studies, including a syntaxonomical system, have already been carried out. The
vegetation relevé requires records to be taken in a specific and comparable
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manner. The required records include the flora of the sample plot, the number of
individuals (if feasible, see discussion above) and species cover. Furthermore,
the method also provides a phytosociological survey. Relevés must correspond
to the current phytosociological practice, i.e., they must be based on
homogeneous and sufficiently large areas.

combined abundance/cover
classes (Artmächtigkeit)

scale

number of individuals

r

1

+

very few

1

0-5 %

variable

1m or 2m

<5%

> 100

2a

5-12,5 %

variable

2b

12,5-25 %

variable

3

25-50 %

variable

4

50-75 %

variable

5

75100 %

variable

Table 4. Cover-abundance scale (according to Reichelt & Wilmanns, 1973;
Dierschke,1994).

2.4.2.

Fitness Parameter

Besides data regarding size and distribution, information concerning the fitness
may provide valuable hints about the status of the population. In the framework
of mapping projects it is advisable to take into consideration parameters which
can be ascertained quickly and easily, for example (approximate) mean height of
plants, leaf size (Jones, 1998) or the proportion of flowering and fruiting plants. If
monitoring includes revisiting individuals, these need to be adequate marked.
Use for example rustproof metal tags fixed to a bar in the ground or fixed on
branches. In addition, geo-data must be recorded. Many fitness parameters
require time-consuming recording techniques and are generally used only in
special monitoring projects. Such parameters include, e.g., leaf size, number of
seeds or fruit sets, number of seeds per fruit, germination rate, biomass,
development of leaf rosettes and number of flowers (e.g., Brzosko, 2003; Vitt &
Havens, 2004; Willi & Fischer, 2005; Janečková et al., 2006).
2.4.3.

‘Tips and Hints’

In the field, it is convenient to mark off the observed taxa directly in a checklist of
all taxa known from the region. Lists of critical taxa combined with knowledge
from local experts point the fieldworker’s attention to these taxa. Special
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seasonal lists or marking checklists for, e.g., Spring taxa, helps mapping in the
beginning of the vegetation period.
If using a checklist to mark the species directly in the field, use one list for each
grid, transect or sample plot, respectively. Before switching over to other
vegetation types or new areas (e.g., new grid, plot or transect) check carefully
the edge of habitats, microhabitats like rocks, and inaccessible sites like the
understory of (thorny) shrubs or nettle plants for tiny, prostrate species.
Record all data instantly in the field! After a long collecting trip it is impossible to
remember all details.
A passport (collecting) data form is included in the appendix. It can be adapted to
personal needs. Checklists and passport forms used for fieldwork should not be
copied on white but on coloured or grey recycled paper, because white paper is
strongly reflective on sunny days. When getting wet, absorbent paper dries faster
than ordinary paper. Leave some blank lines in the fieldbook or data form
between two collection notes for additional observations and comments. Bear in
mind that someone else might need to read your personal comments, therefore,
write legibly using a soft pencil or pen with water resistant ink and avoid any kind
of (personal) abbreviation. Once lost in the field coloured notebooks and pens
are easier to recover in dense vegetation! Finally, don’t forget to backup all your
field notes by photocopying the field notebook or the passport sheets as soon as
possible.
The use of a dictation machine can be very helpful, especially in bad weather.
2.5.

Making herbarium specimens

For species inventory and monitoring in particular, the collection of herbarium
specimens is necessary to check field identification, especially when dealing with
critical taxa. The high value of herbarium specimens as the basic of botanical
research (taxonomy, morphology, phylogeny, ecology, phytosociology, ...) cannot
be overemphasized.
In most herbaria, rare taxa (often from only a few well known localities!) are
overrepresented, whereas common species are represented by only a few
specimens. In order to set up a representative collection in herbaria, however, it
is necessary to collect material from frequent and common taxa as well as from
infrequent and rare taxa. The value of a herbarium voucher increases
significantly with the collector’s accuracy when choosing, collecting, pressing,
arranging and documenting the voucher. The basic techniques of this procedure
are the subject of the next paragraph. For a further in-depth study we refer to
literature which offers a comprehensive introduction into the issue (e.g., Savile,
1964; Radford et al., 1974; Jain & Rao, 1977; Cullen, 1984; Lot & Chiang, 1986;
Vogel, 1987; Stace, 1989; Walters & Keil, 1996; Bridson & Forman, 2004;
Linnartz, 2007).
Numerous plant groups require special collecting techniques. Among these
groups are succulent or fleshy plants (e.g., Fosberg & Sachet, 1965; Jain & Rao,
1977; Leuenberger, 1982), aquatic plants (Taylor, 1977; Lot, 1986; Haynes,
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1984; Rayna-Roques, 1980), Araceae (Nicolson, 1965; Croat, 1985),
Balsaminaceae (Grey-Wilson, 1980), Bromeliaceae (Aguirre León, 1986),
Bambusoideae (McClure, 1965; Soderstrom & Young, 1983), Lentibulariaceae
(Taylor, 1977), Musaceae (Fosberg & Sachet, 1965), Palmae (Balick, 1989;
Dransfield, 1986), Pandanaceae (Stone, 1983), Pteridophyta (Holttum, 1957;
Henty, 1976), and Zingiberaceae (Burtt & Smith, 1976).
Beginners and students are urged to visit a herbarium prior to fieldwork. By doing
so they may acquaint themselves with the most important features of a
herbarium.
2.5.1.

Collecting

When collecting herbarium specimens in the field, select individuals
representative in size, morphology and colour. Plants should be as complete as
possible and include inflorescences, fruits and seeds, as well as all types of
leaves (small and large, young and older leaves, ground and stem leaves,
rosette leaves, bracts), especially in heterophyllous species, and roots or
rhizomes, respectively. Be aware that organs (especially rhizomes) may be cut or
broken and thus overlooked easily when digging the plant. Further, keep in mind
that some species are dioecious and should be represented in the herbarium by
both female and male plants. All other features important for species
determination that cannot be drawn from the herbarium specimen, such as stem
characters, bark structure and life form, ought to be noted in the field book or the
data sheet. Record colours and scents of flowers and leaves, if noteworthy, since
these features may vanish or change during pressing or over time. Additionally,
photographs of such details may be attached to the herbarium sheet. Avoid
collecting untypical small plants solely because they fit the herbarium sheet size.
Try to make them fit by using adequate techniques (see below).
When encountering populations which include only a single or few individuals no
complete plants must be harvested. The same holds true for very rare and
endangered species. If absolutely essential, take a small part of one plant which
shows all morphological features necessary for a correct determination. In any
case, take photographs of all important details.
If you collect more than one specimen, these should cover the morphological
variation within the population. Collect, if possible, plant material enough to
produce at least three specimens: one for an institution of the country of origin,
one for the species identifier as ‘reward for determination’ and one for your
institution. The locations of the duplicates should be documented.
Each specimen should be provided with a unique collection number, i.e. a
number which, in combination with the collector’s name, unambiguously identifies
a specimen. This number can be attached to the specimen with a fixed tag (e.g.,
jeweller’s tag), labelled with pencil or water resistant ink. Use a serial number
sequence which allows for unambiguous identification of all specimens (e.g.,
Smith, 2340). Prepared tags with running numbers can help handling the
vouchers. Numbers of the specimens and pictures, geo-data and detailed
documentation must be noted on the collecting sheet or in the field notebook.
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Plant samples can be stored in plastic bags or pressed immediately in the field.
The advantage of pressing in the field is that the specimens maintain their shape
to such an extent that, after the field trip, the position of flowers, stems and
leaves can be arranged and corrected without difficulties before drying the
specimen. Many taxa (e.g., species of Linum, Cistus, Hibiscus, Impatiens) have
flowers or leaves too delicate to be stored in plastic bags. Specimens of these
taxa are best pressed immediately, and some of their flowers put into spirit (see
below). To protect delicate flowers, press them in kitchen paper or toilet tissue,
this should not be removed until the flowers are completely dry. For the field
press, use a DIN A3 or A4 portfolio or two lightweight boards filled with
newspaper and a few corrugated cardboards. If plastic bags are used for
collecting, use separate bags for small plants and others for large, heavy plants.
You can delay wilting by increasing humidity within the bag: put some water in
the bag, close it, shake it and remove the surplus of water; too much water may
lead to the collapse of flowers and leaves. Transport water plants in water.
Sometimes it is necessary or helpful to put collected plants or parts into chemical
fixatives (e.g., Tomlinson, 1965). Normally, 70% alcohol is used (in emergencies
high proof spirits (e.g., Vodka, Gin, Rum) can be used as a substitute), optionally
with a few drops of glycerine. Also common are mixtures of alcohol and glacial
ethanoic acid at a ratio of 18:1 (AA) or mixtures of alcohol, formalin and glacial
ethanoic acid at a ratio of 18:1:1 (FAA). After the fixation for 2-3 days in AA or
FAA, the samples are transferred to 70% ethanol for storage.
In this way, delicate and tender floral characteristics relevant for a correct
identification can be preserved. This is particularly important for taxa in the
Aristolochiaceae,
Asclepiadaceae,
Balsaminaceae,
Begoniaceae,
Commelinaceae,
Gesneriaceae,
Lentibulariaceae,
Orchidaceae,
Orobanchaceae, Passifloraceae, and Portulacaceae. In case of tender water
species plants may be fixed as a whole, in case of Gymnospermae with easily
dropping needles (e.g., Picea, Tsuga) whole branches may be fixed.
The hermetically sealed tubes or bottles with the fixed plants should be labelled
(small labels, pencil!) inside and outside, and the cap of the container should
additionally be wrapped in Parafilm.
When collecting herbarium specimens, it is easy to collect silica gel samples for
DNA-banks or/and seeds simultaneously (ENSCONET, 2009).
2.5.2.

Pressing

Place each specimen in a newspaper sheet or between very thin, yet strong
absorbent paper and arrange it as carefully as possible. Spread the leaves in
such a way as to not cover the stem, flower and fruits. Leaves should overlap as
little as possible. Reverse at least one leaf, in order to make both sides visible
when the specimen is mounted on a herbarium sheet. Ensure all leaves are
smoothly pressed. Make sure that flowers are arranged in different positions so
as to make visible the calyx, stamens and carpel. Divide the flowers or cut dense
inflorescences, like the capitulum of Asteraceae, in order to reveal hidden bracts.
In the same way cut large fruits or thick stems.
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Overlapped parts of the plant should be separated with tissue paper. If branches
are too thick leaves and flowers get pressed insufficiently and become wizened.
In such cases the empty space between (thinner) organs and hardboard may be
filled with tissue paper so that all plant parts undergo the same pressure. If the
plant is too big to fit into the press, fold the stem and big leaves, or divide the
plant and press the single parts in different folders.
Palm leaves should be cut round the hastula, i.e. the leaf base, which is
important for species identification, and further features of the palm leaves like
size or the position of the inflorescence should be noted. Leaves of big ferns
should be divided: press apical, mid and basal parts, and the petiole separately.
Note the arrangement of the pinnae and the leaf size (Holttum, 1957; Henty,
1976).
Succulent and fleshy plants need a special pressing and drying procedure. Cut
the plants and kill them by putting the parts either into boiling water, in the
microwave or in alcohol (Fosberg & Sachet, 1965; Leuenberger, 1982;
Womersley, 1981).
Aquatic plants need a special treatment, too (Taylor, 1977; Lot, 1986; RaynaRoques, 1989). Arrange them on a paper floating in a tub filled with water, the
paper being of the same size of the definite herbarium sheet. After the
arrangement pour the water slowly and carefully out of the tub. The plant will
remain attached to the paper sheet and is ready to undergo the regular drying
procedure (see above).

Fig. 2. Simple equipment for pressing plants: plywood pieces or metal frames for the
outsides of the press, absorbent paper, corrugated cardboard, and lashing straps.
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Fig. 3. Plant press, with specimens in newspaper sheets between corrugated cardboard.

Between the papers with the specimen, put blotting paper or corrugated
cardboard. Place this stack between two light boards with holes for better drying
and clamp it securely with two or three straps (Figs 2 & 3).
2.5.3.

The Alcohol or ‘Schweinfurth’ press

Sometimes, especially in the Tropics, drying equipment is not available. In such
cases the use of the alcohol press (Womersley, 1981) is recommended. To
conserve your collection with alcohol, bundle the newspaper with the specimen
and put it into leak proof plastic bags. Make sure that the specimens are labelled
with alcohol resistant ink (black china) or a soft pencil. For a pack with a high of
20 cm you need about 1 litre of 50-70% ethanol or isopropanol. Pour alcohol into
the bag, turn the bag several times to disperse the alcohol and store the bundle
in a horizontal position. Turn it every day until the bundle is completely saturated
with alcohol. Avoid too much solution: the bundle must be completely moist, but
not wet. After arriving in the lab or herbarium, dry the specimens in a drying oven
as if they were fresh material. Treating the press with highly toxic formalin
solutions should be avoided for environmental reasons.
The advantage of this method is that the specimens are protected against mould,
but there are several disadvantages: the plants loose their colour, the specimen
becomes brittle and it cannot be used as a source of DNA.
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2.5.4.

Drying

The faster the drying process the better the specimen will be conserved. Keep
the press in a well aired warm place; if possible, expose it to the sun. If no drying
sets are available, the drying paper or corrugated cardboard layered between the
specimens need to be replaced every day within the first couple of days
(depending on the plant material). At the first change, the correct arrangement of
the whole plant must be checked, especially when dealing with delicate flowers
and leaves. If the plants are very wet, replace the drying paper after three to four
hours. Later, changing the paper is only necessary every second or third day
until the specimens are completely dry. Coriaceous leaves need a lot of time to
dry and may appear dried though still wet. To test whether they are dry bend the
leaves carefully: if they are still twistable leave them in the press to continue
drying.
Under humid conditions as in the tropics a drying set is recommended. Such a
set is based upon air-drying forced by a fan heater or other heat sources. The
warm air is conducted through the plant press, thereby drying the plant material.
Botanists have competed with each other to invent (funny) drying constructions
by using various heat sources like charcoal, light bulbs, kerosene or propane
(which doesn’t work in high altitudes due to the low oxygen content of the air!).
However, exaggerated heating is to be avoided to preserve colours and to
prevent browning of plant tissue (Camp, 1946; Allard, 1951).

Fig. 4. Drying set with an electric heater and a funnel of fire resistant canvas.

We suggest a simple and cheap technique by using a small electric heater.
Wherever electricity is available this is a safe and quick way to dry plants.
Connect the heater and the press with a funnel of fire resistant textile, e.g.
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canvas which you can sew in the exact size of heater and press (Fig. 4). Put up
to four newspaper folders containing the specimens between two corrugated
boards. Piled in this way, the whole pack can be dried overnight. Pay attention
that the corrugated cardboard is arranged longitudinally to the airflow and metal
framed plant presses are not used.
It is also possible to dry plants with an iron by wrapping them in highly absorbent
drying paper and ironing with low temperature and moderate pressure. Replace
the paper when it becomes moist. Ironing with temperatures of around 30°C (but
not more!) permits drying of delicate flowers and preserves colours. It is not
recommendable to use an oven for plant drying because in an oven there is no
exchange of air. If an oven is the only source of heat, make sure that the warm
air flows through the corrugated cardboards.
If external heat sources are not available, silica gel may be used for plant drying
instead. For that purpose the press, which should not be too huge, is put into an
air permeable fabric bag. The bag is then placed together with silica gel inside an
airtight plastic bag. The silica gel will have to be changed more often if the plants
are very wet or there is only a small volume of silica gel. Indicator silica gel which
changes colour when saturated with water is recommended. Silica gel can be
dried in an oven and used repeatedly.
If drying systems provided with external heat sources are used, be aware of fire,
especially when handling specimens conserved in alcohol! Inside of buildings do
not forget to install a fire alarm in your room.
2.5.5.

Herbarium sheets

Each specimen is provided with a herbarium label containing at least the
following standard information: collection site including exact description of the
locality (state, province, district, toponym), coordinates, altitude and information
regarding the habitat (e.g. surrounding vegetation); the collector’s name;
collection date. At best, additional information may appear on the label for
example the chorological status (if known or estimable) or noteworthy
observations regarding e.g. population size, threat, …
Usually specimens are mounted on a white cardboard paper by means of
gummed paper stripes or glue from hot-glue guns. Seeds and other small broken
plant parts are normally stored in paper capsules which are attached to the
herbarium sheet. As each large big herbarium has its own standards and
methods of moulting this topic will not be covered further in this manual. See
special literature (e.g., Bridson & Forman, 2004; Liesner, 2009) and study label
examples (Fig. 5) for that purpose.
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Fig. 5. Examples of herbarium specimen labels.

2.5.6.

‘Tips and Hints’

Be aware of poisonous species, or plants with stinging hairs, thorns and prickles
especially if you are not familiar with the regional flora, e.g. in the tropics!
Collect only as many plants as you can process in a day! A collection of a few
well documented and preserved specimens is far more useful than a large
quantity of bad and fragmentary specimens with incomplete and doubtful
documentation. If it is not possible to press all plants collected in a day, store
robust plants e.g., succulent or lauriphyllous species in a cool moist place (e.g. in
the fridge) overnight.
Supply yourself with newspaper whenever possible, i.e. before and during the
field trip. The quantity of paper required is considerable!
Any kind of transport represents a serious risk of damaging the collected plant
material. Wrap specimen bundles tightly to prevent mechanical damage, e.g.
during postage. In case of long-distance shipping a treatment with insecticides
may be necessary.
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After the drying procedure it is recommended that the collected plant material is
put in a freezer for three days at least to kill insects (including all their
developmental stages) and to avoid contamination to other collections.
3.

Conclusions

Recording all higher plant species of a given region is a complex task, which
ought to be planned carefully. Even when satisfying scientific criteria during field
work, we must bear in mind that the results of our survey always reflect reality
only for a given moment in time.
The first thing to do, when carrying out a taxa inventory, is to gain a general idea
of the study area and check whether any floristic data is already available. The
recording itself may be accomplished either through a complete survey over the
whole area or through a survey of representative plots and results in a species
list. Providing additional, population specific and ecological data with the species
list increases the value of the final checklist. As does an accompanying collection
of representative herbarium specimens. Fieldwork should be well documented.
The more (detailed) data are recorded the more valuable and significant they are
and the greater the solid base for subsequent monitoring projects. It appears
more reasonable to survey the flora of a limited (small) area by providing
comprehensive and detailed data rather than to deal with a large area by yielding
incomplete and poorly documented results.
Observing nature attentively in the field means, on the one hand, learning to
understand fascinating ecological interactions and, on the other hand,
experiencing the beauty and quality of nature.
4.
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6.

Appendix - Collection (passport) form

documentation of the field work
collection date

collection site number

name(s) of field worker(s)
institution
taxon data
taxon name or preliminary taxon name
vernacular name, language
herbarium voucher number

photos

colour of flower
additional notes (e.g. life-form, habit, size, type of underground organs, scent)

phenological status: more flowers than fruits / more fruits than flowers / only fruits / fruits
already dispersed
frequence: rare / few / frequent / very frequent / highly frequent (tick)
population and ecological notes
habitat
vegetation cover
canopy cover

% of bare ground

vegetation notes
associated species
EUNIS habitat code
human use
soil
geographical notes
country

region

location

coordinates

altitude

map datum

slope: level 0-5 % / undulating 6-10% / rolling 11-20% / moderate 21-30% / steep >30%
(tick)
source of coordinates: topographic map / GPS / Google Earth (tick one)
population and site notes, circumstances of the field work (e.g. population size, fitness,
observations)
regional administrations, scientists and florists
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collection permission
used literature (national / regional flora, determination keys)
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Abstract
Sampling insects requires knowledge of their biology, preferred habitats and
activity patterns. An overview is given of the most frequently applied collecting
and recording techniques and the insect taxa that they gather in largest numbers.
Sampling strategies can be deduced for each of the included taxonomic groups.
Following techniques are described and recommendations and restrictions are
given for them: 1. Active collecting: pooter, portable suction devices, sweepnet,
visual observation; 2. Passive collecting: coloured pan traps, emergence traps,
sticky traps and suction traps. For light traps, Malaise traps and pitfall traps we
refer to other chapters.

Keywords: Sampling strategies, coloured pan traps, suction traps, emergence
traps, sticky traps
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1.

Introduction

It is virtually impossible to attempt at collecting all species of one particular
taxonomic group with only one sampling technique. And it is considered very
unlikely to collect all of them even with several methods. This is not only due to
the specific life histories of the different species, and their numbers in the field,
but also to features of the recording methods used. Preferably, at least two or
three collecting techniques, and visual observations in the field are mandatory to
get a representative idea of the present species richness. In a canopy sampling
campaign for weevils (Coleoptera: Curculionidae), the three methods applied
(fogging, sticky traps, light traps) each yielded a very large number of species,
but proved strongly complementary in terms of collected species (Missa, 2000)
(Fig. 1).

Fig. 1. Weevil species richness (Coleoptera: Curculionidae) as established by three
collecting techniques in lowland rainforest in Papua New Guinea (Missa, unpublished
data).

Sampling insects requires knowledge of their biology, preferred habitats and
activity patterns. Like most invertebrates, many insects show oscillating
population densities with cycles from 3 up to 10 years (Hunter & Price, 1998)
(Fig. 2). In low density years, species’ populations are difficult to measure and
might give the impression that the habitat represents suboptimal conditions. In
temperate and tropical climates, insects show a specific annual activity pattern,
often referred to as phenology (Tauber & Tauber, 1981). In temperate regions
these patterns are triggered by photoperiod in combination with temperature and
humidity (van Asch & Visser, 2007), which renders species being most active
during spring, summer, autumn, and even winter. Some species even have
several generations per year disjunct in time. Apart from monsoon conditions it
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remains unclear what exactly triggers phenology in the tropics, certainly around
the equator, where photoperiod and temperature are subequal throughout the
year. In tropical forests the fruiting of trees may be one of the triggers.

Fig. 2. Cycles of annual variations in population density of three ground beetle species
(Coleoptera: Carabidae) resulting from pitfall traps over 15 years: the periodicity of
population peaks varies between 5 years in Calathus ambiguus, and 10 years in Amara
lucida. In low density years, populations are hard to establish (Desender, unpublished
data).

An All Taxa Biodiversity Inventory (ATBI) sensu stricto is an illusion as well. It is
not feasible to record all species at one particular site, even when sampling
continuously, year-round and using different techniques. But the strategic
employment of a particular combination of trapping techniques might yield a
sufficiently representative portion of the species richness. Each collecting device
has been constructed to gather particular taxa as efficient as possible, using
species’ features as mobility and attraction: e.g. Malaise traps collect a very
diverse fauna of mainly diurnal flying insects; pitfall traps focus primarily on soil-
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dwelling invertebrates, whereas coloured pan traps and light traps attract flying
insects during the day and night respectively (Missa et al., 2009).
Before initiating a sampling campaign, the goal of the action should be very clear.
Also, aspects as coverage and intensity of the sampling in time and space,
practical issues, treatment of material before preparation and logistics, and the
handling of possible by-catches or residue samples should be taken into account
prior to the start of the campaign.
It is very important to choose the collecting method and devices according to
preservational aspects. Many taxa are to be dry-mounted by pinning or gluing
onto paper cards as a standard preservation method. Collecting devices using
fluid fixation agents prevent satisfying results in many cases (as for all
Lepidoptera, pilose and coated specimens), and require ultimate liquid specimen
preservation, also dependent on fixation agent, collecting periods, temperature,
etc. In these cases passive collecting devices can be used without fixation fluids,
but have to be serviced in short intervals. So fixation and preservation fluids must
be selected according to the final purpose of the gathered specimens (e.g. DNA
extraction requires 100% ethanol). See chapter 18 by Krogmann & Holstein.
Traps have been designed for each stratum, from the soil surface level (to collect
soil-dwelling and weak flyers), over the near-soil stratum (most of the flying
insects in herb and lower canopy levels) up to the upper canopy. The canopy can
hold an unprecedented biodiversity as shown by Erwin (1982) who observed that
about 2/3 of the arthropods of a dry tropical forest occur in the canopy. The
present chapter deals only with the near-soil stratum. Collecting strategies and
techniques for soil-stratum and canopy invertebrates are treated in chapters 9
and 8, respectively.
A clear difference should be made between discontinuous or occasional, and
continuous sampling techniques, and both have their advantages and
shortcomings. If practically possible, continuous sampling with traps is
recommended because of the relatively low service time (especially as compared
to the time needed to collect the same species richness actively), and the fact
that traps remain in operation regardless of weather conditions.
Trapping devices can also be separated into attraction and interception traps.
Attraction traps employ the phenomenon of attraction of the species by the trap,
generated by agents such as light, colour, odour and others. Interceptions traps,
on the contrary, form an obstruction on the path of organisms and lead them to a
collecting device. A number of traps combine both sampling methodologies.
A third way to divide sampling activities is based on the involvement of the
collector himself during the collecting activity and in this frame, active and
passive collecting are distinguished. The former approach implies the direct and
active involvement of the collector who effectively moves (around) in search for
the focal taxa. Active sampling encompasses visual observation, sweep netting
and the use of pooters and related recipients. Passive collecting, on the other
hand, is based on the movement of the focal taxa towards the trapping device.
This methodology includes all kinds of continuous traps such as Malaise traps,
pan and pitfall traps, fixed suction traps, sticky traps, light traps and emergence
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traps. All of these collecting techniques are presented below, except for Malaise,
light and pitfall traps, which are dealt with in chapters 17, 16 and 9, respectively.
Collecting / recording techniques relevant for ATBIs of insects
Table 1 presents an overview of the most frequently applied collecting / recording
techniques and the insect taxa that they gather in largest numbers. From this
table, recommended sampling strategies can be deduced for each of the
included taxonomic groups. Hereunder, the different techniques are described,
and recommendations and restrictions are given.

Collembola
Thysanura
Ephemeroptera
Plecoptera
Blattodea
Isoptera
Orthoptera





pitfall traps

3.6 suction traps





 









Hemiptera
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3.5 sticky trap




- Tettigonoidea
- Acridoidea
- Tetrigidae
Embioptera
Psocoptera
- Cicadomorpha
Thysanoptera
Neuroptera
Coleoptera
- xylobionts (e.g. Cerambycidae,
Scolytidae)
- ground-dwelling beetles (e.g.
Carabidae)
- phytophagous beetles (e.g.
Chrysomelidae)
- aquatic beetles (e.g. Dytiscidae)

3.4 Malaise traps

3.3 light traps

3.2 emergence traps

Passive collecting

3.1 coloured pan traps #

fogging

2.4 visual observations

2.3 sweepnet

2.2 portable suction devices

Active collecting

2.1 pooter

Collecting techniques (see Text)







 





Strepsiptera
Diptera





W, Y





- apterous/brachyterous flies
- Dolichopodidae
- remaining Empidoidea
- Phoridae
- Syrphidae
- Stratiomyidae
- Tabanidae
Mecoptera
Lepidoptera
- Rhopalocera
- Heterocera
Hymenoptera
- Apoidea
- Cynipoidea
- Parasitoids
- Formicidae
- Ichneumonoidea
- Pompilidae
- Symphyta
- Vespoidea
# W: white; Y: yellow pan traps




W, Y


 W, Y














W


Y
W, Y
W, Y
W, Y
W, Y
W, Y
W, Y

 






○ 

○ 

Table 1. Overview of techniques used to collect insect orders and some selected
superfamilies and families. Only taxonomic groups for which at least one technique can be
assigned as recommended are included. Explanation of covered collecting techniques
follows the structure of the chapter; techniques not treated here are indicated in italics.
Most recommended techniques are indicated as  (if two or more techniques are in this
category, they are considered as equally recommended); useful, supplementary
techniques indicated as . If no techniques are indicated for a certain order,
recommended techniques for the underlying families differ greatly.

2.
2.1.

Active collecting
The pooter

A pooter consists of a collecting jar closed by a cork or polymer stop with two
flexible tubes inserted into it, a mouthpiece tube to aspire and a collecting tube to
suck up the insect. At the inner end (in the collecting jar), the mouthpiece tube is
covered by a fine gauze (Fig. 3) to avoid insects from entering the collector’s
mouth. Small insects are collected by positioning the collecting tube on top of the
insect and abruptly sucking it up into the collecting jar. In between collecting
actions, the outer end of the collecting tube must be covered or blocked by a stop
to avoid the insects from escaping. Finally, the insects can be transferred to a
killing jar or preservative by gently removing the stop. This method is widely used
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to collect insects from all kind of surfaces (rocks, fences, tree trunks, etc.), from
crevices and even from sweep net samples. This method is particularly
interesting to gather insects that tend to stick to these substrates, and thus
cannot easily be collected with a sweep net.

Fig. 3. A. Mouth-pooter; B. Gauze at the inner end of the mouthpiece tube prevents
insects from being inhaled; C. Electric pooter (Photos A & B by Patrick Grootaert; C on
http://svalbardinsects.net/index.php?id=64) .

Recommendations:


Use a distinctive mouthpiece tube to avoid confusion with the collecting tube;



Glass collecting jars are prone to get broken, so transparent plastic vials are
safer. However, be aware that some types of polymer corrode when in
contact with a killing agent;



Transfer the collected insects regularly to the killing jar so that the pooter jar
does not become too crowded. By putting a piece of paper tissue in the
pooter jar, the time interval between collecting actions can be increased and
collected insects do not get too damaged during the trip;



To kill the collected insects, a piece of paper tissue with some volatile killing
agent can be deposited into the pooter jar prior to their transfer into a larger
killing jar. Take care that the killing agent is entirely evaporated before the
pooter is used again.
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Restrictions:


While aspiring, enormous amounts of germs (fungi, bacteria, viruses, mites
and their eggs, springtails, etc.) can be inhaled which might cause damage to
the respiratory system. It is also highly recommended when collecting insects
from excremental surfaces to use a rubber bellow on the mouthpiece tube
instead or an electric pooter;



Ants and certain beetles emit noxious products when disturbed, and in these
cases an electric pooter is recommended.

In the case of tree-trunk dwelling flies, an alternative and safer method consists
of a transparent vial (a recipient with a diameter of 3 cm and a depth of 7 cm is
very practical) that is rinsed with some alcohol solution. This leaves a thin wet
layer on the inside of the vial in which flies and other flying insects get entangled
while flying up when the vial is quickly put on top of them. In this way, a
surprisingly high number of specimens can be collected during one collecting
action before being transferred to an alcohol solution. This method is superior to
all others for collecting Medetera spp. (Diptera: Dolichopodidae) and other
arboreal trunk-dwelling long-legged flies. This method is well suitable for
specimens that are ultimately wet preserved, but only to some extent to collect
dry preserved insects.
2.2.

Portable suction devices

D-VAC is a portable aspirator activated by a gasoline engine and carried on the
back of a person. The advantage of D-VAC vacuum sampling as compared to
other sampling techniques is the more complete extraction of tiny invertebrate
species, and immature forms of even larger species from the environment. Due
to the pressure built up by conventional nets while sweeping, insects of low body
mass simply do not enter them as they are caught in the overflow of air pressure
built up as the net is sent through the air. By applying suction to the collecting
bag, this inertia of air at the entrance of the net is overcome and tiny forms are
collected more readily. Using a similar motion as is done while swinging an insect
net, the D-VAC is also suitable to sample more heavy insects like caterpillars,
beetles, etc. For fragile insects like many flies, sweep netting is preferred over
suction trapping, although the latter method might be applied successfully to
capture cryptic species that occur in dense vegetations, within tussocks and in
e.g. rot-holes of trees.
2.3.

The sweep net

Sweep nets come in all shapes and sizes, each designed for a particular insect
group (Stubbs & Chandler, 1978). Both the net shape and sweeping technique
affect the yield as commented upon by Chalcidoidea (Hymenoptera) specialists
(Anonymous, 2004). While employing a sweep net, the collector not necessarily
targets a specific specimen, but sometimes carries out a random sampling of the
fauna present in the vegetation or on the soil surface. The species diversity in
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sweep net samples often resembles that of Malaise trap yields (Guevara &
Aviles, 2009).
The sweep net is by far the most widely used device to collect insects, and has
been the most important one for the past centuries. Its success can be explained
by its practical use and the fact that it can be employed in almost every possible
habitat, except for densely vegetated or inaccessible sites (reed marshes,
mangroves, etc.) and thorny vegetations. Moreover, it is ideal for short-term large
scale inventories as the gathering of the separate samples is not time-consuming
and several sites can be visited during the same day. Also, it does not require the
collector to return to the same site more than once to collect the yields.
When using a big-sized net selected insects can be gathered with a pooter. This
holds true for small specimens only and is not feasible for e.g. Lepidoptera and
medium-sized to large arthropods. If the entire content is to be conserved, the
yield is gathered in the tip of the net by sweeping the net a few times and closing
it manually. If the specimens must be stored dry, the tip can be put in a jar with a
knockdown agent like ethyl acetate to kill the specimens. Subsequently, the
sample can be exposed on a white sheet for immediate sorting. The collector
should make sure that the specimens are dead (caterpillars and beetles might be
harder to kill in this way). If the specimens are stored wet, then the tip of the net
with the yield can easily be emptied in a collecting jar with an alcohol solution.
Beating vegetation with a strong sweep net or with a stick and subsequently
collecting the fallen insects on a sheet or in an umbrella is an alternative way to
collect arthropods like spiders, beetles, bugs and caterpillars. However it is not
highly recommended to maltreat vegetation in a nature reserve, especially in the
presence of park guards.
Recommendations:


Use a net with the right mesh size; dipterists require a finer mesh size than
e.g. butterfly or dragonfly collectors. Sweeping nets for sweeping through
thorny vegetation must be made of a stronger fabric (e.g. linen), at least
around the clamp to avoid ruptures;



Transfer the sample to a collecting jar after a limited number of sweeps,
depending on the size of the sample (this requires some experience).
Samples collected during a long sweeping session tend to contain a high
ratio of damaged specimens;



Sweep gently (over) the vegetation; insects will fly up, end up in the net and
will not be damaged, nor will the vegetation. If sweeping too severely, leaves
and branches will end up in the net, damaging the specimens;



Use an eversible stick which makes the collecting radius substantial larger;



Take care when manipulating the sample (in the tip of the net) and watch out
for stinging insects, especially when you are allergic;
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Join an experienced entomologist on one of his trips; you will learn more and
much faster than studying manuals. Every entomologist has his personal
technique that affects the yields.

Restrictions:


2.4.

Sweep netting of vegetation cannot be done when vegetation is humid or
highly thorny. Fragile insects will be severely damaged which renders them
useless for identification. As insect activity only starts when the temperature
is sufficiently high, collecting with sweep nets becomes only efficient when
the collecting sites are exposed to the sun. In practice, collecting starts best
not before 8:00 a.m., especially in strongly wooded habitats, and lasts until
the late afternoon (when the weather is dry). Poorly vegetated sites like
beaches, especially in the tropics, are best avoided at noon when insects
escape from the soaring temperatures and hide in the soil or on the soil
surface within dense vegetations.
Visual observation

Visual observation is a technique that should not be underestimated. Moreover, it
is the innate feeling of most entomologists nowadays that they spend too little
time in the field to learn about the whereabouts of their animals of interest.
Instead, sampling is mostly done as efficient as possible, using all kinds of
trapping devices which can yield very large amounts of species and specimens
but only rarely uncover aspects of their life history (see further). Observing
insects in their natural habitat yields information on their behaviour, commotion
and preferred (micro)habitats. E.g. many long-legged fly species (Diptera:
Dolichopodidae) in the tropics demonstrate very specific habitat affinities and are
sometimes entirely confined to e.g. springs, waterfalls, rapids and even splash
zones of rocks amid rivers.
Well-sized specimens can be collected by hand or with a jar or vial, respectively.
In this way, non-flying arthropods from substrates and from under rocks, stones
or bark are usually collected.
During visual observation, specimens can be photographed and pictures and
related information can be stored using PDAs (personal digital apparatus), which
have rather recently been developed. Recording using only visual observation is
only suitable for taxonomic groups that are easily recognized in the field. In all
other cases, it is strongly recommended to collect voucher specimens for
confirmation of their identity in the laboratory.
3.
3.1.

Passive collecting
Coloured pan traps

Next to sweep nets and Malaise traps (see chapter 17), the most frequently
employed technique to collect flying insects is undoubtedly pan traps. These
traps were initially used in pest species sampling, but more recently have

387

become part of the standard biodiversity assessment instruments mainly applied
by North American entomologists, but only few European researchers (Baillot &
Tréhen, 1974; Pollet & Grootaert, 1987, 1991, 1996). In contrast to Malaise traps
and sweep nets that are manufactured exclusively for the collecting purpose, any
kind of device that holds a certain amount of (preserving) liquid and that features
a colour attractive to the focal taxon is suitable as pan trap. The material can
range from garbage bags, vinyl sheets, plastic food trays to aluminium roasting
pans, but the most practical are definitely round plastic bowls that are weatherproof (the colour should not change over time). The specific type to be used
largely depends on sampling site attributes (e.g. accessibility, distance to the
collector’s residence). Nearby sites can be sampled with large and heavy pan
traps (see Pollet & Grootaert, 1987, 1991), but most recommendable in all
situations are light-weight and easily stackable types such as 12 oz plastic
partyware bowls (see http://www.partypro.com). These bowls that come in 41
different colours have a flat rim of 2.3 cm, an inner diameter of 15.4 cm and a
depth of 3.7 cm. They were recently employed successfully during an expedition
in Ecuador (Pollet, unpubl. data) (Fig. 4A, B). Unfortunately, these devices do not
seem to be found easily in Europe.

Fig. 4. A. Different coloured pan traps along a trail in a forest in Ecuador; B. detail of the
insects trapped in a pan trap. (Photos by Marc Pollet).

One of the most significant advantages of the use of pan traps is their versatility:
not only can the size and shape be varied infinitely but also the trap colour and
its installation can be adapted greatly in order to optimise the sampling process
(see Pollet & Grootaert, 1994). Traps with a bright yellow colour (often referred to
as Moericke’s traps) are by far the most widely used and attract a broad
spectrum of low-flying insects, in particular Hymenoptera and predacious flies.
Also white pan traps repeatedly proved to be excellent devices to collect certain
fly families e.g. Syrphidae and Dolichopodidae: one trap type with a diameter and
depth of approx. 9 cm yielded on average 116 and 248 dolichopodid specimens
during one season in reedmarsh (Pollet, 1992) and marshland sites, respectively
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(Pollet, 2001). These sampling campaigns gathered a total of 73 and 68 species
using 77 and 54 traps, respectively. Moreover, a comparative study by Pollet &
Grootaert (1994) involving white, yellow, and bluish green pan traps revealed that
white and yellow traps collected a comparable number of species; the higher
number of specimens yielded by yellow traps was explained by only one very
abundant species. Most dolichopodid species thus appear to be most attracted
by yellow and white and less by other colours as blue and red. This, however,
does not hold true for arboreal dolichopodid species (e.g. Medetera spp.,
Neurigona spp., Sciapus spp.) that are collected in highest numbers in blue, and
soil-dwelling species (e.g. Campsicnemus spp.) that are most numerous in red
(and blue) pan traps (Pollet & Grootaert, 1987). Actually, thus far Australachalcus
melanotrichus Pollet & Stark, a species that breeds exclusively in rot-holes of
trees, has only been gathered by blue or bluish green traps in multicolour pan
trap campaigns (Pollet, unpubl. data). Also other dipteran families with larvae that
breed in plant tissue such as leaf miners (Chloropidae) and fruit flies
(Tephritidae) are most attracted by blue pan traps.
The installation height also has a substantial impact on the yields. In general, pan
traps sunk into the soil are most productive, both in terms of species and
specimens (Pollet & Grootaert, 1987, 1991). Again, some species like the
xerophilous Chrysotus gramineus (Fallen, 1823) and arboreal species are
collected more abundantly in traps at 60 cm height (Pollet & Grootaert, 1987), or
traps level with vegetation height (Pollet, 2001). As a result, blue or bluish green
traps installed at a certain height are best employed if the research focuses on
arboreal species communities. If a short-term assessment of the overall species
diversity is the main aim, yellow or white pan traps are preferably used. And in
case of faunas with a largely unknown ecology, a combination of yellow, white,
red and blue coloured traps can be strongly recommended (as the distribution of
species of the differently coloured traps holds information on their ecology).
Pan traps thus can be used in every terrestrial and semi-aquatic habitat but are
most commonly installed at soil surface level. Traps that are installed on the soil
only yield a fraction of the soil-dwelling fauna of e.g. carabid beetles and spiders,
which are abundantly trapped in pan traps dug into the soil with their rim at soil
surface level. In either case, they should be fixed to the soil by metal pins or any
other device that prevents displacement. Pan traps can be put simply on the soil
in habitats with a well developed herb layer, or sites that are subject to regular
but mild flooding. In drier habitats traps are better sunk into the soil and are
preferably deeper to prevent them from drying out.
Pan traps are usually filled for ¾ with water. A sufficient amount of detergent
must always be added as a surfactant to break the surface tension. Depending
on the servicing periodicity, salt can be added as a preservative. If traps are
emptied daily or every two days, salt is not necessary, but it becomes absolutely
essential with longer servicing intervals. A possible alternative that allows even
longer sampling intervals is formalin solution. With a 5% solution as preservative,
traps can remain in operation for at least 7 days, and for a fortnight with a 10%
solution. Precipitation (rainfall) should be taken into account, especially in the
tropics, which can cause a very quick and strong dilution. Deeper traps (over 5
cm) might reduce this effect, but are no guarantee for a good preservation of the
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trapped specimens in the rainy season. To avoid the loss of (floating) specimens
due to heavy rainfall, minute holes just below the upper rim of the pan trap work
well as drainage. Further on, especially in forests and wooded habitats in
general, falling leaves or branches might cover the traps largely to entirely,
blocking any insect to be trapped. This can be prevented by constructing a
framework of thin branches or metal wire covering the trap. As this can be rather
time-consuming, it is more practical to service the traps at sampling intervals of
at most 5 to 7 days.
The servicing process starts with removing large objects such as leaves, twigs,
and vertebrates that might obstruct the collection of the trapped invertebrates
and accelerate their decomposition. The remaining contents are subsequently
scooped out with a fine mesh aquarium net while collecting the preservative
liquid (in a supplementary trap) for reuse (after addition of some fresh solution if
necessary). In order to recover the entire content, the net might need to be
dragged several times gently near the bottom in one direction. The content of
one trap can be kept separately or be pooled with the contents of other traps,
depending on the specific objective of the sampling campaign. If the preservative
liquid is significantly coloured (mostly by leaves), fresh solution should be used.
The contents are transferred to collecting jars or (better) self-sealing plastic bags
(i.e. whirl-pack type) and properly labelled. Preferably a 90% ethanol solution is
added as preservative.
The pan trap technique holds a number of advantages as compared to Malaise
traps (Pollet, 1988): (i) they are less striking in the field and as such less subject
to damage or removal; (ii) yields are usually fair but not as massive as those of
Malaise traps which allows processing in proper time; (iii) consequently, per
sampling site a number of traps (Fig. 4A) can be installed to gather information
on the heterogeneity of the fauna without jeopardizing the processing of the
samples; and (iv) information on the ecology can be gathered using traps of
different colours. Nevertheless, it is strongly recommended to employ both
techniques in combination as they are largely complementary: a preliminary
analysis of samples from Braulio Carillo National Park (Costa Rica) revealed that
both trap types collected an identical number of species (26), but shared only
30% or 12 of the total number of species collected (n = 40) (Pollet, 2002).
Actually, comparing the yields of both trap types also provides information on the
flying activity and frequency of the trapped species.
3.2.

Emergence traps

Emergence traps are based on the phenomenon that most insects move up
towards the light after emerging. These traps very often reveal species that are
rarely collected with other trapping techniques. This was recently illustrated by a
field experiment (Fig. 5) along the Belgian coast (see further) that yielded 16
species of Diptera. Two of the species proved new to the Belgian fauna which
was surprising as the same beach habitats have been sampled intensively for the
past 30 years (Grootaert et al., in litt.). Moreover, this kind of collecting method
also gathers information on larval development time and food preference.
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Fig. 5. Collecting insects on the beach with baited emergence traps. A. Freshly cut
seaweed is put on top of a vial that is filled with sand and B. dug into the beach for two
weeks; C. Subsequently the vials are transferred to the laboratory and D. a cover and
collecting jar filled with 70 or 90% alcohol is attached. Emerging insects are collected
weekly during a period of two months. (Photos by Wouter Dekoninck & Patrick Grootaert).

Several types of emergence traps are currently available. Some are installed for
some period of time in the field, where emerging insects are gathered. Other
types (see above) are baited to attract insects that deposit eggs into the
intentionally provided substrate, and are returned to the lab for the larvae to
accomplish their development and the adults to emerge.
Emergence traps in the field
A first type of emergence trap usually consists of a large pyramidal structure
made of black fabric (nylon or other tissue) with a collecting jar on top (Fig. 6).
Commercial wasp traps can be used as collecting jar and filled with alcohol. It is
still unclear to what extent the climatic conditions within this trap are affected and
what fraction of the present fauna eventually ends up in the collecting jar (Glen,
1976).
To collect xylobiont arthropods in the field on standing dead wood, an emergence
trap can be attached to, or even constructed around the tree (Fig. 7).
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Fig. 6. Emergence trap in the field. The
collecting jar is a plastic commercial
wasp trap filled with 70% alcohol. (Photo
by Wouter Dekoninck).

Fig. 7. Emergence traps fixed around a
dead tree to collect emerging xylobiont
insects. (Photo by Kris Vandekerkhove).

Emergence traps in the laboratory (see also Berlese and Winkler samples,
chapter 9)
Adult insects, especially Diptera, that are not easily collected with the usual
sampling techniques are sometimes obtained by gathering soil, litter, dung,
mushrooms, decaying fruits, wood or debris in the field, and transferring it to the
laboratory for (adult) insects to emerge. Soil samples should remain undisturbed.
Dead branches can be placed in large containers and can even be left for
months or years as the developmental time of some xylobiont species last
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several years. Xylobiont (beetle) species generally emerge in spring (April until
June in northern temperate regions) and in this period, traps should be checked
regularly.


In some cases, insects are attracted by bait in order to deposit eggs. The
substrates holding the eggs and larvae are subsequently transferred to the
lab for the adult insects to emerge. This methodology was recently applied
along the Belgian coast: jars filled with sterile beach sand were baited with
freshly cut seaweed, and left in the field for about two weeks. It was assumed
that fly species inhabiting the littoral zone would be attracted by the bait and
deposit their eggs in the plant material. Minute holes in the bottom of the jars
were provided for drainage to prevent the developing larvae from drowning.
After two weeks, the jars with the soil and plant bait were brought into the lab
where they were covered with a lid and a collecting jar was attached.



A similar method is often used to collect parasitic species (mainly wasps and
flies), by actively collecting the hosts in the field and rearing them in the lab.
This approach enabled Dan Janzen to build an accurate idea of the tachinid
parasite fauna (Diptera: Tachinidae) of caterpillars in the Santa Rosa
National Park (Costa Rica) (Smith et al., 2006; see also Stireman et al.,
2009).



In each type of emergence trap, special attention should be drawn to the
orientation and position of the collecting jar. As many emerging adult insects
tend to be attracted by light, the jar opening is preferably on top of the trap
and has a colour that is substantially lighter than the rest of the trap (Fig. 8).
The collecting jar is best filled with an alcohol solution.

Recommendations:


This method allows the collector to gather information on generation time and
diet of the investigated species;



Emergence traps in the laboratory are preferably held at room temperature
(approximately 18-20°C);



The humidity of the samples in the laboratory should be checked regularly.
Samples that are too humid will cause mould and will stimulate mites to
develop. An appropriate aeration is recommended in this case. Samples that
dry too fast will cause a stop in the development of the insects or their death.
If laboratory temperatures might be rather high (e.g. in summer), keeping the
samples moist might be useful.
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Fig. 8. Collecting jar of an emergence trap made of plumbing tubes. No glue is needed to
fix the separate parts except for the mesh. (Photos by Filip De Block).

3.3.

Light traps

Light traps are operated at night and are most effective from sunset till after
midnight with clouded skies. Especially drizzly weather conditions are very
productive, both in terms of species and specimens. This technique is generally
applied for the collection of moths, scarabaeid beetles (Coleoptera,
Scarabaeidae), and some Hemiptera and Hymenoptera. This trapping method is
dealt with in chapter16.
3.4.

Malaise traps

Next to the sweep net, Malaise traps are the most widely employed insect
collecting devices since the 70’ies. They work unselective and often yield high
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insect diversities with huge amounts of specimens. Sufficient time should be
reserved for timely processing of these large samples. This collecting method is
dealt with in detail in chapter 17.
3.5.

Sticky traps

Sticky traps constitute of coloured sheets covered with a thin layer of weatherproof glue. They are made of waxed cardboard, glass, wood, plastic cups, plastic
sheets or trap boards, empty milk cartons, red apple spheres or any other
surfaces. The sheet’s colour represents the attractive agent and depending on
the applied colours, particular insect groups will be trapped. Glue types that are
applied to this kind of traps are transparent. Attractants can be applied in
combination with the glue to lure flying or crawling insects. Tanglefoot TangleTrap insect trap coating is often used as adhesive and remains sticky during the
entire collecting period (Fig. 9).

Fig. 9. Sticky traps: glue-covered white wooden boards are pulled up 20-30 m high in the
canopy of rain forest in Papua New Guinea in order to observe dispersal of weevils
(Coleoptera: Curculionidae) between trees. (Photo by Patrick Grootaert).

Recommendations:


Unlike other traps, sticky traps can operate in inaccessible places such as the
upper canopy (including tree trunks), and on top of water surfaces;



Due to their versatility, sticky traps of different sizes and colours can be
produced depending on the specific collecting purpose, similar to pan traps
(see 3.1).
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Restrictions:


Insects collected with sticky traps are very hard to detach without causing
damage or the loss of body parts. The technique is therefore mainly used for
the collection of large insects such as beetles and wasps. The glue is usually
dissolved with kerosene, which is highly inflammable;



Another type of sticky trap consists of a transparent plastic sheet with glue on
both sides and attached to tree trunks. This technique should not be
employed in areas with rich and endangered arboreal lizard or amphibian
faunas.

3.6.

Suction traps

Different kinds of suction traps are currently available: traps of the Rothampsted
type are high towers that suck in air at a height of at least 10 m, and are mainly
used for the monitoring of pest species like aphids (Hemiptera: Aphididae) or
gnats (Diptera: Ceratopogonidae). As such, they do not seem particularly fit for
ATBI purposes.
Suction traps can also be combined with attractants. The BG-Sentinel (diameter:
36 cm / 14 inches; height: 40 cm / 1.3 feet) is a simple suction trap (Fig. 11)
originally designed to collect mosquitoes. Due to its white coloured packing,
however, it also proved to be attractive to a large number of pollinators
(Grootaert & Dekoninck, in litt.). The trap is essentially a collapsible pop-up
container with a white gauze cover, and an inlet at the top. Air is sucked into the
trap through a black catch pipe at the top by an electrical fan, drawing
approaching mosquitoes and other insects into a collecting bag. The air then
exits the trap through the white gauze, generating ascending currents (Fig 11,
red arrows). These are similar to convection currents produced by a human host,
both in its direction, its geometrical structure, and due to the addition of artificial
human skin odours (BG-Lure), also in its chemical composition (BioGents, 2007).
Insects are gathered in the collecting bag and dried. The nylon collecting bag can
be placed in a cooler and later on transferred to a deep freezer. Alternatively,
dried insects can be sorted and pinned immediately or transferred to an alcohol
solution. Specimens collected in this way prove suitable for DNA sequencing,
even when collected after one week of sampling, which is a major advantage.
Recommendations (for the BG-Sentinel trap):


A roof should be provided in (expectedly) rainy weather to cover the trap;



Samples are best removed every two days to prevent damage to the dried
insects by large live insects; this can be combined with replacing of the
batteries.
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Restrictions:


While using a suction trap to investigate vegetation or the litter or soil layer,
plant material and debris is collected which cause damage to the collected
invertebrates;



The working capacity of the batteries of the BG-Sentinel type is two days.

Fig. 10. The BG-Sentinel suction trap was originally designed to collect mosquitoes. The
arrows indicate the convection stream with yellow arrows corresponding with the air that is
sucked in, and red arrows showing the air stream carrying the odours of the lure out of the
trap. Due to its white colour many pollinators are collected. (Photo by Wouter Dekoninck).
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Abstract
Light-trapping is a general term which covers all methods of attracting and/or
capturing nocturnal insects with lamps that usually have a strong emission in the
ultraviolet range of the spectrum, e.g. mercury vapour lamps, black light lamps or
fluorescent tubes. Nocturnal Lepidoptera (moths), Trichoptera and
Ephemeroptera are the insect groups which can be collected most efficiently by
light-trapping but many nocturnal species in several other orders are rarely
recorded with other methods, e.g. some Coleoptera. There are various light-trap
designs in common use, but they are all based on two general construction
types. The advantages, limitations and performances of different trap types in
relation to target group, study area, vegetation and weather conditions are briefly
discussed with reference to relevant literature, and general recommendations for
operations are given.

Keywords: monitoring, light trap design, light trap efficiency, abiotic factors,
Lepidoptera
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1.

Introduction

The attraction of moths and other nocturnal insects to light is a well-known
phenomenon and has been used for collecting nocturnal insects since the
beginnings of scientific entomology in the 18th century. Light-trapping has
become a general term which refers to all methods of attracting nocturnal insects
with lamps or artificial light sources, whether they are actually connected to a trap
or just being operated in front of walls or other reflective surfaces where incoming
insects are then recorded or collected manually. The first purpose built devices
which could be termed actual light-traps were used by the Romans in the 1st
century AD (Morge, 1973; Steiner, 1991; Beavis, 1995).
While the physiological background of the attraction to light is still under
discussion (see e.g. Hsiao, 1972, 1973; Baker & Sadovy, 1978; Sotthibandhu &
Baker, 1979), attracting nocturnal insects with ultraviolet light is now in general
use and presents the most effective collecting method for nocturnal species of
the orders Lepidoptera, Trichoptera, and Ephemeroptera, but also for many
species of Coleoptera, Hymenoptera, Diptera, Neuroptera s.l., Orthoptera, and
some other insect groups. Automatic light traps have also become standard
equipment for insect pest control and pest management but will not be
considered here further, as these devices are purely designed to kill or even
destroy the insects attracted and thereby preclude any scientific application.
The main advantage of light-trapping is the large number of species which can
be recorded during a relatively short period. In Europe, for example, this can
amount to 200 or more species of Lepidoptera in a single night under favourable
conditions with the number of individuals running into the thousands. In the
tropics the total count both of individuals and of species can be even much
higher, often exceeding the available capacity for recording or collecting. On the
other hand, light-trapping is still a selective method and not all taxa of a given
group (family, genus) are attracted to light with the same efficiency, and females
of many species are less attracted than males or not at all. For ecological studies
it is sometimes seen as a drawback that light-trapping is an attraction method
and it is thus not possible to directly link the species recorded to their respective
(larval) habitats.
Overall there are two main approaches in the use of light traps. The qualitative
approach aims at maximizing record and/or catch efficiency. For faunistic
purposes, and for inventorying or assessing larger areas, it is usually preferable
to use high-powered lights (e.g. 125 W lamps) and to chose sampling sites for
maximum effect and across habitat-types, such as ridge tops, forest edges, etc.
For ecological and habitat-related studies which require standardized
comparisons and often target habitat- or niche-specific species it is better to use
low-powered lamps (e.g. 8 W fluorescent tubes) placed well inside the target
habitats (Wirooks, 2005).
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2.

Lamp types

While insects are attracted in a lesser degree to open fire, oil lamps, paraffin
lamps, kerosene lamps and other light sources, the most effective lamps are
those with a high emittance in the UV part of the spectrum. For most nocturnal
insects the attractive part of the light spectrum lies in the ultraviolet range,
somewhere between 350 nm and 550 nm (Cleve, 1954; Dufay, 1964, 1965;
Mikkola, 1972; Hartstack, 1979) though spectral sensitivity varies from species to
species; in a number of nocturnal Lepidoptera taxa Eguchi et al. (1982) reported
peak sensitivities especially around 440-480 nm, and around 500-540 nm.
For field work, however, the choice of lamp type is more often determined by the
actual field conditions than purely by scientific considerations. If there is access
to the electricity network or if a portable generator is available, mercury vapour
lamps, black-light lamps or blended (mixed light) lamps are usually the best
choice because their emittance in the UV range is higher than that of standard
household light bulbs (tungsten bulbs). If weight and size are an issue or in field
situations without a mains power supply, fluorescent tubes are a perfect
alternative which can be run from rechargeable 12 V batteries.
2.1.

Mercury vapour and other UV lamps

High pressure mercury vapour lamps come in several sizes of which the 80 W
and 125 W versions are those most used by entomologists. A larger 250 W
version (which is no longer manufactured) is even more effective but also more
trying for the human eye. All of those lamps require a separate electronic ballast
(choke) to be inserted between the lamp and the power outlet. There are also 80
W versions which can be run without a ballast. The so-called black-light bulbs
(125 W) produce almost no visible light; for the human eye they seem dark blue.
They are thus suitable for situations where bright light is undesirable, e.g. in
residential areas. For many groups, the 160 W blended (mixed light) lamps are
less effective than the 125 W mercury vapour lamps but require no external
ballast. There is also a 160 W black light bulb available, which does not need a
ballast. Details can be obtained from manufacturers or from entomological
suppliers via the internet.
2.2.

Fluorescent tubes

The low pressure fluorescent tubes or neon tubes generally produce a bluish
light and are available in a range of sizes in different lengths: 6 W (22.5 cm), 8 W
(30 cm), 15 W (45 cm), 20 W (60 cm). Two special types emitting UV light are
commonly used for light-trapping: the so-called "super actinic" tubes producing
pale blue light, and "black light" tubes which are comparable to the black-light
bulbs and are virtually invisible from a distance. While fluorescent tubes can also
be operated with a voltage converter from a generator or mains power supply, in
the field they are best directly run from 12 V rechargeable batteries.
A number of studies have compared the relative performance of different lamp
types and their attraction on various insect orders (Williams, 1951; Bretherton,
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1954; Williams et al., 1955; Cleve, 1954, 1966, 1967; Lam and Stewart, 1969;
Mikkola, 1972; Taylor and Brown, 1972; Taylor and French, 1974; Blomberg et
al., 1976; Walker and Galbreath, 1979; Leinonen et al., 1998).
3.

Trap design

In general, all lamps can be used without any trap or collecting vessel and
incoming insects can be recorded or collected manually (Figs 1-5). This is often
practised for faunistic studies and in cases when only particular species or
specimens are of interest, especially if higher numbers of insects are likely to be
attracted which would unnecessarily be collected by a trap or damage the
desired specimens inside the collecting container. The lamp is best placed in
front of a vertical white sheet, a wall or any other substrate which serves as a
good reflector and also allows insects to settle near the lamp. Placing the lamp
inside a larger gauze cylinder has the advantage that insects can be similarly
attracted from all directions and that the lamp cannot be reached directly by
incoming insects (see Figs 4 & 5). The simplest method is still to hang the lamp
above a sheet lying on the ground

Fig. 1. Personal light-trapping.
The sheet method. A white
linen sheet mounted on a
frame of aluminium poles, with
two battery-powered 15 W
fluorescent tubes, one actinic,
one black.(Photo by A.
Steiner).
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Fig. 2. Personal light-trapping. A 125 W mercury vapour lamp and a sheet in a tropical
rainforest. Note necessity of rain protection. (Photo by A. Steiner).

Fig. 3. Personal light-trapping. A simple
set-up: A black-light bulb in a wire-frame
housing at the white wall of a house.
(Photo by A. Steiner).

405

Fig. 4. Personal light-trapping. Two
battery-powered 15 W fluorescent tubes
in a gauze cylinder ("tower"). (Photo by A.
Steiner).

Fig. 5. Personal light-trapping. A combination of a 125 W mercury vapour lamp and two
15 W actinic fluorescent tubes in a gauze cylinder. (Photo by A. Steiner).
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For actual light traps, there is a variety of individual designs in use and a vast
literature available about the subject. Most designs, however, are based on the
following components.
Basic features:


Lamp



Funnel



Collecting container or receptacle

Additional features:


Rain protection for light bulb



Rain drainage



Baffles or deflector shields



Photoelectric switch



Anaesthetic or killing agent

The lamp is the attractant. It is placed above or in front of a funnel which directs
the insects into a collecting container, jar or receptacle. In addition, the trap can
be provided with a range of useful features like a roof structure to protect the light
bulb from rain and to prevent leaves, twigs, etc. from falling into the funnel.
Alternately or additionally a rain drainage system can be installed, usually
consisting of a small drainage funnel below the main funnel entry. A simple hole
in the bottom of the trap collecting container covered with fine gauze is
sometimes useful, but if a killing agent heavier than air is used the opening of the
drainage funnel has to be raised above the bottom of the container.
A number of deflecting shields or baffles - usually two to four - made from
Plexiglas, plastic or metal can be arranged around the lamp so that at least the
larger, heavier, and faster-flying specimens fall into the funnel when hitting the
baffles while circling the lamp.
Nowadays a photoelectric cell is an almost universal component of light traps. It
allows the trap to be brought into the field at any time of day; the light-sensitive
cell (the sensitivity can be regulated) switches the light on at dusk and off at
dawn.
An anaesthetic or killing agent is often used inside the trap container to avoid
damage of the specimens. Chemicals like chloroform (CHCl3) or
tetrachloroethane (1,1,2,2-tetrachloroethane, C2H2Cl4) are left to evaporate from
a vial or small bottle by means of a wick, whereas the often used ethyl-acetate is
much less useful as it evaporates too quickly. Note that openings at the bottom of
the trap have to be avoided (see caution about rain drains above).
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Special features:


Fan



Wire mesh trays for separating insects according to size

When the trap is run without an anaesthetic it can be helpful to place a small fan
inside the trap container to simulate wind which keeps the specimens inactive.
Some trap designs include wire mesh or trays for automatically sorting
specimens by size so that smaller insects reach the bottom trays and are less
susceptible to damage by larger specimens (Common & Upton 1964;
Vaishampayan, 1985a, b).

Fig. 6. Trichoptera and Lepidoptera at a gauze cylinder (Photo by A. Steiner).

Figures 7-8 illustrate two different trap designs. More information about specific
designs including detailed drawings can be obtained from the literature, e.g.
Muirhead-Thomson (1991), Fry & Waring (2001), or from individual supplier
websites. For some examples of individual trap designs: Rothamsted light trap
(Williams 1936, 1948; Taylor & Brown, 1972); Robinson light trap (Robinson &
Robinson, 1950); Jermy trap (Jermy, 1961); Common trap (Common, 1960;
Common & Upton, 1964); Heath trap (Heath, 1965). In all light traps, design
significantly influences the catch especially with regard to the relative
composition of different taxa, which can also be used to collect selectively
specific target taxa (e.g., Denmark, 1964; Lam & Stewart, 1969; Farrow, 1974;
Sutton, 1979; Intachat & Woiwod, 1999).
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Fig. 7. A hanging light-trap without raincover, showing three baffles around a 6
W actinic tube, a collapsible funnel made
of thick plastic film, and a bucket as
container. (Photo by A. Steiner).

Fig. 8. The same trap, disassembled.
Top right: container. Right: actinic tube
inside a Plexiglas cover with cable. The
electronics are housed in the black top
cap. Left: Plexiglas baffles and lower part
of funnel. Centre: collapsible funnel with
stabilising ring, screws for fastening
baffles to tube housing, rubber ring for
fastening lower part of funnel to container
lid. (Photo by A. Steiner).
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Fig. 9. A ground light-trap with a rain cover and three baffles around an 8 W black-light
tube. The container is a commercially available plastic box. The black dot on the small
grey box containing the electronics is the photoelectric cell. (Photo by A. Steiner).

4.

Distance of light-response in nocturnal insects

In the past there was much difference of opinion about the effective range of
attraction of light sources. More or less speculative values were given from
around 1 m to 50 m (Daniel, 1952) or even up to 1.000 m (Koch, 1958). Various
experimental studies – with different light sources and different study groups –
have yielded effective distances of 3 m to 250 m (Bowden, 1982; MuirheadThomson, 1991). An unresolved question is whether specimens which obviously
came from far outside the sampling habitat were attracted directly over a great

410

distance or were on a dispersal flight and at some point entered the effective
range of the lamp and only then became attracted (which is more probable).


Mark-release-recapture experiments of Sphingidae (Lepidoptera) around a
125 W mercury vapour lamp in tropical ecosystems (Borneo) suggested
attraction radii (for 50% return rate within 5 minutes) of generally below 30 m
(Beck & Linsenmair, 2006).



Experiments with caged moths showed that a 15 W black light tube at a
distance of 6.1 m caused 75% of Heliothis zea moths (Lepidoptera:
Noctuidae) to move towards the light. At a distance of 69 m this response
was shown by 10% of the moths. By extrapolation the maximal range of
attraction was determined as 60-90 m. In Manduca sexta (Lepidoptera:
Sphingidae) 48% of individuals showed a positive response at a distance of
4.6 m from the light source; the maximal range of attraction was determined
as 120-135 m (Stewart et al., 1967).



In a similar experimental setup the threshold of attraction was calculated to
be 200-250 m for Spodoptera littoralis (Lepidoptera: Noctuidae) (Plaut, 1971).



Physiological studies on the eyes of Heliothis zea and Heliothis virescens
(Lepidoptera: Noctuidae) showed that 15 W blacklight tubes can trigger
sensory responses from distances between 31 m and 250 m (Agee, 1972).



Under the assumption that nocturnal insects react to wavelengths of 500-600
nm, Bowden & Church (1973) calculated the radius around a 125 W mercury
vapour lamp within which the brightness of the light source is higher than the
background brightness. They obtained values between 35 m (in full moon
nights) and 520 m (without moonlight). On a similar basis Dufay (1964)
reached results of 50 m to 700 m for another type of 125 W MV lamp, while
Nowinszky et al. (1979) calculated distances of between 20 m (full moon) and
300 m (no moon) for a 100 W Argon bulb.

5.

The role of abiotic factors

There is an abundant literature on the many abiotic and other factors which
influence light trap efficiency and sample size. We can only give a basic overview
and provide references of more detailed studies.
5.1.

Temperature

Ambient air temperature seems to be the most important single factor influencing
insect flight activity and thus the catch (Williams, 1940; Daniel, 1952; Hosny,
1959; Taylor, 1963; Pulliainen, 1965; Hanna & Atries, 1969a; Persson, 1971,
1976; Kurtze, 1974; Hanna & Hamad, 1975b; Blomberg et al., 1978; Morton et
al., 1981; Dent & Pawar, 1988; McGeachie, 1989). Generally speaking, the
higher the temperature the more insects are active, which usually translates into
highest activity rates during the first hours after sunset. Rapid cooling during the
night will cause inactivity sooner than slow cooling. In temperate climates cloud
cover at night means less rapid cooling and thus a longer activity period of
insects. Temperature dependency, of course, varies with the climate zone a
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species inhabits: boreal and alpine species are adapted to lower temperatures
than thermophilic, subtropical or tropical species, and specialist species having
their peak activity during periods of comparatively low temperature can be found
in all biomes, including the famous "winter moths" and "winter midges" of
northern hemispheres.
5.2.

Moonlight and starlight

Lunar periodicity plays an important role in catch efficiency and has been the
subject of numerous studies (Williams, 1936; Williams & Singh, 1951; Hosny,
1959; Dufay, 1964, 1965; Hanna & Atries, 1969b; Persson, 1971, 1976;
Bowden, 1973, 1981, 1982, 1984; Bowden & Church 1973; Hartstack et al.,
1973; Kurtze, 1974; Bowden & Morris, 1975; Hanna & Hamad, 1975a;
Douthwaite, 1978; Nowinszky et al., 1979; Morton et al., 1981; Vaishamapayan
and Verma 1982; Danthanarayana, 1986; Taylor, 1986; Dent & Pawar, 1988;
McGeachie, 1989; Nag & Nath 1991). In short, the stronger the moonlight is, the
less attraction a lamp has to insects. The ratio between catch in new moon nights
and catch in full moon nights has been given as 2,67: 1 (Williams, 1940; a 4-year
study in England) and as 2.59: 1 (Nowinszky et al., 1979; 14 years of lighttrapping in Hungary). While it was once suspected that insect activity in general
might be lower in moon nights, it has since been shown that lamp attraction is
weaker. In fact insect activity seems to be higher in bright, moonlit nights as
indicated by comparisons of light-trapping with other methods such as suction
traps (Bowden, 1981) and pheromone traps (Dent & Pawar, 1988). When insect
activity actually diminishes in moon nights this is usually due to other negative
weather factors, especially rapidly falling temperatures as commonly observed in
clear nights. In subarctic regions, however, the naturally bright summer nights
make lamps less attractive to insects (Blomberg et al., 1978).
The relationship of background brightness (light emitted by moon and stars) and
catch efficiency has been expressed in the formula:

where W represents lamp brightness and I is background brightness. With a
constant lamp brightness there is:

Other weather factors can significantly influence this ratio (Bowden & Church,
1973; Bowden, 1981, 1982), while cloud cover mitigates the competing effects of
moon light.
5.3.

Wind

Wind speed is another important factor affecting insect activity and especially
flight (Hosny, 1955, 1959; Williams, 1961; Dufay, 1964, 1965; Brown, 1970;
Persson, 1971, 1976; Kurtze, 1974; Hanna & Hamad, 1975b; Douthwaite, 1978;
Morton et al., 1981; Tucker, 1983; Dent & Pawar, 1988; McGeachie, 1989). In
stronger wind there is less insect activity: most species cease flying as soon as
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they cannot any longer maintain a directional flight. The critical wind speed varies
according to size and strength: larger moths (Noctuidae) cease flying to lamps at
wind speeds of 10.8-13.8 m/s, smaller Diptera, Tipulidae, Limnobiidae, and
Chironomidae at 8.0-10.7 m/s, Psychodidae and Trichoceridae at 6.7-9.4 m/s,
and Ceratopogonidae and Cecidomyiidae at 3.4-5.4 m/s (Kurtze, 1974). A
marked reduction of catch occurs at 3-4 m/s (Douthwaite, 1978) and at 4 m/s
(Dent & Pawar, 1988). The highest catch rates, however, are not recorded at
calm but at wind speeds between 1 and 3 m/s (Hosny, 1955; Douthwaite, 1978;
Dent & Pawar 1988).
5.4.

Precipitation, air humidity, and fog

Strong rainfall can reduce or prevent insect activity, especially for smaller
species, while most insects are usually indifferent to light rain (drizzle, spray)
unless it coincides with a drop in ambient temperature. Under certain conditions,
e.g. in dry or semiarid areas but also in tropical regions with a pronounced rainfall
seasonality, rain can induce eclosion and stimulate activity (Williams, 1940;
Daniel, 1952; Hosny, 1955, 1959; Pulliainen, 1965; Harling, 1968; Brown et al.,
1969; Persson, 1971; Kurtze, 1974; Douthwaite, 1978; Tucker, 1983). In the
tropics rain often considerably increases light trap attractivity, often leading to
unusual and rare records. For running a light during tropical rain, the lamp or trap
is best protected by a larger roof, which can be easily constructed with some
canvas or tarpaulin (Malicky, 2002; see also Fig. 2). In addition, some drainage
provisions around the position of the trap are often a helpful measure (e.g., Diehl,
2001).
In temperate conditions, high air humidity can also promote insect activity unless
combined with cooling. Fog in combination with falling temperatures or fog which
forms in valley bottoms, basins, and wetlands, strongly reduces insect activity.
Dewfall is usually a result of cooling and coincides with reduced activity. Drifting
clouds and fog on slopes or in the mountains need not to lead to negative results;
in certain situations they actually seem to intensify the attraction of light traps
(Daniel, 1952; Hosny, 1955, 1959; Hanna & Atries, 1969a; Kurtze, 1974; Hanna
& Hamad, 1975b; Esche, 1992).
5.5.

Air pressure

It is sometimes said that falling air pressure improves general insect activity, e.g.
before thunderstorms (Haase, 1929; Allan, 1947; Hosny, 1955; Lederer, 1959)
while other studies claim there is no recognisable influence of air pressure
(Dufay, 1964, 1965). Without quantitative studies or experimental evidence at
hand, however, we also have experienced many times the highest attraction of
light traps at times just before the onset of thunderstorms or heavy rainfall, both
in temperate and especially under tropical conditions; whether it is specifically air
pressure or other factors related to the imminent change of weather conditions
which lead to high levels of insect activity remains unclear, but such situations
are usually always advantageous for light-trapping.
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In addition to climate and weather related factors, several locality-related
conditions also play an important role in determining the most productive sites for
light traps.
Forest vs. open country
Inside forests the negative effect of moonlight is less dramatic. Bowden (1982)
studying trapping data from Rothamsted (England, U.K.) noted a catch ratio of
Noctua pronuba (Lepidoptera: Noctuidae) between open habitats and forests of 1
: 3.7. Temperature change, especially nocturnal cooling is often less marked in
forests, and winds are weaker. On the other hand light has a larger radius in
open areas (Hosny 1955, 1959; Bowden, 1982), and results are significantly
different between light traps placed in the understorey and in the forest canopy,
especially in the tropics (Schulze et al., 2001; Beck & Linsenmair, 2006).
Wind direction
Most insects prefer to fly against the wind when looking for food or locating
females. Exceptions are migrating specimens which use wind currents and fly
with the wind (Brown et al., 1969; Brown, 1970). When smaller areas are to be
studied it is thus advantageous to place traps at their windward side.
Terrain structure and landscape
Many insects prefer to fly upslope, also at night. Lights placed on slopes or
hilltops may control a larger area; even considering that a lamp's direct effective
range of attraction may be quite small, there is a higher chance that more
specimens reach the neighbourhood of the trap. The landscape (and vegetation)
surroundings of the light trap location also greatly influence the results, e.g. by
offering protection from or providing exposure to local wind currents and other
weather factors, and through different local microclimatic conditions, including
varying albedo properties. Cold air often accumulates in even small depressions
and valley bottoms, while certain terrain structures such as bare rocks can
absorb heat during the day and emit part of that radiation at night. Selecting the
exact placement of a light trap should also take these factors into account.
6.

Concluding remarks

For any new light-trapping project, the choice of the equipment to be used is
clearly an important initial step. Aside from the relevant technical and biological
parameters that different lamps and trap constructions entail, the final choice
should also consider more practical criteria, such as weight and transportability,
durability under field conditions, and availability and cost of spare parts or
repairs. It should be kept in mind that there exists no overall most effective or
"best" lamp type nor "standard" light trap construction or design; all types and
makes of light traps are differently selective in one way or another, and the final
choice should be determined by the exact question(s) and goals to be pursued
by the study. Although most equipment discussed here works well for most insect
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taxa and many different habitats, no one type of light trap will equally attract all
taxa. For aiming at a comprehensive inventory such as an ATBI of a local fauna
or a community of different taxa, it is therefore advisable to employ a number of
different lights and trap designs, if at all possible.
With standardization of methods being a requirement for many scientific
approaches in order to allow for comparable and/or repeatable collection of data,
especially from ecology, light-trapping provides a clear method of choice for
many entomological studies. While standardization can be easily achieved for the
equipment and light-trapping regime, other factors relevant for the results are
much more difficult to compare or even standardize, even if the availability of fully
automatic light traps allows reducing the influence of the "human factor" to a
certain degree. Apart from the important effects of weather, moonlight and other
factors discussed above, the exact placement of a trap in the field remains the
overall most difficult and perhaps still influential parameter in making lighttrapping data fully comparable, especially for highly structured habitats and
landscapes such as forests and mountains. As indicated above and experienced
many times, the precise placement of the light in relation to its surroundings
greatly impacts the results, with sometimes a few feet or meters distance already
leading to noticeably different catches. Especially for manually operated lights,
finding the "best" precise location is almost always the biggest challenge in the
field, for which personal experience often still provides the best guidance. All
these methodological challenges should provide additional incentives for the
precise recording and documenting any light-trapping session, especially for
exact geographic coordinates, time, and weather conditions, which should be a
common standard under all light-trapping circumstances.
7.

Tips and hints – some "do-s and don't-s"



The higher a lamp/trap is placed above the ground, the larger is the area it
controls. Be sure to have sufficient possibilities to raise the light and/or trap
above ground on site (e.g., by carrying poles or other equipment).



Stronger light generally means higher attraction (more specimens/species),
but some species prefer to settle at some distance from bright lamps. It is
often helpful to carefully check the perimeter around such a lamp to find
those species.



Small moths and other insects with a gentle flight often come to rest on the
baffles of a trap or in the vegetation nearby and do not enter the collecting
container. Traps should therefore be checked well before sunrise, before
these specimens fly away or are eaten by birds and other predators. It is
helpful to place the trap on a large white sheet or a similar background that
makes it easier to find those specimens.



Before placing light traps for longer-term studies in the field, check and
record the microclimatic conditions at night at the exact location, particularly
with regard to air temperature, wind strength, and wind direction.



When using a trap without a killing agent, the container needs to be filled with
materials to provide sufficient resting space for the specimens. Many authors
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recommend using egg cartons, which however we find very difficult to extract
resting specimens from. Instead, we recommend using rough, slightly
crumpled paper, because this is easier to handle and can be more readily
straightened to box specimens.


When running light traps with a killing agent especially for specific, limited
questions, try to ensure that the by-catch is also kept for / used by other
researchers; all specimens collected with accurate data can be of value!



Do not look directly into a mercury vapour lamp. Although the UV radiation
from MV lamps is considered not harmful for the human eye, individual
sensitivity varies and emission from strong MV lamps can be irritating.



When going into the field, always carry sufficient torches and other additional
light sources along; if for no other reason, setting up and taking down light
trap equipment at night can be quite difficult without sufficient torches at
hand.



Always take some basic tool kit (screwdriver, pincer, small knife, electrical
tape) along when light-trapping; equipment gets easily damaged under field
conditions, and it is advantageous to be able to do basic repairs on site.
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Abstract
An overview is given of flight interception traps for arthropods since the discovery
of the principle by R. Malaise. New and rare designs are described and
suggestions for improvement and low cost improvisation are made. The
effectiveness of the traps is discussed. An overview of killing agents and
preservatives and their effects on specimens is given. Good and bad practices
are listed and safety is discussed. Finally methods for preparing Hymenoptera
and Diptera from alcohol are described.

Keywords: positive phototropism, Malaise trap, Schacht trap, window pane
trap, placement of traps, Townes design, new designs, effectiveness, preparing
Hymenoptera and Diptera, killing agents and preservatives, safety, ethics
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1.

General introduction

The aim of this chapter is to give an updated overview of the available flight
interception traps, outlining their use, advantages and disadvantages, to facilitate
the choice of the appropriate designs and to improve the efficiency and quality of
the collecting of arthropods. The operation of interception traps is based on the
interception of arthropods (in most cases insects) in the air by means of a vertical
or oblique barrier. The subsequent reaction is positive if the intercepted insects
are attracted by sunlight to fly or walk to the top of the trap ("positive
phototropism"). If the insects try to hide by walking down or allowing themselves
to fall down the reaction is negative ("negative phototropism"). Defined in this
way Malaise traps are a kind of flight interception trap and the latter name should
be applied to traps using both positive and negative phototropism. Flight
interception traps can be used in any habitat where insects occur, but will be
most efficient if corridors ("flyways") are present to be blocked by the trap. Their
applicability is equal in temperate and tropical habitats, but abnormally low
temperatures will lower trapping efficiency.
Collecting a large number of specimens from groups of no interest to the
collector poses a potential ethical problem. Therefore, it is recommended that the
unused portions are stored in central depositories (e.g., national museums of
natural history) at low temperature and in darkness. There the material can be
made available to other specialists, who may extract the specimens of interest to
their study. The problem of catching protected or flagship taxa is very rarely
encountered, but in these cases either an extra mesh before the entrance of the
collector could be used or the trap could be placed just outside the area where
these taxa occur. Hardly anything has been published on the impact of flight
interception traps on the local populations of insects. It has been assumed that at
most about 20% of the Hymenoptera entering the trap is finally caught in the
collector (late H.K. Townes, pers. comm.); as far as the authors are aware no
estimates have been made for other traps. Experiments to ascertain the effects
of trapping on insect populations would need careful design, and the results
would be expected to be highly site and organism dependent. In publications the
design of the trap (including the measurements of the sampling surface), the way
it was used and the position of the trap related to the sun and vegetation should
be stated.
It should be strongly borne in mind that many of the fluids used as preservatives
are highly toxic to vertebrate animals that will frequently try to drink them, and
this risk to wildlife as well as to domestic animals needs always to be minimised.
Placement of traps
According to Darling & Packer (1988) the effectiveness of a trap depends first of
all on its placement within the micro-habitat, second on its design and last on the
mesh-size. According to Matthews & Matthews (1983) the design is the most
important, followed by its correct placement in the flyways of insects. Obviously,
an effective placement is extremely important; poor placement may lower the
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catches by more than 50% in the same micro-habitat (van Achterberg,
unpublished data). Relatively small changes result in large differences in
collection efficiency (Matthews & Matthews, 1983). In general the trap should be
either blocking a corridor (e.g. a path in the forest) or placed perpendicular to a
barrier (e.g. border of a forest, with the collecting head directed to the border and
the sun). Malaise (1937) was already very aware of the importance of placement:
"The chief difficulty in using this trap is to find a suitable place. A trap put up in an
open field would doubtless catch insects too, but the number of insects passing
that special spot is a restricted one compared with a place where they are for
some reason or other concentrated. Such concentrations are not uncommon; the
insects are, e.g., more numerous along the border of a wood or field than in the
middle of it. Most, if not all, flying insects have an instinctive fear of being blown
away by the wind, and are therefore always trying to keep against it, thereby
taking advantage of depressions and other irregularities of the earths surface,
that will furnish them shelter or help them in advancing against the current.
Stronger insects are not so dependent on shelter, but have nevertheless a
special liking for streamlets, ravines, shores, wood-fringes, forest-roads,
clearings, etc. where they patrol back and forth. Weak fliers very often prefer
such openings to the dense wood. Such places are as a rule very good for traps,
which must be expanded at right angles to the main direction, and preferably with
the entrance away from the prevailing wind, so that insects working their way
against the current may enter the trap". The collecting head or collector should
always be in the sun, especially in the morning when most of the flight activity
takes place. Protection from interference is first by finding secluded but still
promising places; easiest on private property without free access. Sometimes
this is impossible and protection is needed by e.g. barbed wire and attaching an
information sheet for the public.
For an overview of preservatives, killing agents, frequency of change, quality of
specimens, problems, precautions and treatment of the material, see Table 1.
Ethanol may also act as an attractant for some groups (e.g., insects associated
with rotting organic tissue and their parasitoids). To avoid this 80% isopropanol
may be used (Wilkening et al., 1981), though unlike ethanol this will not preserve
DNA and the condition of the specimens is only fair. A solution of 2.5% formalin
should not be used; it is dangerous for the user, the specimens are irreversibly
hardened and rendered useless for molecular studies. Cyanide (KCN or NaCN)
is also dangerous and may cause extreme reddening of specimens.

Table 1 (next page). Overview of killing agents and preservatives and their effects on
specimens.
Note: 96% Ethanol includes denatured ethanol B, and 70% ethanol includes suitably
diluted IMS (= industrial methylated spirits). Dichlorvos (e.g., Vapona strips) = 2.2dichlorovinyl dimethyl phosphate; cyanide is KCN or NaCN encapsulated within plaster of
Paris. Specimens killed by ethyl acetate vapour and air-dried specimens yield very
degraded DNA (Dillon et al., 1996)
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2 weeks

2 weeks
1 week
2 days

1 day

+

++
++
++

+

++

70% Ethanol
Ethylene glycol/ propylene glycol
(+ alcohol) (antifreeze)
Satured salt solution (NaCl)
Water + detergent ("soapy water")
Dry with killing agent
(cyanide or dichlorvos)

Dry without killing agent

few hours

1 month
3 weeks

---

96% Ethanol
80% Ethanol or 80% Isopropanol

-

-

----

±

++
+

- (brittle + dirty)

- (brittle + dirty)

++
-- (poor)
--- (very poor)

- (brittle)
+ (fair)
++ (good) (transfer to
ethanol 80 or 96%)

Maximum change DNA
Specimen
over time
preservation condition

Availability

Killing
agent/preservative
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higher evaporation and fire risk
id.
swelling/softening if alcohol
becomes too diluted
swelling/softening if glycol
becomes too diluted
damage by rinsing
disintegration of specimens
high toxicity of agent to humans;
add absorbent tissue
mutual physical damage (beetles!);
add absorbent tissue

Problems /
precautions

id.

id.
re-store in 80-96% ethanol/
rinse in acetone
id.
id.
relax and clean
before mounting

rinse in acetone
or 96% alcohol
id.

id.

id.
id. (first re-store
in 80-96% ethanol)
id.
id.
relax and clean
before mounting

AXA or CPD method
id.

Minimum further treatment before Optimal further treatment before

On average traps can be emptied daily (dry collecting), once per week (wet
preservation, high season, tropics) or up to once per month (low season). This
depends on the preservative used, the number of insects collected per day and
the supposed use of the material. If 70% alcohol is used, the material will still be
useful for molecular studies if the material is collected every week but it should
be separated immediately and transferred to 80% to 96% alcohol. The material
should be kept as cool and dark as possible; if the collecting bottle is subhyaline
it may be covered by aluminium foil. In general the catch is first cleaned from
large butterflies, moths and beetles (check for small insects clinging to them!),
followed by pouring off the old preservative and replacing it by 70% or 80%
alcohol. A fine sieve could be used to avoid losing minute specimens when the
old preservative is poured off. A set of sieves of different mesh size can be used
to sort the catch in several fractions, but this requires a lot of fluid and may cause
damage to specimens. The sorting can be done by the unaided eye, with a headlens or in small batches under a binocular microscope. The latter is the best
option, but also the most time-consuming.
Safety
Fieldwork has its normal dangers for the researcher: in the tropics the chance of
getting insect-borne diseases such as malaria and dengue can be lowered by
using bed nets and prophylactic medicines against malaria. Impregnated bed
nets are useful but may cause an allergic reaction. Legs and arms should be
covered after 5 PM to lower the chance of contact by infected mosquitoes.
Leeches are a nuisance but with the use of DEET on the shoes and eventually
on leech-socks the problem is limited. The bleeding of the bites can be limited by
using small pieces of tissue and the bites should be disinfected after bleeding
has stopped. Both in temperate and tropical climates it is important to be aware
of poisonous snakes. In case of allergic reaction to stings from aculeate
Hymenoptera (e.g., hornets and yellow jackets) an antidote should be taken in
the field.
Preservatives used in the traps should be covered with a mesh or fine wire
netting if there is a risk of its being drunk by mammals and birds; this is normally
only a problem when there is an open reservoir below a flight interception trap.
Some chemicals used in the traps, such as cyanide, dichlorvos and deltamethrin,
are poisonous or can cause allergic reactions in humans and should be treated
with care or avoided. During the processing of the material contact with xylene
should be avoided and a fume-hood has to be used; if used outside the
laboratory it should be done in a well ventilated room e.g., by opening window(s)
or in the open air.
In summary, a top 10 of the "does" and "don'ts" is given in Table 2.
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Does
1. good position to block flyways or flight
corridor
2. good position for the collector: in the sun
between 10 AM and 4 PM
3. good position at border of habitat(s)

4. perpendicular to a border when no flyway
or flight corridor can be detected
5. back of trap should be straight to guide
the insects directly to the collector
6. monitor fabric near entrance of collector
for holes and spider webs
7. clean inside of collector before use
8. inform local people about the traps and
arrange protection with a fence of barbed
wire or of chicken-wire netting
9. reduce amount of alcohol or other
preservative before transporting the
catches
10. refresh the alcohol or other preservative
the same day after acquiring the catch

Don’ts
1. trap in shadow, e.g. collector of trap tight
to a tree
2. leaving trap catches in sunlight after
fetching
3. trap in habitat with a lot of butterflies (or
use coarse mesh at the entrance of the
collector)
4. bottle of collector filled up completely
without free space above preservative
5. placement near ant nest
6. use of 96% alcohol when the material
has to be transported before sorting
7. trap well visible near places with many
human visitors
8. large traps in low vegetation because of
unnecessary long distance to collector
9. collector made of non-transparent
material
10. use of formalin

Table 2. Top 10 of good and of bad practices.

2.
2.1.

Traps with collector at top of trap, using positive phototropism
Introduction

The operation of the trap is based on the interception of the path of insects by
means of a fabric or acrylic vertical or oblique barrier and subsequent positive
phototropism. The intercepted insects are attracted by the sunlight to fly or walk
to the top of the trap where the collector is situated. In principle, all flying insects
are collected but groups with strong positive phototropism, such as most dayactive Hymenoptera, Diptera and Lepidoptera, will be most abundant (Fig. 1A,
B). Wingless insects and small flying insects may walk up the barrier
("diaphragm") in Malaise traps and the roof in Schacht traps to the collector, but
the sampling is much less efficient than for actively flying insects. If small
parasitoid Hymenoptera (mainly Platygastroidea, Chalcidoidea and Diapriidae)
need to be collected, fine meshed material (mesh size 0.3-0.5 mm) should be
used for construction. In most other cases a medium-sized (1.0-1.5 mm) mesh
will be sufficient and may be more effective because of less interrupted air
movement. The intercepted insects fly or walk to the collector, where they fall into
a jar or bottle with a preservative.
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2.2.
2.2.1.

Traps with a central diaphragm
Original unilateral and bilateral Malaise traps

Malaise traps are among the most important instruments for collecting day-flying
(and to some degree also night-flying) species of Hymenoptera and Diptera.
Other groups are also collected, but in general less efficiently (Figs 1 & 2). The
trap is named after the Swedish Hymenopterist, insect and art collector Dr. René
Edmond Malaise (1892-1978), who had the first versions made in Burma in 1934.
He discovered the principle when he was camping in Sweden because of an
opening in his tent where a considerable number of insects were gathered
(Malaise, 1937). He proposed three types: a unilateral trap with lateral collector,
a bilateral type with a lateral collector and one with a central collector. Even at
that time he suggested the use of a framework to hang a bilateral trap in the
canopy.

Fig. 1. Pie-diagrams of
catches by a Malaise
trap (Townes design)
during 7 months (17.iii.28. x.1990) in “De
Brand”, near Tilburg (the
Netherlands; data from
van Zuijlen et al., 1996).
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Fig. 2. Pie-diagram of Diptera catches by a Malaise trap in a very humid tropical biotope
near a polluted river in SE Asia (P. Grootaert, unpublished).

The bilateral type with a lateral collector (Fig. 3) was used for the Townes design,
but with the length of the diaphragm twice the depth of the lateral opening; the
latter modification was also suggested by Malaise (1937).
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Fig. 3. Original design of bilateral Malaise
trap.

2.2.2.

Townes' redesign of the bilateral Malaise trap

A major break-through was the simplified design of Dr. Henry Keith Townes, Jr.
(1913-1990) which he published in 1962. Townes type Malaise traps (Townes,
1962, 1972; Fig. 4) are the most commonly used design; they have a handy
format and low weight, are open at two sides, with a diaphragm of about 1.6 m in
the middle as barrier and with one lateral collector with a bottle at the summit.
Either black with a white roof or completely black; the efficiency of having the trap
white, black or bicoloured is a matter of continuing debate. The first author did
not notice negative differences when using all-white traps compared with allblack traps; for some groups like sawflies and Syrphidae the catches seemed
even higher than normal when completely white traps were used. A white object
may better attract insects normally attracted to plants because it reflects all
colours including yellow and green. The bilateral Townes design is vastly
superior in collecting as compared with the "Cornell type" (Matthews & Matthews,
1983). The latter is a quadrilateral design with a central collector comparable to
the SLAM (= Sea Land and Air Malaise trap) design (see Fig. 13).
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Fig. 4. Townes design Malaise trap. (Photo by C. van Achterberg).

The collecting head or collector deserves special attention; the commercially
available designs have a horizontal entrance and are degraded by UV light
and/or are comparatively complicated and expensive. Hutcheson (1991)
proposed a cheap, but not durable, alternative consisting of two polycarbonate
bottles glued and taped together with the trap directly connected to the upper
bottle. The first author designed in 1979 (Figs 5/6) a simple and durable collector
with a 45º angled entrance made of PVC sewage pipe, at the top closed with a
circular Perspex cutting and with an opening made opposite to the entrance and
covered with a piece of Perspex (van Achterberg, 2009). It is almost
indestructible, cheap and not degraded by UV light; the type recently made
together with students at the Zhejiang University at Hangzhou is even cheaper to
manufacture by using plastic drinks bottles (Fig. 7).
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Fig. 5. Large grey PVC collector for
Malaise trap (75 mm/45 degrees, 3.2 mm
+ insert) with 1 l bottle. (Photo by C. van
Achterberg).

Fig. 6. Small grey PVC collector for
Malaise trap (50 mm/45 degrees, 3.2
mm) with 0.2 l bottle. (Photo by C. van
Achterberg).
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Fig. 7. White UPVC collector for Malaise
trap (Hangzhou type) (75 mm/45
degrees, 3.2 mm + insert) with 1 l bottle.
(Photo by C. van Achterberg).

A half-height copy of the Townes design has been used successfully by the first
author in relatively windy sites, when the vegetation is low and/or the trap needs
to be inconspicuous to avoid theft. The half-height copies catch far fewer
butterflies than the normal size and also have a smaller (two thirds the usual
diameter) PVC collecting head, as designed by the first author in 1979 (Fig. 6).
Large numbers of specimens may be collected and, if properly placed for several
weeks or months in the right season, it collects a good sample of the fast and
slow flying taxa present. Depending on the size of the trap, but normally from
near-ground up to 0.8 m height, there is good sampling of the area.
Townes type traps can be used in nearly every habitat, even if no corridor for
placement is available, e.g., boreal tundra. Light-weight designs can be
suspended in the canopy. The most commercially sold version of the Townes
design has on average a total sampling surface (= sum of surface of both
2
openings) of 3 m (Matthews & Matthews, 1983), resulting in a sampling surface
2
of 1.92 m per m length of diaphragm. The designs are generally fairly weather
resistant except under winter conditions with heavy (melting) snow loads on the
roof of the trap. The traps are fairly portable and one person can set up a trap,
but for large numbers of traps two people will perform much better.
Disadvantages are the cost (€ 100-400 per trap, depending on the design, place
of manufacture and quality of the material), the visibility of the trap (they are fairly
large objects difficult to hide from monkeys, humans, cattle, etc.), the time
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needed to find promising places (preferably a corridor) and the total weight
(normally including liquid preservative) if more than a few traps are used. Some
of these disadvantages could be diminished by using thick thermo-sealed
transparent Nylar film; not polyethylene plastic film, because that would
deteriorate too fast in sunlight (Marston, 1965). The collector is made of a simple
bag-shaped wire frame, covered with a bag and a second bag with alcohol is
taped to it. Another approach is to use an insect bed net as a unilateral trap and
add a plastic bag with some alcohol as collector at the top (Butler, 1965).
2.2.3.

Malaise traps with two collectors

Gressitt & Gressitt (1962) published a greatly enlarged design; actually two
Malaise traps joined at their rear parts, with two summits, each with a collector
and a bottle. It results in a large trap (Fig. 8A) with the opening about 2.3 times
longer than in the common Townes design: 6 m long in the commercially sold
version (www.johnwhock.com). The trap has an opening at one side of 4.5 x 1.3
m, thus for both sides a total of 11.7 m2 sampling surface, resulting in 2.6 m2
sampling surface per m length of diaphragm. The migration trap is a modified
Gressitt design: insects are separately collected per side to allow determination
of the flight direction (Gressitt & Gressitt, 1962; Fig. 8B). The Gressitt design is
frequently used for mosquito research. The design is made more complicated by
having two collectors, and its large height (about 3 m) will negatively influence
the catch of weakly flying and minute Hymenoptera. A recently developed
smaller version (Fig. 8B) is lower and easier to place and a version with four
collectors is being developed to determine four flight directions.
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Fig. 8. A. Gressitt design of the Malaise trap; B. Scheme of small Gressitt design (“ezmigration trap”) (from: http://bugdorm.megaview.com).

2.2.4.

Malaise trap with triangular opening and a central collector

Three versions have been developed: the quadrilateral design (Cornell trap:
Matthews & Matthews, 1983), the trilateral design combined with a light trap
(Dufour, 1980; Fig. 9) and, recently, a light-weight bilateral design (Figs 10-12) by
Mr. J. de Rond (Lelystad). The new bilateral design was aimed at collecting small
parasitoid Hymenoptera (especially Bethylidae) in low open vegetation. The
sampling surface is 1.1 m2 per m length of the diaphragm, less than that of the
Townes design, but the new design has a simpler construction, has a lower
weight and should sample small walking parasitoids better. The first results are
promising and the design is probably fairly weather-resistant. Its efficiency might
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be improved by having the roof 30 cm wide at ground level (instead of a few
centimetres in the prototype).

Fig. 9. Scheme of trilateral design combined with light trap (after Dufour, 1980).

Figs. 10-12. Bilateral Malaise trap with triangular opening and a central collector. Photos
and sketch of design supplied by its designer, J. de Rond (Lelystad).
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2.2.5.

Freestanding, floating or hanging polyester fabric quadrilateral
traps with a central collector

For use at a water surface or in the canopy the special SLAM (= Sea Land and
Air Malaise) design has been developed (Fig. 13). It is freestanding (no
supporting rods) and is easily erected by one person. It may be combined with a
bottom collector(s) to become a hybrid between Type I and II flight interception
traps (Fig. 14). The design with one bottom collector (Fig.15) is suitable for
sampling different heights from ground level to the top of the canopy by attaching
several free hanging traps to each other.

Fig. 13. Scheme of quadrilateral SLAM design (from: http://bugdorm.megaview.com).
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Fig. 14. Hybrid SLAM design with
collecting trays (from:
http://bugdorm.megaview.com).

Fig. 15. SLAM design with a bottom
collector (from:
http://bugdorm.megaview.com).
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2.2.6.

Epsilon tsetse fly unilateral trap

This is a triangular fabric trap that attracts flies because it is contrastingly
coloured. The oldest design was a box-type trap for collecting eye gnats and
blow flies (Parman, 1931). It is easy to place and to remove for sampling tsetse
fly populations (for details see www.nri.org and Fig. 16).

Fig. 16. Epsilon tsetse fly trap (from: www.nri.org).

2.2.7.

Bilateral freestanding trap with rounded roof

Recently, a modified Malaise trap was developed with a rounded roof, no
supporting rods and with a screen to prevent butterflies and large moths from
entering the collector (Fig. 17). It is easily erected by one person and may be
more weather-resistant than the Townes design. The sampling surface ratio of
this design is 2.0 m2 per m length of diaphragm, thus slightly improving the
Townes design by about 5%. The incomplete diaphragm may have a negative
influence on the efficiency of the trap, especially for larger arthropods. (for details
see www.//http.bugdorm.megaview.com).
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Fig. 17. Malaise trap with rounded roof design. (Photo by C. van Achterberg).

2.2.8.

Redesigned bilateral Malaise trap

The sampling surface of the most frequently used type of Malaise trap, the
Townes design (see above), is comparatively low. To enlarge the sampling
surface (and probably its efficiency) the first author (van Achterberg, submitted)
proposed an improved design to considerably enlarge the sampling surface
without losing all the advantages and the simplicity of the Townes design. The
redesign is based on four approaches. First is to direct the rear corners of the
roof upwards (they are down in the Townes design), second to place the
transverse sections more outwards (Figs 18 & 19), third to use a somewhat
longer and higher diaphragm and finally to use the improved collector (see under
Townes type).
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Fig. 18. Scheme of the redesigned Malaise trap.

Fig. 19. The first version of the redesigned Malaise trap. (Photo by C. van Achterberg).
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The new design has a sampling surface ratio of 2.73 m2 per m length of
diaphragm, thus improving the Townes design by 42%. The ratio is similar to that
of the Gressitt trap but the latter is twice as high and, therefore, less efficient if
the height is taken into account. In addition, the Gressitt trap has two collecting
heads and is heavier. The first impression of the catches by the new model is
that the amount of specimens of some groups is about doubled, but the
improvement differs per family. The trap has not been used for long enough to
give comparative data yet. The new model will be commercially available in the
near future; please contact the first author.
2.2.9.

Freestanding quadrilateral Perspex trap with a central collector

Mr H.J. Vlug (Scherpenzeel) designed a small freestanding trap of two PMMA (=
PolyMethylMethAcrylate, Plexiglas or Perspex) plates, triangular at the top, one
indented at the base, the other at the top, and connected perpendicularly. On top
of the plates there is a polyester fabric roof with a small central collector. This
small trap is useful for collecting in low vegetation, but it is comparatively heavy
and the construction of the collector is rather complicated.
2.3.
2.3.1.

Traps without a central diaphragm
Schacht trap

The Schacht trap (Schacht, 1988) was designed by Mr. Wolfgang Schacht
(research associate at the Diptera section of the Zoologische Staatssammlung
München). The trap is based on the idea that insects hitting an oblique surface
will walk up the surface and, in the case of the trap, to the collecting bottle (Fig.
20). It is a rather new and little known trap, originally designed for collecting
Diptera, but the Schacht trap may be recommended also for collecting
Hymenoptera in addition to the use of Malaise traps. Although it is less effective,
considering its size and the number of insects collected, it better collects small
insects that tend to walk all the way up to the top, probably also because it works
partly as an emergence trap. There is no diaphragm because it would deter
insects; up to 80% of Hymenoptera flying into a Malaise trap may escape
according to the late Dr. Townes (pers. comm.). The first results show that the
Schacht trap is an excellent trap to sample a large area as a kind of emergence
trap and it attracts (because it is a large white object) and intercepts a large
variety of Diptera and Hymenoptera.
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Fig. 20. Schacht trap (5 m long version). (Photo by C. van Achterberg).

2.3.2.

Cheesecloth flight trap

This is a cage trap designed by Mr H.B. Leech (1955) for collecting Diptera and
parasitoid Hymenoptera in large numbers. The trap has an equal-sided frame of
1.8 m covered with cheesecloth and with a door on the lower part of one side.
The opening should be facing north or east; it traps insects in a way similar to, for
instance, a garage with an open door facing north and a closed window at the
other end. Herting (1969) used the same principle, but with dark textile for the
sides and roof with a large opening at the back. The transparent front is against
the wind; the trap needs to be checked several times per day and the numbers
are rather low.
2.3.3.

Manning trap

About thirty years ago the Manning trap was developed for collecting horse flies
(Tabanidae). The dark (preferably black) central ball hangs free from an open
box with a transparent cover with a central collector at the top (Fig. 21). The ball
is warmed by the sun and is moved by the wind, mimicking a target for the flies.
After discovering the lack of a suitable host they fly off to the sun and are
intercepted by the upper part of the trap. Recently, the "LOER-2007" or
"dazenval" (Dutch for horse fly trap) was designed by Mr. F. van Dungen
(Heesch) for the same purpose. It has a massive black ball to attract the flies and
is half covered by a white fabric hood; the flies are intercepted by the hood and
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die in the central collector from heat on sunny days (Fig. 22). For collecting 200400 horse flies per sunny day the ball should be far from ground level (the total
trap height is about 3 m) and the trap should be placed near woodland edges
and in the sun.

Fig. 21. Manning trap for collecting horse
flies.

Fig. 22. Ball and hood (LOER-2007) trap for collecting horse flies. Left collector with dead
flies (From: www.dazenval.nl).
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3.

Traps with collector at the bottom of the trap, using negative
phototropism

3.1.

Introduction

Many insects associated with the bottom layer of a micro-habitat fly just above
ground level and fall to the ground when they collide with a vertical object. Flight
interception traps with a bottom collector make use of this behaviour to trap
insects, especially Coleoptera (Fig. 23). They are most effective at trapping
relatively heavy, slow-flying insects such as beetles, cockroaches and crickets,
groups that are hardly or not collected in Malaise traps.

Fig. 23. Pie-diagram of catches by a window-pane interception trap in the temperate
climate zone.

3.2.

Transparent bilateral flight interception traps

A vertical screen of glass ("window flight trap" of Chapman & Kinghorn, 1955),
Perspex or transparent plastic, such as PVC cling film, stretched between two
stakes and a trough (or row of e.g., ice cream containers) with preservative fluid
(e.g., water with propylene glycol and detergent) is arranged below its bottom
edge (Figs 24-31). This is sometimes called a "window trap", but this name is
applied to all kinds of unrelated traps, and therefore, the name "windowpane
trap" is preferred for the framed types with glass, plastic or Perspex. A cover may
be placed on top of the trap to avoid flooding by rain (Figs 25 & 26) and small
holes may be made near the rim of the reservoir to allow overflow from rainfall
without loss of trapped material. Nijholt & Chapman (1968) proposed a trap
without fluid to collect living insects. The conical trough under the screen is open
below and connected to a cylinder. The cylinder has a clear plastic bag or a
removable glass jar at the end for collecting the live insects. Chapman &
Kinghorn (1955) suggested the combination with a light source and the use of
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transparent plastic screen without a frame. The presence or absence of a frame
did not significantly influence the avoidance of the trap by Colorado beetles
(Bouteau, 2000), though other tests have not been reported. A modified design
has been used for sampling the forest canopy (Hill & Cermak, 1997; Fig. 26). If
using collecting fluid is a problem the vertical screen can be made sticky and the
insects adhere to the screen (sticky flight interception traps).

Fig. 24. Perspex bilateral window-pane interception trap. (Photo by P.S. van Wielink).
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Fig. 25. Perspex bilateral window-pane interception trap with a plastic roof. (Photo by P.S.
van Wielink).

Fig. 26. Canopy flight interception trap with a polyethylene screen (after Hill & Cermak,
1997).
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3.3.

Transparent quadrilateral flight interception traps

Perspex window-pane interception traps with four collecting sides (=
quadrilateral) are easier to place because of the 360 degrees collecting angle.
This might either stand on four rods over an open reservoir with fluid (Fig. 27), or
be constructed with an integral collector under it (Wilkening et al., 1981). The
latter version can be hung over a stack of wood or in a tree (Fig. 28) or combined
with an upper collector (Wilkening trap; Fig. 29). Hines & Keikkenen (1977) and
Furnes (1981) used a non-transparent cylinder for interception, e.g. one made of
33 cm diameter aluminium pizza plate.

Fig. 27. Perspex quadrilateral windowpane interception trap. (Photo by P.
Grootaert).
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Fig. 28. Suspended Perspex quadrilateral window-pane interception trap with a collecting
bottle at the bottom. (Photo by B. Mériguet).
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Fig. 29. Scheme of Wilkening trap (after Wilkening et al., 1981).
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3.4.

Fabric screen interception traps

A vertical screen ("diaphragm") of fabric is stretched between two poles (Fig. 30).
Trays, yellow pan traps or a plastic trough filled with water, a preservative and
some detergent or with an antifreeze-alcohol solution are placed under the
screen (Fig. 31). The disadvantages are the necessity of a flat horizontal area
without protruding roots, stones, etc., the habit of some beetles to cling to the
fabric with their claws and walk away, the need for transport of sufficient
quantities of fluids, the risk of flooding by showers, the drinking of the fluids by
vertebrate animals and the necessity to collect the captured insects at
comparatively short intervals. Placing a plastic cover on top of the trap may avoid
flooding by rain and using a bitter additive could avoid the drinking of the
collecting
fluid
by
animals.
The
EPPS
biting
fly
trap
(http://www.horselineproducts.com; Fig. 32) is designed for collecting flies,
especially biting flies, near farms by providing a large, contrasting surface area
and two semi-transparent areas (the deflectors). Many biting flies are attracted to
large objects of contrasting colour (mimicking potential hosts like cattle, deer, and
horses) and tend to circle around the host. Flies probably see the deflectors as
open spaces, try to fly through, hit the deflectors, fall into the soapy water of the
trays below and drown.

Fig. 30. Fabric interception trap (with separate trays). (From:
http://www.inbio.ac.cr/papers/manual_coleoptera).
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Fig. 31. Fabric interception trap with several small trays in a large tray. (From:
http://mississippientomologicalmuseum.org.msstate.edu).

Fig. 32. EPPS fly trap using soapy water. (From: http://www.horselineproducts.com).
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3.5.

Trays below the diaphragm of a Malaise trap and use of insecticides

Yellow tray(s) with water, propylene glycol and a bit of detergent or a saturated
salt solution are placed below the diaphragm of a Malaise trap (Figs 33 & 34;
Robert, 1992). Insects (especially beetles) that bounce off will fall down into the
trays with preservative. Masner & Goulet (1981) proposed the application of
insecticide (pyrethroid: deltamethrin) to the diaphragm of the trap to make the
collecting of small insects (especially Hymenoptera) more efficient. Altogether
these measures will about double the collecting by a Malaise trap according to
Campos et al. (2000). The disadvantages are the same as for fabric screen
interception traps, but the results are much better.

Fig. 33. Hybrid unilateral trap with rear diaphragm. (From:
http://www.ento.csiro.au/education).
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Fig. 34. Hybrid trap with the central diaphragm sprayed with insecticide and with a large
yellow reservoir below it. T = top collector; B = bottom collector (From: Campos et al.,
2000)
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4.
4.1.

Direct collecting
Suspended plastic bottles

A low-cost trap can be made from an array of 4 transparent, 2-liter polycarbonate
beverage bottles suspended by their caps in a 2 x 2 array centred on the
underside of a 20 x 30 cm piece of 1.3 cm thick exterior grade plywood. The
plywood platform rests on four 2.5 m long metal rods; this conformation stabilizes
it in windy conditions and protects it from rain (Fig. 35). The bottles each have a
17 cm wide and 13 cm high strip in its side removed to allow the entry of
arthropods. When viewed from the side, the area of the opening in each bottle is
10.5 x 13 cm. The intact bottom of each bottle serves as a reservoir for about
200 ml of collecting fluid (Carrel, 2002). The preliminary results are similar to a
glass or Perspex windowpane trap (e.g., Dobony & Edwards' (2001) Perspex
trap). The results might be improved for Hymenoptera and some other groups by
painting the part of the bottle opposite to the opening yellow or white and the trap
could be protected by wrapping chicken-wire netting around it.

Fig. 35. Scheme of the plywood platform with four suspended transparent polycarbonate
bottles.

457

4.2.

Suspended sticky traps

These are usually yellow or blue plastic (polyethylene) or cardboard panels of 20
x 40 cm with a rain-resistant wet-sticky type of glue (e.g. Tangle) applied to both
sides. The glue may be baited with pheromone to promote the collection of a
certain group. The traps may be transparent, white or coloured: yellow for
whiteflies, aphids, moths, leafhoppers and leaf mining Diptera and light blue for
thrips. Also other groups will be collected by interception. The traps are widely
available because they are used as part of integrated pest management
programs in horticulture, being a non-toxic way to control and monitor insects.
The glue does not dry out and the traps will last until the surface area is
completely covered with insects (but they are of course prone to dust). Several
traps are often suspended among vegetation, including the canopy. Recovering
valuable specimens is problematic; the glue has to be resolved by warm
kerosene, the specimens need extensive cleaning before preparation and fragile
specimens will often be damaged. Although the low price of the traps and their
easy use is a potential advantage, they are not usually a good method for
specimen collection.
5.
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7.

Appendix : Preparation of Hymenoptera and Diptera from alcohol

Most groups of unprepared Hymenoptera are usually stored in 70% alcohol. This
is a safe method, but there are some hazards; dilution of alcohol (of whatever
strength) in which specimens are stored should be avoided, otherwise a
precipitate may form on the specimens. The specimens should be transferred to
fresh 70% alcohol after being collected. Be sure that it is 70% or higher! Lower
percentages often cause precipitation of dissolved fats, etc. and spoil the
specimens. Never put vials containing specimens in alcohol in sunlight (UVradiation, temperature!) and store samples in alcohol as cool as possible; to put
them in the freezer is no problem. Dried out alcohol samples should not be
discarded (van Cleave & Ross, 1947); with a 0.25-0.50% aqueous solution of a
commercial grade of trisodium phosphate specimens are restored in a few hours
(at 35° C in about one hour)!
The preparation of insects stored for a considerable time in 70% alcohol can be
done well by three methods:
1. The most elaborate and most costly method is critical point drying (CPD;
Gordh & Hall, 1979). The specimens are transferred to a small "basket" (a small
numbered mesh container), which restricts the method only to small specimens.
The results for e.g., Eulophidae (Hymenoptera) are much better than air drying
as the heads do not collapse. Freeze-drying is a similar method.
2. The Alcohol/Xylene-Amyl acetate-method (AXA); a less expensive and less
time-consuming method than critical point or freeze-drying and the results are
usually comparable. It is also suitable for large Hymenoptera and large quantities
can be treated at once. It is based on the alcohol-ethyl acetate method used for
the preparation of Syrphidae in the Canadian National Collection of Insects at
Ottawa (Vockeroth, 1966). The ethyl acetate was replaced by amyl acetate by
the late Dr. W.R.M. Mason (working at the same institute) for the preparation of
Braconidae from 70% alcohol. The first author successfully used the modified
version explained below during over 30 years for Braconidae and other
Hymenoptera in the collection of the National Museum of Natural History
(Naturalis) at Leiden.
The alcohol is poured off (carefully, to avoid loosing specimens) and the vial is
filled with a mixture of 40% xylene and 60% alcohol made out of a concentration
of 96% alcohol. After 1-3 days this mixture is poured off again and replaced by
amyl acetate; do not use any kind of (plastic) vials that are susceptible to amyl
acetate and avoid inhalation of the chemicals or contact with the skin. The
insects can be prepared after 1 day (or longer) in the amyl acetate. With forceps
the specimens are taken from the fluid and with the wings stretched out laid on
any kind of slowly absorbing paper (e.g., 180-250 grivorite paper). If the wings
are not well stretched out, the procedure should be repeated or a drop of fluid is
added with the tip of the forceps. After about 15 minutes the specimens are
ready to be pinned or glued. Pinning should be done not later than 25 minutes
after taking out of the amyl acetate to avoid losing legs or its head during pinning.
An alternative is to put a limited number of specimens in a thin layer of amyl
acetate and let it evaporate.
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3. Heat-assisted air-drying from acetone (Trumen, 1968; Walpole et al., 1988) is
an easy and fast method for specimens preserved in alcohol for less than one
year. The specimens may be removed from the 70% alcohol and kept for a few
hours in water, followed by a few hours in acetone. If the specimens are cleaned
before by rinsing them in 70 or 80% alcohol the results are generally slightly less
than of the AXA method or CPD. However, according to Ware & Cross (1989)
and van Noort (1995) the results are the same for some groups of Chalcidoidea.
The direct slow drying of the alcohol (Noyes, 1982) gives much worse results,
especially the wing venation is often less visible because of distortion of the
wings. The latter method lowers considerably the quality of the material of
relatively weakly sclerotised, delicate or small specimens (like Braconidae,
Chalcidoidea and Diptera) and should be avoided unless the specimen is
collected within a few hours. However, for many relatively robust and large
Ichneumonidae, rinsing in 96% alcohol and drying onto absorbent tissue (which
will often enable the wings to dry flat) can be the most practical way to achieve
fairly good and consistent results. Some specialists advocate the use of HMDS
(hexamethyldisilazane) for insects (e.g., Heraty & Hawks, 1998), but the
chemical is expensive (about € 900 per kg plus shipping costs), and in some
trials with Braconidae and Chalcidoidea the results were less good than those
obtained with the CPD, AXA or acetone methods. In addition, HMDS has an
unpleasant smell, is highly flammable and has a strong corrosive effect on eyes
and to a lesser degree on skin and mucous membranes.
8.

Glossary

AXA method: the use of xylene and amyl acetate to prepare material from
alcohol.
Bilateral trap: trap with two open sides or 180º collecting angle.
Central collector: collecting device situated at centre of the trap.
Cornell type Malaise trap: small quadrilateral Malaise trap.
CPD: critical point drying method.
DEET: an insect repellent: N,N-diethyl-meta-toluamide.
HMDS: hexamethyldisilazane.
Lateral collector: collecting device situated at one of the sides of the trap.
PMMA: Perspex or polymethylmethacrylate.
PVC: polyvinylchloride or polychlooretheen (PCE).
Quadrilateral trap: trap with four open sides or 360º collecting angle.
SLAM: Sea Land & Air Malaise trap design.
Unilateral trap: trap with one open side or 90º collecting angle.
UPVC: unplasticised polyvinylchloride.
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Abstract
Up-to-date field techniques for preserving and handling invertebrate specimens
with special emphasis on insects are summarized. Different preservation
techniques for specimens sampled for molecular and morphological analyses as
well as for natural history collections are presented and hints for scientific
labelling of specimens in the field are given. Fluid fixation of molluscs, annelids,
nematodes, and plathelmints are briefly discussed. Fluid or dry preservation of
insects and other arthropods depends on the purpose of the field work and on
the taxonomic groups. The most commonly used killing agents, fixation fluids
and sample containers are discussed. Direct pinning and card mounting of
insects in the field is explained and hints for transport of specimens are given.
The recipes of frequently used reagents and solutions are listed in an appendix.

Keywords: specimen sampling, killing, labelling, transport, fluid preservation,
dry preservation, direct pinning, card mounting
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1.

Introduction

This chapter will discuss the steps following immediately after the collecting
event. The first consideration is what is the purpose of the fieldwork, e.g., what
is supposed to be done with the collected invertebrate specimens. If the
specimens shall not be kept alive for experimental studies or for rearing larvae
to adults (this will not be dealt with in this chapter) the first logical step is the
killing or in some cases the narcotisation of the specimens. If traps like Malaise
traps, flight interception traps, yellow pan traps or pit fall traps have been used
this step can be skipped in most cases as the specimens are normally killed by
a fluid with which the collecting containers in the traps were filled. When the
specimens have been collected alive it must be considered if the specimens will
be used as a whole, i.e. as voucher specimens in natural history museums or if
they shall wholly or partly be used for molecular or morphological investigation.
2.
2.1.

Specimen sampling and labelling
Specimen sampling for molecular analyses

Molecular analyses, such as DNA sequencing, require particular considerations
that preserve DNA and are only briefly considered here. Usually the best option
to preserve the DNA for long time storage is to transfer the specimens to high
percentage ethanol (95-99%) which serves as both, as killing and fixation agent.
A second option is to keep the specimens alive during transport and have them
fresh frozen in the laboratory. This allows storing suitable DNA for decades. The
biggest enemy of DNA is humidity so long time storage in low percentage
ethanol (70%) should be avoided as well as leaving the specimens in moist
atmosphere. Specimens preserved in ethanol should be put in dark and cool
conditions as soon as possible and not left out in daylight during fieldwork (or in
the laboratory!). This applies to all invertebrate specimens sampled in ethanol
whether they are to be used for DNA studies or not. If only low percentage
ethanol is available it may a better option to kill the specimens with a killing
agent, let them dry quickly and store them (or just selected body parts of them)
in the freezer and/or high percentage ethanol in the laboratory. Even if the
specimens are stored in dry collections they usually allow extracting suitable
DNA for ten or more years (in some cases even hundreds of years) but it seems
that the success rate decreases significantly over time.
2.2.

Specimen sampling for morphological analyses

If specimens shall be used for morphological investigation (e.g., anatomical
dissections, thin-sectioning) it is generally most appropriate to kill and store
them directly in a fixation fluid. The fluid normally depends on the taxonomic
group and/or the morphological analyses. Specimens that will be used for
histological work can be preserved in a number of different fluids that often
contain formalin. Fluids like Kahle’s or Bouin’s solution (Appendix 1) are the
best choice for insect larvae as they fix tissues. Kahle’s solution also prevents
larvae from discoloration while Bouin’s solution may change the colour of larvae
to light yellow. Before formalin is used it should be considered that it contains
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formaldehyde which cross-links proteins and makes tissue samples unusable
for DNA extraction.
2.3.

Specimen sampling for natural history collections

In the majority of cases specimens are collected to be stored in natural history
collections for documentation and research. Even though this does not preclude
that parts of the specimens may still be used in future molecular or
morphological studies, the primary purpose of the fieldwork is to yield
specimens that should be preserved and stored as a whole. The question that
arises is if the specimens are to be stored in a dry or a wet collection (i.e.
usually an ethanol collection). In most cases specimens that are to be stored in
an ethanol collection will already be killed and fixated in ethanol directly in the
field (70-80% is the standard ethanol concentration). It can be suitable to add a
small amount of glycerol to the ethanol, which makes the specimens less stiff.
Also glycerol does not evaporate which can be an advantage when containers
do not close hermetically. However, use of glycerol should be avoided for small
winged insects, such as Micro-Hymenoptera as it complicates the subsequent
dry-mounting of these specimens. Glycerol softens the wings in small insect
specimens excessively, so that they will not stay flat when specimens are air or
critical point dried and card-mounted. Only for small winged insects that need to
be slide-mounted (e.g. Thysanoptera), glycerol-ethanol solutions are a good
option. Ethanol vials should be completely filled which makes specimens less
prone to damage during transport. Even small air bubbles that slosh around in
the vials can cause damage to very fragile specimens, so special care should
be taken to minimize these risks in the field. It should be considered that glass
vials that are completely filled with ethanol may crack or even explode in the
hold of an aeroplane. With plastic vials these problems can be overcome but it
is still useful to seal the screw-cap of the vial with stripes of Parafilm® as it may
become loose or undone during transit. An authorization is needed to transport
ethanol in an aeroplane and therefore dry storage of specimens (see 3.3.4)
during transit is more advisable. Specimens that are to be deposited in a dry
collection are normally killed by a gaseous killing agent and stored dry before
they are further processed (e.g., pinned and mounted). Keeping and storing
specimens dry in the field usually requires more care from the collector as
specimens are more fragile and prone to damage compared to specimens
preserved and transported in a fluid fixation agent. This is even more severe
when specimens are completely dried, which can occur within a few hours on a
hot and dry collecting day. Especially dry insects are very delicate and care
must be taken to prevent specimens from loosing legs, heads or antennae
during transport. Many collectors therefore transport the specimens in a moist
atmosphere, which can be a plastic box that is laid out with wet tissue. A few
drops of thymol-camphor solution (Appendix 1) or a few crumbs of crystalline
thymol should be added to the tissue to prevent the specimens from moulding. If
smaller specimens numbers are collected it may also be appropriate to pin the
specimens directly after collecting (e.g., in the field or immediately after in the
hotel or field station) which secures specimens and facilitates subsequent
preparations. Special transport boxes can be obtained from entomological
suppliers. Also in these dry boxes it is appropriate to add thymol as larger
specimens that cannot dry fast may get mouldy.
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2.4.

Labelling

Even experienced biologists tend to inappropriately label specimens so this step
needs special attention as biological specimens loose their significance for
research and documentation if they are not or insufficiently labelled. Labelling
should be done in the field, directly after collecting the specimens or after
emptying the traps. It can be convenient to prepare the labels in advance and
already print parts of the information (e.g., parts of the locality data, name of
collector) beforehand and just add the specific data (e.g., date and altitude) in
the field. External labelling of tubes or transport boxes can be useful but does
not replace a proper labelling of the individual specimens or samples inside the
respective container. The most widespread mistake during fieldwork is to just
add numbers to the specimens and to list the collection data on separate
sheets. Even though the collector has strong intentions to properly label his
samples “some when” after the fieldwork there is always a high risk that this will
never happen and that the collected specimens will loose their scientific value.
It is crucial that specimens are labelled with all necessary collection data:

 Locality (Country, Province, nearest City, Region)
 Name of project (if available)
 GPS data (if available)
 Altitude
 Collecting method
 Date of collection
 Name of collector
Further data (e.g., habitat type, host plant, weather, and temperature) should
also be added on (an) additional label(s). The golden rules (Table 1) should be
followed to minimize the risks of mixing samples or loosing locality information.
Labels for dry specimens should be written with water proof pens or pencils.
Labels for ethanol vials should preferably be written with ethanol-proof ink, e.g.,
Micron archival ink pens (SAKURA corp.) or alternatively with a pencil. Laser
printed labels will not last in ethanol and should not be used. Wet preserved
samples should be generally labelled on tight paper which is not negatively
affected by the fixation agent. Handwritten labels can later be replaced by
proper type-written labels in the laboratory but care needs to be taken that
spelling mistakes are avoided. Long-term storage and viability of ink on
collection labels is a big challenge for curators of natural history collections and
cannot be addressed in this field manual. However, every collector should make
sure (prior to collecting) that long term storage of his natural history specimens
and the necessary curatorial care can be guaranteed by the respective institute.
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Rule 1 Always label the specimens and add the collection information to the specimens
immediately (i.e., directly in the field).
Rule 2 Preferably every specimen gets an individual label, but if this cannot be
achieved due to high specimen numbers at least every sample gets an
individual label.
Rule 3 A sample contains only specimens which have identical collecting data and
which are clearly separated in an individual container from the other samples.
Rule 4 If specimens are pre-sorted into smaller samples every sample needs to get a
proper label.
Rule 5 Labels are always placed inside the vials, labelling the vials just from the
outside is insufficient.
Rule 6 Numbering of samples does not replace locality labels and may later result in
confusion and loss of information.
Table 1. The six golden rules for labelling scientific specimens in the field.

3.

Invertebrate taxa

The right treatment of collected invertebrate specimens is not only dependent
on the purpose of the collecting (see 2.1-2.3) but also on the invertebrate taxon
and its life history stage. Soft bodied invertebrates generally require fixation as
they suffer from shrinkage if air-dried while hard bodied, sclerotized
invertebrates can often be air-dried and may even be damaged if put in ethanol.
However, there are many exemptions from this rule and many taxa require a
special treatment which made it necessary to devote a separate chapter to the
different terrestrial and limnic invertebrates that can be the subject of fieldwork.
3.1.

Molluscs (Mollusca)

If the soft parts of the animals shall be preserved as well as the shell (if
present), it is necessary to narcotize the specimens prior to the killing. This
ensures that the organisms are expanded and fully display their characteristic
features. For this, terrestrial gastropods are best placed in a jar of water. The
animals will die in a relaxed position (outside the shell if it is present) within 1 or
2 days (Sturm et al., 2006). Afterwards the specimens should be transferred into
a preservative, which can be 80% ethanol, a mixture of ethanol (80%), water
(15%) and glycerol (5%), or formalin. Several different preservation methods
have been described for molluscs (see Piechocki & Händel, 1996; Sturm et al.,
2006) but not all of them are practicable for field trips.
Molluscs, which are anticipated to be included in DNA studies, should be
transferred immediately after collecting into 95-99% ethanol.
3.2.

Round worms (Nematoda), flat worms (Plathelminthes), and
segmented worms (Annelida)

Nematodes are usually killed and preserved in the laboratory after they have
been extracted from plant or animal tissue or from soil samples. Due to their
small body size, nematodes are always handled in fluid medium under a
dissection microscope. General techniques for handling, killing and preserving
nematodes are summarized in Kleynhans (1999).
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Flat worms are a diverse group of organisms from which only the Turbellaria
contain non-parasitic groups. The parasitic groups are not included here but
their preservation is discussed in Piechocki & Händel (1996). Aquatic and
terrestrial Turbellaria are best preserved in FAA (Appendix 1). Alternatively,
formalin (5%) can be used as a suitable fixation agent. The problems of
specimen contracting can be overcome by a variety of techniques which are
discussed in Knudsen (1972) and Piechocki & Händel (1996). Some of these
techniques require the use of mercuric chlorides which we would not
recommend (especially not in the field) due to its toxic nature. Final storage of
the flatworms should be in formalin (5%) or in ethanol (70-80%).
From the segmented worms (Annelida), only free living earthworms
(Oligochaeta: Lumbricidae) and leeches (Hirudinea) are dealt with here.
Oligochaete worms shall not be placed immediately in ethanol (unless they are
to be used for molecular study) as they shrink. The specimens are washed in a
shallow dish and killed in a weak formalin solution (1-2%). It is important to slew
the specimens with forceps constantly in the formalin solution which limits the
number of specimens that can be dealt with to about five specimens per
treatment. After the oligochaete worms got immobilized they are stretched
outside the solution. The specimens are then placed on blotting paper and
permanently wetted with formalin solution. Alternatively, specimens can be
covered by cellulose which has been imbued with formalin. After the specimens
hardened (after 30-40 minutes) they need to be transferred into glass vials,
which should be long enough to house the specimens. The vials can be either
filled with formalin solution (5%) or ethanol (70-80%). Leaches are narcotized in
5-15% ethanol until they do not show any reactions anymore. This may take ½
to six hours depending on the size and physiological condition of the specimen.
Fixation occurs in formalin solution (1:4), ethanol (70%) or formol-alcohol
(Appendix 1).
3.3.

Arthropods (Arthropoda)

Arthropods are the most diverse group of terrestrial organisms and their overall
abundance and diversity makes them an important target group for fieldwork.
Soft bodied arthropods are best transferred by spring steel forceps which allows
safe handling without damaging the specimens (Fig. 1). Small, hard bodied
arthropods are best handled or divided into smaller samples with the help of an
aspirator (Fig. 1). In the following we will discuss different preservation methods
for arthropods, which are best practicable in the field.

Fig. 1. Handling arthropods in the
field. Delicate, soft bodied specimens
can be handled with spring steel
forceps. Minute, hard bodied
specimens are best transferred by an
aspirator which can be obtained from
entomological suppliers. (Photo by
authors).
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3.3.1.

Fluid preservation of arthropods

There can be a difference between the collecting and fixation fluids which are
used for fieldwork and fluids which are used for permanent preservation in
natural history collections. Here we only discuss those methods which are used
during fieldwork, i.e. which concern the collecting and short-term storage during
transport. In most cases specimens are directly killed and preserved in the
same fixation agent but sometimes the killing agent can differ from the fixation
agent. For example, it can be more suitable to collect (and kill) arthropods in
water or salt water (e.g., in a pan trap) as ethanol or other fixation agents may
act as repellent or attractant thus artificially altering the species composition and
diversity of the samples. However the time specimens are kept in non-fixation
agents must be held to a minimum as specimens will start decaying within 1-2
days (depending on the temperature).
Standard fixation fluids for arthropods are:

 70 -80% ethanol (higher alcohol concentration should only be used when
specimens are to be included in molecular investigations). This is by far the
most common fixation agent and suitable for the vast majority of arthropods.

 2% acetic acid (like the concentration of vinegar), also feasible for
permanent preservation. It is normally used for well sclerotized taxa like
Coleoptera, Heteroptera or ants, which shall be dry- mounted in the
laboratory. The specimens stay soft and elastic and normally do not need to
be relaxed prior to dry-mounting. However, acetic acid is not feasible for
most Arachnida and Crustacea because the specimens become too soft
and Crustacea will even loose their integumental calcium deposits.

 Acetic acid-glycerol-alcohol solution (AGA) is suitable for small wingless
arthropods such as mites (Acari) and for small winged forms like thrips
(Thysanoptera). AGA is not suitable for winged forms that are intended to
be dry-mounted.

 Lactic alcohol is suitable for aphids (Aphidoidea) and scale insects
(Coccoidea).

 Saturated picric acid solution (odourless, only used as fixation liquid, sample
has to be transferred into ethanol afterwards). A negative side effect is that
specimens fade into yellow according to the luminous yellow colour of the
picric acid.
The standard preservation fluid for short and long term storage of arthropods is
70 -80% ethanol. There are a number of different vials available from which
those with a screw top should be preferred. Glass vials (Fig. 2) are commonly
used but during field work they always bear the risk of being broken, which may
lead the specimens to be lost and the collector to be injured by scattering glass
pieces. The best option for field work is to use transparent plastic vials with
screw tops (Fig. 3). Alternative preservation fluids which may depend on the
taxonomic group or the purpose of the field work can be found in Appendix 1. In
general, formalin is not recommended for collecting and preserving arthropods.
Specimens become very rigid which complicates the handling. In some cases
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this effect may be desirable, as for soft-shelled specimens or larval instars or for
specimens that are intended to be included in anatomical dissections.

Fig. 2. Handling Glass vials are not a good choice for storing specimens during field
work as they are heavier and less safe than plastic vials. (Photo by authors).

Fig. 3. Plastic vials are safer than glass vials during field work and also less heavy. A
screw top with a ring gasket tightly closes the vials and prevents evaporation of the
ethanol. The transparency of the vials allows the collector to check the content and
labels without the need to re-open the vials. (Photo by authors).
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3.3.2.

Dry-mounting of insects after fluid fixation

The used fluid can be of great importance if the collector’s intention is to drymount specimens after fixation in a preservation fluid. Acetic acid (2%) is
recommended for well sclerotised taxa like beetles (Coleoptera), bugs
(Heteroptera), and ants (Formicidae). Specimens in ethanol mostly become
rigid and handling and mounting is complicated. Better results are only
accessible via more elaborate methods like chemical treatment, heat impact or
critical point drying. Inapplicable for dry-mounting after fluid fixation are
Lepidoptera, Diptera, as well as pilose and coated Hymenoptera. MicroHymenoptera as well as any other small and delicate insect specimens should
only be mounted after critical point drying. In these cases it is necessary to
transfer them along an ethanol series in the laboratory, in which the ethanol
concentration is gradually increased from 70-80% via 90% and 95% to absolute
ethanol. Also for some insect larvae and small arachnids it can be more
advisable to mount them after critical point drying instead of storing them
permanently in ethanol.
3.3.3.

Standard methods for dry preservation and mounting of insects

The standard method for dry preservation of well sclerotised insects is the use
of specific insect pins. All characters of the specimen should be readily visible
by mounting it in a characteristic manner like spreading wings and limbs. There
are some different setting and mounting recommendations according to the
taxonomic group to be mounted.
Dry-mounting and pinning is recommended or even necessary for the following
groups:

 Lepidoptera
 Coleoptera
 Hymenoptera
 Diptera (partim: most Brachycera, single Nematocera groups)
 Heteroptera
 Saltatoria and other “Orthoptera“
 Odonata (imagines and exuviae)
 Neuropterida (partim)
All other taxonomic insect groups as well as insect larvae, Arachnida,
Myriapoda, and Crustacea are best killed and preserved in 70 -80% ethanol.
There are 3 established alternatives of pinning (with some modifications in
special cases) which are determined by the specimens’ dimensions:

 Direct pinning of the specimen with commercially available insect pins of
different size for well dimensioned objects.
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 Direct pinning of the specimen with commercially available minuten pins of
different sizes for small specimens (standard method for Micro-Lepidoptera).
Minuten pins are to be pinned into small double mount strips, which are
again pinned with common insect pins (see Schauff, undated, for more
information).

 Gluing the specimens onto small paper cards of different size and shape.
This method is also referred to as card-mounting.
Direct pinning of specimens should be done with an insect pin that fits to the
specimen’s size. The standard size for insect pins is 1 or 2 which fits for most
Lepidoptera, large Hymenoptera and many Coleoptera. Larger specimens
should be pinned with size 3, 4 or 5, while for smaller specimens, pins with size
0, 00, or even 000 are available. However, it should be noted that pins with size
0 or smaller are difficult to handle. Pinning through the labels or through the
paper layer of insect boxes should be done with great care as the thin pins are
easily twisted. Therefore, it may be more appropriate to use minute pins or glue
for very small specimens. Direct pinning of insects should be done in a way that
the pin is in a right angle to the body (Fig. 4). The insect specimens should rest
about 1/3 of the pin length away from the top. This gives enough space to
handle the specimens, i.e. to grip the top of the needle by the thumb and the
index finger without damaging the specimens with the fingertips or fingernails.
The specimens should not rest further away from the top of the needle as the
bottom space is needed for collection and determination labels. The pin is
usually inserted through the mesothorax but the exact insertion point depends
on the insect group (Figs 5A-D). Bugs (Heteroptera) are pinned submedially
through the scutellum (Fig. 5A). In Hymenoptera and Diptera the insertion point
is slightly removed laterally from the median axis (Fig. 5B). This allows median
sculpture or bristle patterns to remain intact and visible medially and also on
one side. Beetles (Coleoptera) are pinned through the right elytron (Fig. 5C). In
butterflies and moths (Lepidoptera) the insertion point is in the middle of the
mesothorax (Fig. 5D).

Fig. 4. While pinning an insect specimen care must be taken that the needle is in a right
angle to the body of the insect. This needs to be checked in frontal and lateral view.
(Photo by authors).
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Fig. 5. Insertion of the insect pin, as exemplified in the orders of A. Heteroptera; B.
Hymenoptera; C. Coleoptera; and D. Lepidoptera (after Abraham, 1991). See text for
more details.

Very small insects (body length below 3 mm) should never be directly pinned on
minutens as specimens will always be damaged or lost over time. Cardmounting is the method of choice for small beetles, bugs and MicroHymenoptera. Beetles and bugs are usually glued on rectangular cards (Fig. 6).
Small Hymenoptera can either be glued on rectangular cards or on the tip of
card points, which are small triangles of stiff paper (Fig. 7) (Noyes, 1982, 2009).
The latter method has the advantage that the specimen can also be observed in
ventral view. The paper cards with the mounted insects are pinned with
common insect pins of larger size (sizes 3 to 5). Pins of that size can easily be
inserted through the paper cards. The glue should be water-soluble or ethanol
soluble so that specimens can easily be removed from the card in case they
need to be re-mounted without being damaged. Noyes (2009) recommends
glues, which were made from animal products. The best option is to use shellac,
a resin produced by lac bugs (Coccoidea). It is important to use shellac (or any
other glue) in the right solution, i.e. the glue should not be too thin (the
specimen will sink in the glue) or too thick (the specimen will not attach tightly
enough). Shellac can easily be brought to the right viscosity by adding drops of
ethanol or by letting part of the ethanol evaporate from the glass tube in which
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the resin is deposited. Shellac is commonly used in North America but less
widespread among European entomologists. Shellac resin can be obtained from
entomological suppliers in the United States. However, even if we would
recommend shellac over other glues, there are also a few drawbacks of shellac
which are best summarized in Noyes (2009). Seccotine (fish glue) is a watersoluble glue and a good alternative to shellac. Noyes (pers. comm.)
recommends the use of shellac for card points and seccotine for card
rectangles. For long and slender insect groups, e.g. ichneumonid wasps, it can
be an alternative to glue them on to the side of an insect pin with shellac.

Fig. 6. Card mounting is the method of choice
for small sized insects. Small beetles are
usually mounted and glued on rectangular
paper cards, which are available in various
sizes from entomological suppliers. (Photo by
authors).

Fig. 7. Card points are small
triangles of stiff paper that allow
specimens to be observed from all
sites if specimens are glued laterally
to the tip of the triangle. This is a
suitable method for mounting MicroHymenoptera. (Photo by authors).
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Accepted killing methods for arthropods to be dry-mounted are:

 Jar, containing absorbent paper saturated with ethyl acetate (Fig. 8B). This
method is suitable for most insects apart from Lepidoptera. Avoid too wet
content of the jar because of possible agglutination of small, pilose, or
coated specimens.

 Potassium cyanide inside a killing jar (Fig. 8D). This is best method for
Lepidoptera, except for some resistant groups like Zygaenidae moths. It is
also feasible for most other taxonomic groups. Safety regulations are
essential to avoid intoxication! It is the responsibility of the collector to make
sure that the killing jars are always kept under supervision and do not get
into the hands of others!

 Ammonium chloride, injected via syringe (Fig. 8C). This can be used for
larger butterflies and moths effecting rapid killing and for softening rigour
mortis.

 Freezing.

Fig. 8. Devices against moulding and for killing specimens. A. Thymol prevents
specimens from fungal damage and can be applied crystalline or in a solution; B. Ethyl
acetate is used for most insects apart from Lepidoptera; C. Ammonium chloride is used
for larger Lepidoptera and injected by a syringe; D. Killing jars containing potassium
cyanide can be purchased from entomological suppliers in various sizes. Specimens are
usually killed in smaller jars and transferred into a large jar after they are narcotized.
Layers of tissue between the specimens prevent them from mechanical damage during
fieldwork. (Photo by authors).

476

3.3.4.

Preservation in the field and transport

If time availability and the amount of samples permit, it is good practice to
mount or prepare for dry preservation.
Even if this is not possible, the right preparations and transportation conditions
are essential for best quality of set specimens. When pinning and mounting
sheetings and/or setting boards, transport and store boxes are available they
should be used already in the field. Protected and dry storage is important;
especially intruding ants could be fatal. In many cases setting in the field is not
possible. In these cases, the following recommendations should be noted to
facilitate later setting and mounting:

 Use cardboard tubes of different diameter for transport (Fig. 9). Both sides
of a tube are to be closed with a cotton plug. The freshly killed sample is
placed directly inside the tube. It can be transferred into a soften chamber
afterwards for preparation of setting and mounting. Check adequate
labelling! This method is feasible for strongly sclerotized specimens (e.g.,
beetles) which need to be stored during fieldwork before they can be drymounted in the laboratory. However, scaled, pilose, and coated specimens
could be rubbed off during transport. Cardboard tubes are preferred over
glass or plastic ones as they are lightweight, fracture-proof and absorb
moisture. The tubes are to be stored inside of feasible sealed transport
boxes containing crumbs of thymol (Fig. 8A) against moulding.

 Use butterfly envelopes of different size, made of vellum (Figs 10, 11). This
is the best method to transport or even store dry unset Macro-Lepidoptera,
but also feasible for other winged insect orders like Odonata and
Neuroptera. It is important to “close” the specimens inside of the envelope
with the wings folded upwards. This protects the more important upper sides
of the wings (as identification characters) against rubbing and facilitates
later setting and spreading. If this is not possible in case of rigor mortis, the
specimens have to be injected by syringe with ammonium chloride to soften
rigor. Placing more than one specimen into one envelope should be avoided
as they may damage each other during transport. Every single envelope
has to be labelled individually with the full locality data! The envelopes are
to be stored inside of sealed transport boxes containing crumbs of thymol
against moulding (Fig. 11). For softening the specimens the whole envelope
has to be transferred into the soften chamber without removing its content.

 Use small plastic boxes laid out with layers of cellulose wadding. Freshly
killed insect specimens can be placed between the layers and will be
protected during transport. Thymol should be added against fungal damage.

 Use transport boxes with plastazote foam pinning bottoms (Fig. 12). Insects
can be pinned without setting and plunged into the box in a space-saving
manner. For later setting, mounting or spreading, they can be softened
easily inside a soften chamber. This is feasible for all well sized specimens,
which are to be pinned and set. Adding labels to every single specimen is
essential! Fragile Micro-Lepidoptera that cannot be transported on setting
boards (this is the preferred option) should be pinned directly onto
plastazote in small transport boxes (Upton, 1991). Spreading the wings with
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minuten pins can easily be done in the field and the roughness of the
plastazote will hold the wings in place (Fig. 12). This method does not
replace proper spreading on a setting board but will greatly facilitate this as
the wings are already partially spread.

Fig. 9. Cardboard tubes are ideal for hard bodied insects, such as beetles. Specimens
are ideally protected during transport and less prone to moulding as the tubes absorb
moisture. (Photo by authors).

Fig. 10. Envelopes for storing insect groups, such as Lepidoptera can be easily folded
from rectangular paper (after Abraham, 1991).
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Fig. 11. Vellum envelopes are a simple option for storing Lepidoptera specimens as they
do not need to be hand-folded but can be readily purchased in various sizes from
philately purchasers. The envelopes are best stored in tightly lidded boxes which can be
laid out with wet cotton. The moist atmosphere keeps the specimens relaxed before
mounting. Thymol must be added to prevent moulding. (Photo by authors).

Fig. 12. Transport boxes with plastazote foam pinning bottoms are ideally suited to
transport pinned insects in the field. Fragile Micro-Lepidoptera that cannot be transported
on setting boards should be pinned directly with minutens onto the plastazote. The wings
should be spread and the roughness of the plastazote will hold them in place. This
greatly facilitates later spreading on a setting board. (Photo by authors).
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6.

Appendix I: Reagents and solutions suitable for field work

Acetic acid-glycerol-alcohol solution (AGA) (fixation of small arthropods and
thrips)
1 part of glacial acetic acid
6 parts of ethanol (95%)
4 parts of H20
1 part of glycerol
Alcoholic thymol-camphor solution (prevention of mould)
100 ml ethanol (96%)
5 g camphor (crystalline)
10 g thymol (crystalline)
Bouin’s solution (fixation of insect larvae for histological work)
70 parts of picric acid solution
25 parts of formalin
5 parts of glacial acetic acid
Formal-acetic-alcohol (FAA) (fixation of flatworms and other animals)
10 parts of formaldehyde solution (saturated) (= 100% formalin solution)
50 parts of ethanol (95%)
2 parts of acetic acid
40 parts of H20
Formalin
Refers to a saturated solution of formaldehyde. Formaldehyde comes in a
saturated solution of 39-40% which equals a 100% formalin solution. That
means that e.g. a 10% percent formalin solution can be obtained by adding 1
part of formaldehyde (saturated) to 9 parts of water.
Formol-alcohol (fixation of some annelids)
1 part formol
2 parts ethanol (80%)
Kahle’s solution (= Pampel’s fluid) (general fixation of insect larvae)
30 ml ethanol (95%)
10 ml formalin (35-40%)
2 ml glacial acetic acid
60 ml H20
Lactic alcohol (for aphids and scale insects)
2 parts of ethanol (95%)
1 part of lactic acid (75%)
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Abstract
This chapter is a brief introduction to inventory methods for mammals in
terrestrial habitats, with a focus on trapping methods for terrestrial small
mammals, bats and medium-sized (meso-) mammals. For large mammals we
refer the reader to more detailed sources. We suggest guidelines for designing
a study, introduce selected trapping and handling procedures, and make
recommendations for field equipment and data recording. Practical notes and
hints based on authors’ field experience are integrated in all sections of the
chapter. Additionally, the authors review safety precautions and cover practical
aspects for what to do “before launching” an expedition.

Key words: animal handling, bats, preservation, small mammals, trapping
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1.

Introduction

Aim of this chapter is to describe inventory methods for mammals in terrestrial
habitats, with an emphasis on small- and medium-sized (meso-) mammal and
bat surveys through a variety of trapping methods. We provide guidelines for
designing a study, specify trapping and handling procedures, and make
recommendations for field equipment and primary data records. Practical notes
and hints based on our own field experience are integrated in all sections of the
chapter.
For practical aspects the outline of the chapter is based on three non-taxonomic
groupings. Due to the difference in mammal body size and their mode of life,
such as volant and non-volant, specific methods, techniques and approaches
are required and are therefore treated separately. We give a brief introduction
on mammalian diversity and define operational terms for “Small-, Medium-sized
and Large Mammals”.
1.1.

Mammalian diversity

The Class Mammalia can be coarsely divided as follows (Simpson, 1931):



Subclass Prototheria (Monotremes, one Order)
Subclass Theria
 Infraclass Metatheria (Marsupial Mammals, seven Orders)
 Infraclass Eutheria (Higher Mammals - Placentalia; 21 Orders)

According to the most recent (3rd) edition of the standard taxonomic reference
work, Mammal Species of the World (Wilson & Reeder, 2005; hereafter:
MSW3), the class Mammalia comprises 5416 species (Tab. 1). Of these 2277
(42 %) are rodents (Rodentia), 1116 (20.6 %) are bats (Chiroptera) and 428
(7.9 %) are shrews and allies (Soricomorpha). However, these numbers are a
taxonomic “snapshot” in time. Taxonomy is extremely dynamic, especially since
the advent of molecular genetics has accelerated the revision of taxonomic
groups and species delineations, but also with increased efforts to survey the
last undisturbed places in a race against accelerating extinctions (Wilson,
1992).
MSW3 includes 787 more species than the 2nd (1993) edition, 260 species of
which are newly described species. Ten of these were large mammals (8
artiodactyls, 1 carnivoran, and 1 whale). The vast majority were small
mammals: 49 bats, 18 soricomorphs (17 shrews, 1 solenodont), and 128
rodents. This rapid increase in known mammal species highlights the
importance of continued, standardized survey work throughout the world,
particularly in habitats that are little known and/or in danger of being destroyed
due to logging, mining, or other forms of “development“. Since much of All Taxa
Biodiversity Inventory and Monitoring (ATBI+M) focuses on biodiversity surveys,
conservation assessments and baseline data collections, we recommend using
MSW3 (or its subsequent editions) as a taxonomic standard and referring to
more recent taxonomic changes in the primary literature only in specific cases.
For more information on mammalian diversity and natural history consult Cole &
Wilson (1996).
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Order

No. of
Species

% of
Total

Order

No. of
Species

% of
Total

Rodentia

2277

42.04

Scandentia

20

0.37

Chiroptera

1116

20.61

Perissodactyla

17

0.31

Soricomorpha

428

7.90

Macroscelidea

15

0.28

Primates

376

6.94

Pilosa

10

0.18

Carnivora

286

5.28

Pholidota

8

0.15

Artiodactyla

240

4.43

Paucituberculata

6

0.11

Diprotodontia

143

2.64

Monotremata

5

0.09

Lagomorpha

92

1.70

Sirenia*

5

0.09

Didelphimorphia

87

1.61

Hyracoidea

4

0.07

Cetacea*

84

1.55

Proboscidea

3

0.06

Dasyuromorphia

71

1.31

Notoryctemorphia

2

0.04

Afrosoricida

51

0.94

Dermoptera

2

0.04

Erinaceomorpha
Paramelemorphi
a

24

0.44

Microbiotheria

1

0.02

21

0.39

Tubulidentata

1

0.02

Cingulata

21

0.39
Total Number of
Mammal Species

5416

Table 1. Mammalian Orders based on Mammal Species of the World 3rd Edition listed in
descending order of species diversity with percentage of total mammal species. *Two
orders are comprised entirely of species that are highly adapted for life in aquatic
(primarily marine) environments.

1.2.

Definition of “Small, medium-sized and large mammals”

We will frequently refer to small and medium-sized mammals not as taxonomic
groupings, but as practical subdivisions that require different methods and
approaches.
“Small mammals” are usually divided into small terrestrial and volant mammals
(bats). Terrestrial small mammals commonly refer to everything smaller than the
largest rodents (capybara, nutria, grasscutter) or lagomorphs (hares, rabbits
and pikas). Although some authors (e.g. Bourlière, 1975; Stoddart, 1979;
Gaines & McClenaghan Jr., 1980) include in “small mammals” all mammal
species, whose weight or size is less than a hare (3-5 kg), we include in “small
mammals” only species weighing less than 500 g, the upper size limit that can
easily be caught in commercially produced live traps (see Section 2.2) used in a
standard small mammal survey. There is a considerable range of species within
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this limit, including shrews, moles, most rats, mice, lemmings, gerbils, jerboas,
dormice and many squirrels (Delany, 1974).
“Medium-sized mammals” is often used for small carnivores, small primates,
large rodents, hyraxes, and pangolins that are not adequately covered by small
mammal trapping arrays and require larger (wire mesh) traps. Some of these
mammals can also be detected through non-trapping “observational” methods,
such as track censuses or automatic camera traps. This group includes some of
the most secretive, hard to survey, and hence still poorly known species.
“Large mammals” include most diurnal primates, most carnivores larger than a
fox or house cat, all perissodactyls (horses, rhinos, tapirs) and artiodactyls
(including the relatively small duikers). There will be some overlap between
these broad categories. For example, in North America the smaller weasels
(Mustela sp.) are caught in traplines set for rodents and shrews (about 1 weasel
per 200 rodent captures, J. Decher, unpubl. data), but these traps exclude the
larger mustelids like mink Neovison (Mustela) vison or Marten and Fisher
(Martes sp.). In Africa the largest rodents (Atherurus, Cricetomys, Thryonomys,
etc.) are best caught in large wire traps (Tomahawk, Havahart) and often show
up on automatic camera trap pictures.
In section 2.1 we provide a brief summary of field techniques for medium-sized
mammals in species inventories. Medium-sized mammals are generally much
less known than larger mammals. We do not address the vast methodology on
large mammals, because it is adequately presented elsewhere (e.g. Caughley,
1977; Davis, 1982; Wilson et al., 1996; Martin et al., 2000). A specific chapter in
this volume is dedicated to camera-trapping (see Chapter 6), which in recent
years has been developed into an efficient method for surveying both mediumsized and large mammals.
2.

Field techniques

2.1.
2.1.1.

Medium-sized mammals
Trapping methods

Trapping of medium-sized mammals is generally more challenging and costly
than trapping of small mammals, and therefore it is more often used for focal
studies (e.g. radio-tracking or collection of DNA samples) than for species
inventories. Moreover, some species or groups of species will require ad-hoc
trapping methods: for example, small nocturnal primates can be trapped using
Chardonneret traps (15 x 15 x 23 cm) baited with bananas and placed in trees
(Doggart et al., 2006); the larger elephant-shrews of the genus Rhynchocyon
have been successfully trapped using fishing nets strung along the forest floor
(Rathbun, 1979). For general trapping methodology and procedures we refer to
the detailed account on small mammals presented in Section 2.2. Suitable traps
for medium-sized mammals are commercially available, e.g. Tomahawks and
Havaharts (details in Section 2.2). They consist of foldable cages made of
galvanized wire mesh and can be single or double-door; the size varies
depending on target species, with 18 x 18 x 61 or 23 x 23 x 66 cm being a
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standard size for trapping small carnivores and large rodents. Because of
limited survey budgets, it is rarely possible to purchase large numbers of these
traps and therefore trapping will be more successful when animal’s trails, nests
or burrows can be found, which in tropical countries is usually facilitated by local
hunters. Medium-sized mammal traps need to be checked very frequently as
captured animals may become stressed quickly and hurt themselves trying to
bite or dig through the mesh.
2.1.2.

Observational methods

“Observational methods”, including camera-trapping, can be used to survey
some groups of medium-sized mammals. There are three types of observational
methods: (1) direct observations, (2) identification of dung, tracks and other
signs, and (3) camera-trapping, i.e. the use of remotely set, automatic cameras.
Because of the more challenging technological implications and recent
advances and applications in camera-trapping, this method is described in full
detail in Chapter 6. There are firm indications that camera-trapping is a very
cost-efficient method of surveying both medium-sized and large mammals,
especially in forest habitats, where visibility and track/dung detection may be
difficult (see Chapter 6 and Bowkett et al., 2006). Nevertheless, both direct
sightings and signs should be considered either as an alternative method or to
complement camera-trapping surveys.
In general, direct observation is not an efficient method to detect medium-sized
mammals. There are a few exceptions, for example the nocturnal primates,
whose eye shine is easily sighted at night using head torches (Doggart et al.,
2006). Some of the locally common small African carnivores, such as palm
civets and genets, can also be sighted with torches during night walks. Tracks,
scats and other signs can, instead, be more easily recorded in the course of any
survey. Photographs, possibly including a scale reference, can assist with later
identification confirmations, and localities should be recorded with a handheld
GPS unit. Sometimes indigenous knowledge (especially from hunters) can be
useful for a preliminary list of species and/or help with identification of signs.
Chances to detect tracks can be increased with tracking stations, by clearing
portions of an animal trail and covering the ground with fine sand or with special
track plates with surface blackened using smoke or printer toner (Zielinski,
1995; Wemmer et al., 1996; Foresman & Pearson, 1998). Synthetic attractant or
natural lures can be placed at tracking stations, especially to attract carnivores.
An introduction to mammalian signs including tracks, nest and burrows, scats
and food caches is provided by Wemmer et al. (1996). A more detailed
treatment on tracking in the North American temperate environment is found in
Rezendes (1999). Field guides to the identification of signs and tracks for
different parts of the world can be found in corresponding specialised field
guides for mammals (Stuart & Stuart, 1994; Rezendes, 1999; Bang &
Dahlstrom, 2001; MacDonald & Barrett, 2002; Ohnesorge & Scheiba, 2007).
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2.1.3.

Indirect methods

Indirect surveys of small carnivores may involve hunting or fur harvest records
such as the classic study of Canada lynx (Lynx canadensis) cycles and more
recent work on mink (Neovison vison) in Canada (Elton & Nicholson, 1942;
Shier & Boyce, 2009), surveys of meat markets in Africa (Anadu et al., 1988;
Angelici et al., 1999; Crookes et al., 2005), or setting up scent marking stations
with hair traps to monitor small carnivores (Schmidt & Kowalcyk, 2006).
2.2.

Small mammals

Even though terrestrial small mammals are often quite abundant, they are rarely
observed and (except in snow or sand) their tracks are rarely seen and hard to
identify to species. However, they can be easily sampled with sufficient
numbers of traps or pitfalls, and the most abundant species in a small mammal
assemblage allow for population estimates using capture-mark-recapture
protocols (Smith et al., 1975; Caughley, 1977; Krebs, 1989). Most small
mammals are easily handled requiring relatively little specialized equipment.
2.2.1.

Traps and bait

For
most
terrestrial
small
mammals
the
Sherman
live
trap
(http://www.shermantraps.com) has become the standard foldable, very
portable and efficient trap of choice (Fig. 1). H. B. Sherman makes several sizes
and has recently started to offer most models with perforated walls, which
should help prevent overheating in hot grassland or semi-desert environments.
The standard model (LFA-TDG, 7.5 x 9 x 23 cm) is the most widely used trap,
especially in the United States. In tropical environments we have found the
extra long model (XLK, 7.7 x 9.5 x 30.5 cm) to be preferable given the larger
average size of tropical mammals and the long tails of many genera (e.g.
Malacomys, Dephomys). If only the standard model is available, but capture of
long-tailed species is expected, traps could be modified to avoiding injury of the
animals by attaching a small spacer piece at the top rim of the trap which
creates a narrow gap (ca. 3 mm) for the animals to safely pull their tails into the
trap. The largest model (XLF15, 10 x 11.5 x 38 cm) has been tested
successfully by one of us (J. Decher) with small mammals. It should
theoretically be useful in a study focusing on small mustelids or herpestids, but
many medium-sized mammals can be extremely shy to enter a trap with solid
walls and a wire or cage trap like the Tomahawk models
(http://www.livetrap.com) is preferable.
In colder climates the small mammal trap of choice may be one that has a nest
box attached, such as the British Longworth trap (Penlon Ltd., Oxford, U.K.,
http://www.alanaecology.com). However, the Longworth design is not
collapsible, and the traps are considerably more expensive than the standard
Sherman trap. The usability of Sherman traps in colder climates can be
extended by placing the traps into “waxed cardboard” containers (Fig. 2) saved
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Fig. 1. Popular trap types.
Back: Collapsible
Tomahawk trap for
squirrels, small carnivores,
and large rats. Centre:
Standard-sized collapsible
Sherman trap. Front left:
Victor Rat trap. Front right:
Museum Special snap
trap. (Photo by Jan
Decher).

Fig. 2. Standard Sherman Live
Trap (LFA-TDG, 7.5 x 9 x 23
cm) protected in a 2 litre milk
carton. (Photo by Anke
Hoffmann).
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from milk or juice products. Some bedding like cotton or shredded paper can be
stuffed into the very back of Sherman traps as well as additional food, as long
as it does not block the treadle mechanism. In general, live trap survival can be
improved if covers are used to protect traps from the elements (sun, snow, rain).
In one comparison of small non-folding (5.4 x 6.5 x 17 cm), and large
(7.7 x 9.1 x 23 cm) folding Shermans with two-piece Longworth traps
(13.8 x 6.4 x 8.4 cm), small Shermans captured the most animals and appeared
to be the most effective traps for smaller-sized mammals. Longworth and
Sherman traps exhibited species-specific differences in capture rates
suggesting that they should be used in combination to reduce overall bias
(Hoffmann, 1995; Anthony et al., 2005). Similarly Nicolas & Colyn (2006)
compared the efficiency of Sherman traps, metal snap and pitfall traps and
concluded that an assortment of traps should always be employed in studies of
small mammal communities in African rainforest in order to obtain a wider range
of taxa, and thus a better representation of the community.
Larger wire traps are offered in numerous sizes, and in single or double door
and rigid or collapsible versions by the Tomahawk (http://www.livetrap.com, see
Fig. 1) and Havahart (http://www.havahart.com) trap companies. Some rapid
biodiversity assessments when maximum trap success is important may justify
the use of snap traps of various types. Because a standard mouse trap from the
hardware store is often too weak for wild rodents and shrews and the larger rat
trap is too large for smaller species, a medium sized trap was developed known
as the “Museum Special” trap (Fig. 1). It also has a better probability for leaving
small mammal skulls (the most important museum-diagnostic structure in
mammals) intact (Smith et al., 1971, but also see Perry et al., 1996). When
trapping in protected areas check with authorities if the use of removal traps is
permitted.
Recent studies have emphasized the need to avoid bias towards certain
species by trapping only on the forest floor in tropical environments. For this
reason a number of workers have taken to placing traps on platforms that can
be lowered with a pulley system high in the canopy to sample for scansorial or
arboreal species. However, initial placement of the trap platforms (or pulley
attachment) requires special climbing gear and considerable athletic skills
(Malcolm, 1991, 1995; also see Jay Malcolm checking his arboreal traps in the
video Rain Forest, National Geographic Society, 1998).
The use of bait versus no bait and the advantages of pre-baiting (baiting for
several days prior to placing or setting the traps), when survey time allows for it,
have been discussed elsewhere (Smith et al., 1975; Jones et al., 1996).
Numerous favourite recipes exist on the subject of bait preparation. Standard
bait among many mammalogists is oatmeal flavoured with peanut butter. We
have also known a mammalogist who routinely chewed (!) the oatmeal to
prepare it for use on snap traps. One of us (A. Hoffmann) prepares a “sticky
cake” from oatmeal, peanut butter (or locally sold “groundnut paste” in Africa)
and bananas, if available, which can be formed into adhesive balls that can
easily be attached to the back of Sherman traps or on the treadle of a snap trap.
Another effective recipe, if no peanut butter is available, is a sticky dough made
from maize flour, ripe bananas and (roasted) peanuts (Hoffmann, 1999). We
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have also successfully used shavings of the outer fibrous and oily (pericarp)
layer of oil palm nuts (Elaeis guineensis) in Africa. Their scent seems to equally
attract insectivorous shrews and rodents.
Pitfall traps may be the most effective trap for mammals under 10 g. Pitfalls can
be made from 5-10 litre buckets, large yogurt containers or specially made
cones (Pankakoski, 1979). Cones are very useful in marshy habitat where they
can just be pushed into the ground. In rocky or laterite soil, pitfalls can mean a
large investment of labour, but their placement is often rewarded by the capture
of small shrews not sampled with any other method (Handley & Kalko, 1993;
Kalko & Handley, 1993; Nicolas & Colyn, 2006). Pitfalls work most efficiently if
they are connected by a plastic or mesh drift fence running across each pitfall.
For an example of a very thorough application of pitfalls and drift fences to
shrew diversity and abundance in different habitats in Guinea, see the recent
work by Nicolas et al. (2009).
Pitfalls work well unbaited but we have also baited them in certain situations.
They should be checked often to avoid multiple animals captured from attacking
each other or being taken by predators. Buckets should be punctured to reduce
the chance of drowning during heavy rains. Buckets can also be covered with
small boards spaced with a gap above the buckets using three or four rocks to
reduce flooding and predator impact. Some plant material and little stones in the
bucket can also provide hiding places and protection against sun and rain for
the animals. For pitfall traplines shorter spacing distances (< 5 m) have been
recommended, because of the smaller size of the target species (Handley &
Kalko, 1993). The array of a pitfall trapline depends much on habitat, substrate
and man power. The length per line can vary between 10-50 m, whereas the
set-up of the drift fence must still be practicable. Some workers have
recommended more elaborate drift fence and pitfall arrays such as a Y-shaped
design with a pitfall at each end of the fence arms and one in the centre
(Kirkland & Sheppard, 1994). Pitfall set-up and results can sometimes be
shared with entomologists and herpetologists who might be working on the
same inventory (see Chapters 9, 14 & 20).
2.2.2.

Trapping procedure

The way traps are arrayed in the habitat depends on the question being asked
and the estimation methods used. For inventories, accurate estimates of
abundance (total number of animals) or density (numbers per unit area) are not
necessary: the primary concerns are assessing the true mammal diversity of an
area by sampling a sufficiently large area with a diverse array of methods. In
any case, a standardised design should be used and carefully documented to
allow for future repetition and facilitate a meaningful long-term monitoring effort.
Trapline designs
For inventories of small terrestrial mammals the easiest approach is to place
traps at equal intervals along a line, which ideally should cover all habitat types,
ideally with one or two replicate lines. Spacing distances are a function of
habitat complexity. Traps in more complex habitats should be more closely
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placed. Size of the target species is also a consideration, because smaller
mammals tend to travel shorter distances than larger mammals (Jones et al.,
1996). We recommend that a trapline ideally be about 150 m long, with traps
placed every 10 to 15 m (Mühlenberg, 1993; Jones et al., 1996), but this design
has to be adapted to the respective habitat conditions and target species.
Whatever the spacing, to increase the trap success, traps should be placed at
habitat features (e.g. log, rocks, tree, runways, burrows, bush clusters) as long
as they lie within 2 m of the point. Where possible, a subset of traps should also
be placed on branches of trees in order to catch scansorial species. If
freshwater habitat (stream, pond, lake) is present, we recommend placing
several traps near these bodies of water. Traplines near water and in trees
should be tethered to reduce loss due to sudden water level changes or traps
falling out of trees. For replicate traplines, we recommend a minimum distance
of at least 100 m between the traplines to avoid an impact on the trap success.
Trapping effort is commonly expressed in “trap-nights”, that is the number of
traps multiplied by the number of daily trap periods (e.g. sunset to sunrise). A
minimum of 400-500 “trap-nights” has been recommended for a preliminary
inventory of a habitat (Jones et al., 1996; Fraser et al., 2003). Thus, at least
100-150 traps are needed for an efficient inventory survey so that the trapping
period can be limited to three or four consecutive nights in each habitat and
season. More traps reduce the number of daily trap periods, but are difficult to
check efficiently in one trap inspection especially if many measurements and
habitat data are recorded at each trap station. The required trapping effort can
be determined with a species accumulation curve (Colwell et al., 2004; Decher
et al., in press).
We recommend placing two traps at every station to reduce the saturation of
traps by “trap-happy” individuals or very abundant species. This practice
increases the chance trapping animals that are less active, less attracted to
traps (Drickamer, 1987), or “trap-prone” (Andrzejewski et al., 1971). Each trap
station should have at least one Sherman trap, which can be combined with any
other trap type available. If 80% of the traps are occupied it is recommended to
increase their number (Corbet & Harris, 1990).
Whether traps follow a rigid grid arrangement or a linear trapline, individual
traps can often be set opening towards, or in line with a rodent runway, along a
log that can act like a drift fence, or near a hole/hiding place. Trap stations
should be marked with a flagged pole (in grassland habitat) or flagged tree (in
forest) which should be visible from one trap station to another to facilitate
orientation. This prevents loss of traps and makes the trapline easy to follow
and re-bait. We recommend marking each trap with a unique identifier for each
trapline and station (e.g. A1, A2F… A15; B1, B2F… B15; etc). If two traps are
placed at one station they can be distinguished by a small letter (e.g. A1a, A1b,
A2a, A2b, etc). This is especially important if animals are brought to a central
processing place to be released later at the same trap site. Marking tape and
marking pen should be water resistant. Reflective station markers (e.g. 3MScotchliteTM; http://solutions.3m.com or http://www.amazon.com) can be useful,
if traps need to be checked at night. Marking devices should be removed after
the study, unless biodegradable, non-polluting tape is used. If large herbivores
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(esp. cattle) are present in the survey area, aluminium tags could be used to
prevent ingestion of marking tape. In open habitats (grassland, desert) it might
be necessary to tie traps to poles in order to avoid displacement by wind.
Trap inspection
Depending on trap success and habitat conditions 100-200 traps can be
checked within one trap inspection. Ideally, traplines are run for a period of 3-5
days (Mühlenberg, 1993; Jones et al., 1996) to reduce stress on the animals.
Traps are set before sunset and checked as early as possible the following
morning. All traps are then closed for the day, unless day trapping is planned. At
sites where many shrews (esp. Soricinae) are expected, trap inspection at
shorter intervals can prevent the animals from dying in live traps or being eaten
by ants or predators in snap traps. If personnel allow it, we recommend daytime
trapping at least for two days to check for diurnal species. Depending on
weather conditions (e.g. heat) during the day, trap inspection at short intervals
should be considered. Traps are baited the first day and as necessary re-baited
the following days.
2.2.3.

Animal handling

Most animals trapped in box (live-) traps will be alive, and a decision has to be
made if a particular animal will be released after treatment or if it will be kept as
a voucher specimen. Before starting a capture programme the risks of disease
transmission from wildlife species (see Section 4) should be assessed. As a
general precaution we recommend that the investigator wear sturdy protective
gloves for handling live animals and disposable laboratory gloves during
processing of dead animals. In regions with specific risks (e.g. hantavirus,
Lassa fever) a mask or full protective gear is recommended (Mills et al., 1995).
Voucher specimens
If and how many voucher specimens are to be taken from each inventory site
depends on the study objectives, and also on the particular regulations and
permit specifications of each site and country. Many small mammal species can
not confidently be identified in the field. This can be particularly problematic for
shrews. Sometimes researchers should even consider taking a larger series of
hard to identify sympatric taxa. There may be a diversity of colour morphs or
other phenotypically unique forms present in an area. The most interesting
aspects of small mammal biology and diversity are often easily overlooked in
the field. In general, we recommend keeping at least one adult male and one
adult female per species from each inventory site. After the euthanasia
processes (see Section 3), the animal should be accurately measured (see
Section 2.2.4), prepared for preservation (see Section 3), and have tissue
samples taken (Chapter 7). Finally, even when live traps are used, there is
almost always some mortality. Ethically speaking, animals which die in the
course of a study belong in a collection.
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Animal release
The aim, when handling the animals, is to obtain the necessary information
rapidly, without undue stress or injury to either the animal or the researcher.
First the trapped animal is transferred from the trap into a clear, strong plastic
(size 3 litres) or cloth bag. For this the door end of the trap is inserted into the
opening of the bag, the door pushed open through the bag fabric, and the
animal is shaken into the bag. Take care to prevent a gap between the bag and
the trap through which the animal can escape. Animal and bag are weighed
together with an accuracy of 0.5-1.0 g and the bag weight is substracted. Bags
used need to be re-weighed frequently because of moisture and debris (bait,
faeces) from the traps altering their weights. Spring balances (Pesola, etc.) of
different weight classes (30 g, 100 g, 300 g) should be available depending on
the size range of species captured.
Preliminary species identification can be done while the animal is held in the
plastic bag until processed. In order to establish the best field identification,
some body measurements besides the weight (tail, hind foot, and ear length)
are taken. If more time for identification is needed the animal can temporarily be
kept in a cage for observation. Photos as references can be useful. If
identification remains uncertain then a representative individual should be taken
as a voucher specimen.
There are two ways to handle live animals, and in our view the second option is
less stressful for the animal and the researcher, and especially recommended
for use by inexperienced persons.


Grasping the animals by the nape of the neck is described by Jones et al.
(1996). Therefore the animal is initially grasped through the bag and then
bag is peeled back. After placing the animal on a flat surface, the
investigator positions his/her thumb and forefinger on each side of the neck,
against the back of the skull, squeezes, and pulls back, so that the fingers
close only on the skin. Firmly grasping all the loose skin across the upper
back, especially the skin behind the neck restricts the movement of the
animal’s head and allows the researcher to lift the animal and turn it to view
the ventral surface for determination of sex and reproductive conditions.
Several species have loose skin and cannot be grasped in this way.
Likewise, holding the animal by the tail should be avoided.



A tube of acrylic glass of an adequate calibre, both sides open, one side
closed with cotton batting, is placed into the bag. The animal is then gently
guided into the tube held upright and in this way calmed for further
treatment. Hind feet and tail should be positioned outside the tube, and the
cotton wool prevents animal’s movement too far into the tube, but allows it
to breathe. One finger of the investigator is always placed to prevent the
animal from escaping backwards. Tubes (5-6 pieces) in different sizes (1550 mm diameter, length 15-25 cm, Fig. 3) should be available. Avoid holding
tubes with animals for extended periods to prevent overheating inside.
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Fig. 3. A.Tubes of acrylic glass in different size; B. example of usage. (Photos by Anke
Hoffmann).

After restraining the animal in this way, sex and reproductive status can be
recorded and selected body measurements can be taken (see Section 2.2.4)
with a calliper or ruler. If needed a tissue sample for DNA analysis can be taken
from live animals (see Section 3; Chapter 7). After all data has been collected
the animal should be released at the site of capture. The handling procedure
usually lasts 5-10 min per animal, depending on the researcher’s experience
and on whether marking or parasite sampling is carried out.
Marking of animals
Released animals should be marked to avoid re-counting and re-measuring the
same individuals. Marking can be done by different methods: permanent
markers (tattooing, toe clipping, ear punching), or temporary markers (paints,
powders) (Rudran & Kunz, 1996). When selecting an appropriate marking
technique for the survey one should consider the need for individual
identification, the period for which the mark should be visible, and number of
animals which should be marked. For an inventory temporary markers should
be sufficient and should be easy to apply. Therefore we recommend easy
techniques such as hair-cutting or nail-clipping. For nail-clipping the same
clipping pattern as for toe-clipping can be used (cf. Twigg, 1975, 1978). As toes
are needed for pawing and personal hygiene not more than two nails per foot
should be cut. Hair trimming can be applied on the back, for which the back is
divided into sectors (cf. Twigg, 1978; Gurnell & Flowerdew, 2006). Both
markings can be applied while the animal is in the tube (Second option above).
Sampling of parasites
Captured animals can be sampled for ectoparasites. Ticks, lice and parasitic
flies can be removed from the fur and preserved in ethanol. Fleas can be
collected after they jump off or have been brushed off a voucher specimen that
has been euthanized inside a clean plastic bag or other closed container. It is
important to keep detailed notes and cross-reference host numbers on parasite
vials, field data sheets and/or field catalogue. For more details on parasite
collecting see Gardner (1996).
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2.2.4.

Primary recording data

For each individual, sex and reproductive status should be recorded. Moreover
body mass and selected body measurements (tail, hind foot, ear) should be
taken (Fig. 4). Body measurements should have an accuracy of 0.5-1.0 mm.
Reliable body measurements can only be taken from dead animals. Body length
in particular is impossible to measure in living animals. But also the
determination of sex and age is often difficult with animals to be released. Field
teams should agree on whether they are using the American or European
convention of standards measurements.
Sex determination
Different sexually dimorphic characters can be used to distinguish males from
females, including differences in genitalia, body size, pelage, scent glands, and
behaviour. Accurate sexing requires some knowledge of the natural history and
morphology of individual species (Kunz et al., 1996c). Primarily males are
distinguished by possessing testes and a penis, females by the presence of a
vaginal opening and nipples, but the visibility and spacing of the genitalia
depends on age, reproductive condition and taxon. For example in many
rodents the clitoris superficially resembles the male urinary papilla, but the analgenital distance is diagnostic, typically being shorter in females than in males.
Males with scrotal testes (sometimes only during the breeding season) are easy
to identify, but males with non-scrotal (inguinal) testes are common, especially
in Soricomorpha (shrews, moles, solenodons). The penis in some species may
be retracted into a cloaca (Soricidae) and there may be other anatomical
challenges like the pseudo-cloaca in Ochotona. Female reproductive activity is
represented by gestation and lactation (enlarged nipples). The external
condition of the vagina can indicate the reproductively activity in females as
well, e.g. due to a perforated vagina or the presence of a vaginal plug (Kunz
et al., 1996c).
Age categories
Age categories for mammals generally are listed in Kunz et al. (1996c). A
combination of body measurements and reproductive criteria offers the best
means to determine the age of small mammals in the field. Cranial and dental
characteristics are valuable for an accurate age estimation done in the lab
(Morris, 1972; Pucek & Lowe, 1975). For fieldwork we generally distinguish just
between three age classes:


Juvenile: A small young animal in grey and soft juvenile pelage, smaller
than a subadult and not sexually mature.



Subadult: A young animal that is not fully grown and often not in fully adult
pelage. May or may not be sexually mature.



Adult: A fully grown animal in adult pelage that is sexually mature.
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Body measurements
Please be aware when taking body measurements that the European
convention is different from the American one, this concerns in particular the
hind foot length and the total length.


Body Mass (BM) is measured to the closest gram by using a spring
balance (see subchapter handling) for living animals, for dead animals a
digital scale can also be used.



Total Length (ToL) is the distance from the tip of the nose to the end of the
fleshy part of the tail not including the tuft of hair at tail’s end. Lay the
voucher specimen on its back on a ruler, grasp head and tail to straighten
the body and take the measurement (American convention).



Tail Length (TL) is the distance from the base of the tail (after the anus) to
the tip of the tail. Do not include the tuft of hair at the very end.



Head-Body Length (HBL) is obtained by subtracting TL from ToL.

Fig. 4. Measurements of
a small mammal
(example: shrew). From
Boye (1994), modified.
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Hind Foot Length (HFL) is the distance from the back of the heel to the
end of the fleshy part of the longest toe (s.u. = sine unguis) or to the end of
the largest claw (c.u. = cum unguis; American convention). Provide both
measurements, when in doubt.



Ear Length (EL) is the distance from the bottom of the notch to the furthest
edge of the pinna. Before measuring grasp the ear and briefly stretch it out
and release it. Hairs or tufts at the tip of the ear should not be included in
the measurement.

A template data sheet for recording capture and habitat data can be designed
and photocopied prior to the survey. Relevant recording data elements are
listed in Appendix 1, but the selection may vary by study.
2.2.5.

Workflow and personnel

We recommend a trapping period of at least 3 trap-nights with an array of about
100-150 traps and a team size of 2-3 persons (researcher, assistants) or 3-4
persons (2 researchers, 1-2 assistants) if more than 200 traps are used or bat
work is planned during the night. Considering the time for set-up and removal of
traplines two additional days should be scheduled. Traps can be carried to the
trapline in a back-pack or strong cloth bags. One person can transport the traps
and mark trap stations while the second person sets, baits and places the traps.
Depending on the habitat and the distance to other traplines several hours
should be scheduled for these procedures. In the morning after the last trapnight the traps can be collected just after or during the trap inspection.
We recommend at least a 2-day break between back-to-back trapping periods
that require several days of camping at remote locations from the base camp.
This time is needed for re-organisation, such as data entry, maintenance of field
equipment like trap cleaning and mending of bat nets, preparation of vouchers
and processing the by-catch (non mammals).
2.2.6.

Habitat assessment

For understanding the interrelation between small mammal assemblages and
their habitats, different environmental features should be assessed at the time
of trapping. Habitats provide food supply, nesting sites and other hiding places.
Vegetation cover, habitat structure and food availability (vegetation, arthropods)
can be recorded along the traplines. More detailed vegetation surveys with
species lists should be done by botanists (see Chapter 14). Rainfall and
temperature data can be recorded in the microhabitat or requested from the
nearest meteorological stations.
Habitat description
General description of the habitat near each trapline:
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Habitat type: type of forest, savannah, grassland, etc.; possibly list of
dominant plant species.



Altitude (m), exposition (geographic), georeference data.



Distance to nearest water source (m).



Existence of rocks, termite mounds, burrows, etc.



Note: type of land use, availability of seeds and fruits, evidence of past fires,
presence of large mammals, etc.

Microhabitat recording
Notes on the microhabitat of each captured individual can be recorded on
standardized habitat data sheets. This may include estimations of percent
canopy cover using a spherical densiometer (Forestry Suppliers Inc.) and
estimations of ground cover types in a one-square meter area centred on each
trap station. If there is more than one capture at the same trap station the
recording of microhabitat data need not be repeated. Averages of these
recordings can be used for a general habitat description. Recordings at each
capture may include:


Canopy cover (%).



Distance and diameter breast height (dbh) of nearest tree.



Percent ground cover types (in 1 m2 centred on trap): herbs, grass or
sedge, bare soil, leaf litter, rock, water.



Vegetation height (cm) of ground cover.



Vegetation density (using a density board).

The inventory of the microhabitat should be done without disturbance of the
trapping procedure. The best time would be immediately after releasing or
collecting the animal, during the non-activity phase or when the traps are
closed. More elaborate microhabitat sampling schemes using 10-meter radius
circular vegetation plots have been described by several authors (James &
Shugart, 1970; James, 1978; Dueser & Shugart, 1978, 1979; Kitchings & Levy,
1981).
If the study requires the identification of a possible correlation between the
diversity and abundance of small mammals and the quantity of epigaeic
arthropods as available diet source, arthropod sampling can be done during the
trapping period. Suitable pitfall methods are described in Chapters 9 & 15.
2.3.

Bats

Bats are cryptic and nocturnal animals that are difficult to observe. Therefore,
monitoring bat diversity can be a challenging task. In this section we review the
most frequently used techniques to capture bats. For a more detailed
methodological review we especially recommend the chapter “Methods of
Capturing and Handling Bats” by Kunz et al. (2009). Here, we will provide a brief
hands-on description of how to capture, handle and process bats in the field.
Each technique may bear a certain bias in capture success and the combined
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use of different methods should warrant the best success. Also, capturing
protocols, e.g. time and duration of capture, used capturing devices, mist netting
sites etc., should be consistent when comparing bat diversity among sites. Also,
given that bats may carry various zoonotic diseases, such as rabies, bat
workers should be familiar with health issues, e.g. all persons handling bats
should be vaccinated against rabies (no exceptions allowed). Mist netting in or
at the entry of caves may also expose people to inhalation of spores from
Histoplasma capsulatum, a zoonotic fungus (Di Salvo et al., 1969). As a general
rule, all people involved in capturing bats should be informed about potential
health risks.
2.3.1.

Nets and traps

Ground-based mist nets
Mist nets set up horizontally and ground-based are the most common and most
efficient devices to capture flying bats. Mist nets are made out of a mesh of fine
synthetic fibres (monofilament nylon and braided nylon or Dacron polyester).
For capturing bats, the net material is usually black and the strength of the net
(mono- versus bifilament and thickness of the nylon) is chosen according to the
size of the expected bats. In general, most people use mist nets with the
following features: 50 denier, 2 ply nylon and 28 mm mesh size. If using thicker
mist net material (higher denier value), the net can withstand larger bats, but the
net is more easily detectable by the bats. Standard net sizes are 6 m (18´),
12 m (42´) or 18 m (60´) long and 2.1 m to 2.4 m high when set. Usually, the
height is divided by several horizontal shelf strings that form 4 or 5 horizontal
loose pockets, which hold the trapped bats once they bounce against the layer
of net material and drop into the pockets. Each end of the shelf string has a loop
of stronger string material that can be put around supporting poles. These
poles, e.g. aluminium tent poles or bamboo culms, should be set up at a
distance equal to the net length (Kunz et al., 1996b). For setting up a mist net,
the loops are placed around the first pole. The top loop, which is usually white
or coloured, and the following loops should be attached in the right order from
top to base. The first pole is tied with ropes to either vegetation (e.g. nearby
trees) or attached to stakes put into the ground. If no tree is close to the net, two
ropes or one twisted around the pole may be used to stabilize the net. With the
two ends of the rope/ropes attached to a near-by tree or a stake, an angle of
approximately 70° is established between the two ropes. To provide a better
support, the base of poles should be pressed slightly into the ground. The net
should be held with caution as it will unwrap itself when the carrier slowly walks
towards the second pole. It should be taken care not to let the net touch the
ground during that process as e.g. leaves might get entangled in the net. After
placing the second set of loops around the second pole, with the white (or
coloured) loop at the very top, once again ropes are used to tie the pole to
trees, branches or stakes. The ropes should be tied in a way that moderate
tension is inflicted on the net. In the last step, positioning the loops from top to
the base of the poles should unclose the net. Once the mist net is open, the net
material should form a pocket at each shelf string.
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Mist nets should be closed during a break of a night capture session or when
using a mist net more than one night at the same location. All debris such as
leaves should be removed from the net before pushing the shelves together to
close the net. The net can be furled by draping the net repeatedly around the
gathered shelves and tucking the loose ends of the net pockets into the shelf
strings. Gently spinning can also be used to furl a net. Several short strips of
cloth or rope should be tied around the net to prevent unwinding.
For dismantling a mist net, the loops of the first pole are gathered at the top and
are then removed from the pole, still maintaining the correct top to bottom order
and keeping tension on the net to prevent it from touching the ground. The top
loop should be used to tie the other loops before folding the net. By doing this, it
is easier to maintain the top to base order when unravelling the net the next
time. The loops of the second pole are removed in the same way as before. The
net should be folded before storing it in a bag, preferably in a cotton bag as
plastic bags restrict air circulation and therefore support fungal growth on the
net material. Mist nets may become wet after rain or at high humidity. Then,
nets should be dried before storing them over a prolonged period of time in
bags.
To cover the sub-canopy of the forest, mist nets can also be stacked on top of
one another. Freestanding poles with a rigging system (Rautenbach, 1985)
optimize this system. The loops can be attached to carabiners on a hoist with
strong free-standing net poles, which allows raising the net(s) high above the
forest floor.
Canopy mist nets
Several previous studies have highlighted that bat assemblage composition
differs between the ground and canopy level (e.g. Francis, 1994). Some species
may not even be captured at ground level, because of their exclusive canopy
lifestyle, e.g. molossid bats, large pteropodids or some phyllostomid bat
species. Thus, vertical stratification of a bat assemblage is an important aspect
when assessing local bat species diversity. In general, two methods are
available for capturing bats at canopy height: either suspended horizontal mist
nets as described in the previous paragraph or suspended vertical canopy mist
nets. Both techniques require some training and sufficient time for preparation.
To suspend a canopy mist net, it is necessary to first search for a good spot that
provides (1) sufficient open space so that the net does not get entangled with
twigs and branches, and (2) some large sturdy branches from which a rope can
suspend the net. Horizontal canopy mist nets require two of such branches at
distances larger than the length of the canopy mist net, whereas vertical canopy
mist nets require only a single branch. The chosen branches should be
sufficiently strong to support the weight of poles, ropes and mist nets. To hoist
canopy nets to canopy height, it is first necessary to shoot a line with a lead
fishing weight at its end over the branch. Use two lines to hoist a horizontal
canopy net and one line for a vertical canopy nets. This is best achieved by
using a slingshot (Kunz & Kurta, 1988; Nadkarni, 1988; Munn, 1991), a bow and
arrow (Greenlaw & Swinebroad, 1967), a crossbow or a line-shooting gun.
Since the thin line gets easily entangled during this process, it is best to use an
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open-faced spinning reel that can be purchased from a fishing store. The line is
then used to hoist a heavier cord (at least 10 mm in diameter and longer than
twice the height of the branch) over the branch. Also, it should be noted that
protective devices should be worn when using sling shoots or similar devices to
prevent accidents. Alternatively, ropes can also be positioned by climbing.
Vertical and horizontal canopy nets differ in some main features and in the way
they are operated.
Vertical canopy nets require two branches from which the net is suspended and
consequently two ropes. Once the rope is put around the branch in the canopy,
one end should be attached to the top of the pole and the other end to the base
of the same pole. This is repeated with the second rope and the second pole.
Care should be taken that sufficiently strong knots are made to support the
weight of the poles, ropes and net. Alternatively, carabiners can be permanently
attached to the poles to warrant more support. Ideally, two persons are present
when hoisting the canopy net by pulling the rope that is attached to the top of
the pole. Caution should be taken not to stand right below the net in case the
net or branches fall to the ground. Also, people should wear gloves when
hoisting and manipulating the net. Once the net is positioned in the canopy, the
rope should be attached to a tree trunk or some sturdy branches. Persons
operating these nets should attach the rope very tightly to the vegetation
structure. Afterwards, the opposite end of the rope that is attached to the base
of the pole is manipulated in a way so that the vertical canopy net expands to its
full size. The opposite ends of the ropes are also attached to vegetation to
stabilize the canopy net. In order to put a canopy mist net down, it is necessary
to first unknot both ends attached to the base of the pole. Then, the ends of the
rope attached to the top of the pole are unknotted and held firmly with both
hands. We recommend laying out a plastic tarp on the ground where the canopy
mist net is supposed to stand on the ground to prevent leaves and debris from
getting entangled in the net.
Vertical mist nets are designed for the purpose of canopy mist netting and bear
the great advantage that they can be hoisted and handled by a single person
(see Kunz et al., 2009 for a detailed description). They are made out of the
same material, but have a vertical instead of a horizontal rectangular shape.
Usually, they are 6 to 9 m high and 3 to 4 m wide. Accordingly they do not have
4 to 5 horizontal shelf strings like a horizontal mist net, but 8 to 10 shelf strings.
Three ropes (10 mm diameter) are required to deploy a vertical canopy net. A
support rope with a length of at least twice the canopy height and a carabineer
attached to its end. This support rope is put around an exposed sturdy branch
as described before. A second rope of approximately the length of the pole is
then attached from end to the other end of the pole. A third rope is then
attached to the second rope at equal distance to the pole’s ends. This third rope
is guided through the carabineer of the first rope (the one suspending from the
branch). Then, the support rope is pulled so that the carabineer at its end is at
the desired height. Afterwards, the canopy net is hoisted by pulling the rope,
which is attached to the pole rope. A fourth rope can be attached to the base
pole to facility the operation of the net in case it gets entangled in branches.
Again, a plastic tarp should be placed at the spot where the canopy net is put
down (Fig. 5).
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Fig. 5. Schematic view of a vertical canopy mist net (modified after Kunz et al.,
1988). The net is hoisted via a pulley into the canopy. A tarp is put on the floor
on which the mist net can be lowered when bats are extracted from the net.

Harp traps
Harp traps have been a successful addition to the tool case of bat biologists,
since bats that are never trapped with mist nets are sometimes captured with
harp traps. The reason for this is that fishing lines are very difficult to detect for
bats based on acoustical (or visual) cues. An additional advantage of harp traps
is that bats can be more easily removed from them. Usually, harp traps consist
of 2 to 4 parallel rectangular metal frames (usually 2 m x 3 m) at distances of 4
to 6 cm that each carries a layer of vertically oriented monofilament fishing lines
at distances of 2-3 cm (Fig. 6).
Normally, lines of the outer layer are separated at somewhat larger distances
than the inner layer (in case of three layers). Flying bats usually fall through the
first layer by the momentum of their flight or manage to manoeuvre around the
lines of the first layer but they will hit the second layer. Then, bats fall to the
base of the harp trap into a large canvas or plastic bag. Captured bats can be
easily picked out of this bag. Harp traps with four layers of lines have been
successful for capturing palaeotropical insectivorous bats (Kingston et al.,
2003). The tension of lines, the number of line layers, and the placement of the
harp trap greatly affect its capturing success.
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Fig. 6. Harp trap set up in front of the exit hole of a daytime roost. Two bat
species, Noctilio albiventris and Molossus molossus emerged from the roost, hit
the layer of fishing lines and tumbled into the plastic bag from which they were
quickly recovered and transferred to linen bag. (Photo by D.K.N. Dechmann).
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2.3.2.

Trapping procedure

Optimal sites for mist nets
Finding the right spot for putting up mist nets is crucial for a successful mist
netting night. In general, capture success is enhanced when nets are put at
natural flyways, e.g. at a perpendicular angle to a forest edge or across forest
trails. Distinct objects such as cave entrances, buildings, rocks, water holes, etc.
also present good mist netting sites. If bats pass by a certain structure on a
daily basis or emerge from known roosts such as cave entrances, a mist net will
yield a large number of captured bats within a short time period. It may be worth
counting or estimating bats that emerge from a roost before putting up a mist
net. The capture success is enhanced when several mist nets are used at the
same time, preferably in a T-, Z-, Y or V pattern. Feeding sites are also suitable
for capturing specific species. A fruiting or flowering tree will probably attract
several bat species in the tropics or subtropics. Some bat species are attracted
by artificial volatiles e.g. Neotropical nectar-feeding bats by Dimethyldisulphide
(Helversen et al., 2000) and fruit-eating bats by essential oils (Mikich et al.,
2003) or the pulp of fruits (Rieger & Jakob, 1988). Some species are lured into
nets by playback of their prey, conspecific social or echolocation calls.
Optimal sites for harp traps
Harp traps are most efficient when set up at natural flyways of bats (see above).
Since bats can be removed from harp traps at a faster rate than from mist nets,
harp traps should be chosen, when large numbers of bats are expected, e.g. in
front of daytime roosts, at cave entrances, etc. Like canopy nets, harp traps can
also be suspended from large trees or into a canyon.
Time of capture
The number of nets depends on the expected number of bats per mist net, the
number of field workers available and the duration of mist netting. Usually
capturing devices should be set up before sunset, because the 1 to 2 hours time
period following sunset is often the most rewarding time in terms of number of
bats. Mist nets and harp traps should be controlled on a regular schedule
depending on the frequency of captures. In general, a net or trap should be
checked at least every 15 minutes during the peak activity time after sunset.
Bats will readily bite large holes into mist nets while trying to find their way out of
the net. Also, bats may get severely entangled when their presence in the net is
overlooked. Thus, regular visual inspection of mist nets is important.
Capture success decreases as night processes. Mist netting success also drops
drastically, when mist nets or harp traps are set up at the same spot during
subsequent nights. Comparative studies need to ensure that capturing effort (=
total time of mist netting and total length of used mist nets) is about the same for
all study areas.
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2.3.3.

Animal handling

Removing bats from mist nets
With some experience, most bats can be removed from a mist net within a short
time period. In general, many field workers prefer to wear at least one glove to
be protected while holding the bat and then use the other hand to extract it from
the net. When a bat is found entangled in the net, first of all it is essential to
assess from which direction it has flown into the net. As a general rule, those
parts of the bat that entered the net last should be removed first. Therefore, it is
important to check whether the legs of the bat can be grabbed directly. During
the whole process, it is most important to take care that the bat is not injured. A
bat’s finger and forearm bones are particularly vulnerable to physical fraction.
Difficulties may arise when bats get entangled for a prolonged period of time
and when the size of finger bones and forearm matches closely with the mesh
size. In that case, one should start to work first at a single wing, extracting the
fingers and the forearm carefully from the net. Sometimes it helps to expand the
wing moderately. Occasionally, bats get irritated or distressed during the
removal process and may start to bite and emit distress calls. Bats should then
be held firmly and possibly a linen bag should be put close or around the bat’s
head to provide something for the bat to bite. In some rare instances it might be
helpful to have a pair of small scissors at hand to cut some net strands into
which the bat is hopelessly entangled. Sometimes bats may bite into the net,
the string or the glove. Never pull the object away from the bat, but instead blow
frontally against the bat’s head. Eventually the bat will let go. If this is not the
case, use forceps, Q-tips or a small stick to gently open the bat’s mandibles.
Once bats are removed from mist nets, they can be kept in a linen or cotton bag
over a short period of time. In case the bat is supposed to be released, a linen
bag that is wrapped around the bat’s body will also facilitate measurements and
species identification.
Keeping bats temporarily
Soft linen bags are best for keeping bats temporarily. Some materials are too
rough for the skin of bats, especially for the joint of the forearms, which causes
irritations and may consequently lead to inflammations. Therefore, bags should
have approximately thrice the size of the bat in length and width. Preferably a
single bat is put into one bag. Sometimes it may be necessary to put several
bats into a single bag. Then, only individuals of the same species should share
the same bag. However, we advise researchers to avoid this situation as even
individuals of the same species may bite each other when forced to share a
bag. Bats that foraged successfully before being trapped in a net can be kept
over several hours in a bag. Sometimes bats will enter torpor, i.e. they reduce
their body temperature, when kept over a prolonged period of time. Some fruiteating and nectar-feeding bats, in particular small ones, should be fed with
diluted honey water before keeping them in a capture bag. They may also
benefit from a few droplets of honey water shortly before they are released.
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2.3.4.

Primary recording data

Species identification
When bats are released at the site of capture it is important to identify the
species in the field. Identification keys are available for some regions of the
world, but not for all. Sometimes, the primary literature needs to be studied prior
to the field trip. In many cases it is essential to bring copies of the primary and
secondary literature to the field. If animals are collected as museum specimens,
identification may be postponed until it is routinely done at the museum.
However, to prevent collection of a superfluous large number of specimens of
the same species, we advise a rough identification of all captured individuals
beforehand.
Sex determination
For the determination of sex, it is important to examine primary and secondary
sexual characteristics, most importantly the genitalia. In some species, both
sexes have well-developed nipples, females may have penis-like clitoris or
males may have minute penis. Therefore, a combination of different traits is
most useful for assessing the sex of a bat.
The reproductive status of females is checked by gentle palpation of the
abdomen. If the reproductive status is important for the study, the reproductive
tract has to be examined after dissection and the size of the fetus (if present)
has to be measured. The examination of the nipples will provide information
about whether a female has lactated or not (Racey, 1988). If the nipples are
enlarged and keratinized, the female is lactating or has lactated very recently.
Lactating bats should never be kept over a prolonged period of time and be
released as soon as possible after processing. In lactating females the area
surrounding the nipples is usually lacking fur.
Males should be checked for inguinal (abdominal) or scrotal testes and
epididymis. Frequently, testes ascend into the abdominal cavity. To verify the
correct sex, testes can be forced to descend by gently pushing the abdomen.
We encourage to record scrotal males and whether a female is lactating or not.
Age categories
Age is categorized in bats as juvenile, subadult and adult.


Juveniles are generally defined as non-volant young individuals that are
smaller and weigh less than adult individuals. They are often captured
together with their mother. The epiphyses of their bones are not fused, yet,
i.e. there is a light area of a few mm close to the joints of the finger bones
(best examined in the finger bones by shining with a torch light through the
wing from underneath the bat), the pelage is often grayer than the adult fur
and they have deciduous teeth.
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Subadults are volant and fully-grown, but still show the unfused epiphyses
(Anthony, 1988).



Adults show mature size, fused epiphyses, pelage and are often
reproductively active, i.e. males may have large (scrotal or abdominal)
testes and females may be either pregnant or lactating.

Body measurements
The standard measurements for bats include head-body length, tail length, hind
foot length, ear length, forearm length, and body mass (Handley, 1988).


Body Mass (BM) is recorded in grams with small spring-scales available in
a variety of sizes from 10 g up to 2000 g (e.g. Pesola) and used accordingly
to the animals’ size. Especially for small bats, it should be checked whether
the bat had ingested food before the capture (a bat caught very early in the
night might not have had the chance to ingest a measureable amount of
food). Keeping the bat for a period of time and recording the weight after
excretion might provide a relatively exact weight of small bats (important for
bats with body weights of less than 7 g).



Head-Body Length (HBL) of a bat is the distance between the back of the
bat’s pelvis and the tip of the snout (European convention) or the distance
between the last caudal vertebra (for bats with tails) and the tip of the snout
(American convention). It should be measured to the nearest 1 mm.



Tail Length (TL) is the distance from the base of the pelvis to the tip of the
tail. The zero end of the ruler is placed at the base of the tail and the tail is
straightened on the ruler and measured to the nearest 1 mm.



Hind Foot Length (HFL) is the distance from the base of the calcar or the
calcaneum in bats lacking a calcar respectively to the tip of the longest toe
(tip of the claw for American convention). The foot is flattened on a ruler and
the length is recorded to the nearest 1 mm.



Ear Length (EL) is measured with a ruler placed gently in the notch at the
base of the ear. The distance between the base and the tip of the pinna
should be measured to the nearest 0.5 mm. In presence of a tragus, form
and length are recorded.



Forearm Length (FA) is defined as the distance from the elbow (tip of the
ulnar olecranon process) to the wrist. To measure the forearm, the wing has
to be folded. A ruler can be used, but a sliding calliper is more convenient to
record to the nearest 0.5 mm.

Apart from these 5 standard field measurements, other data may also be
relevant for species identification, e.g. the colour of the fur and presence/
absence of colour patterns (e.g. epaulettes, stripes; Handley, 1988).
Other field notes
For each capturing site, the GPS and location data (e.g. distances to road,
river, building, etc.) should be gathered. Additionally, it is important to write
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down the number and types of nets used. A brief description of the vegetation
and type of habitat (e.g. gallery forest, primary forest, savannah) will help future
data analysis. In some instances, it may also be helpful to draw a map of the
capturing sites. If possible, meteorological data from a close-by weather station
should be noted. As a general recommendation, the season (rainy or dry
season), the cloud cover and the moon phase should be recorded in the field
book.
For each captured bat it is important to note the site of the net, the net number
and type and the height above ground (net shelf). It is essential to record the
time of capture and if applicable the type and location of the roost. In addition,
notes should be made regarding the number of ectoparasites and whether the
captured bat was a recapture. All samples (e.g. faecal, pollen, blood, tissue
samples) taken from the specimen in the field should be labelled and
identification numbers should be added to the field note book. Appendix 2
provides a template data sheet.
2.3.5.

Acoustic techniques

Acoustic sampling of bats provides the inventory with important additional
information. Bats, which routinely fly beyond the reach of nets and traps, can be
sampled. Many different bat detectors are used to identify bat species without
the necessity to capture the animals. For more detailed information see Chapter
5.
2.3.6.

Workflow and personnel

Mist nets should be set up before sunset. Care should be taken not to open the
nets too early, because birds could get trapped as well. We recommend setting
up a work station where people can work nearby using chairs and a table when
dealing with several mist nets at the same time and when many bats are
expected. Once mist nets are opened, they should be checked at regular
intervals depending on the frequency of bat captures.
If many different samples (e.g. ectoparasites, wing punches, blood samples) are
planned to be collected from each captured bat and a high number of bats are
expected at one site, it might be helpful to divide the work. One person should
check the nets and traps frequently and store the captured bats in bat bags and
provide each bag with a small sheet of paper with notes (net number and shelf,
time of capture). A second person measures and identifies the bats, while a
third person is taking the samples and releases the animals (or keeps the
animals in case of specimen preservation).
3.

Preservation and DNA sampling

Depending on the project objectives, the collection and preservation of whole
voucher specimens, or taking DNA tissue samples from live animals are the
best way to identify and document small mammals and bats. For any voucher
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preservation, collection and import and export permits need to be obtained well
in advance of the field work and special regulations regarding the presence of
threatened or endangered species should be known (see also Chapter 3).
For the collection of specimens, the following five conditions should be met:


Obtain the appropriate training (and practice) in the preparation and
preservation of vouchers along with all health & safety precautions and
equipment.



Obtain research methodology clearance from your institutional animal care
and use committee (IACUC in the US). See the recent review by Gannon
et al. (2007) for the US.



Arrange with a well-curated and officially recognized collection for
accession of your specimens upon return from the field. No vouchers
should be held in “private” or “personal” collections for extended periods.



Obtain all necessary collecting and export permits from the host country or
state and customs and other import permits from the country where the
vouchers are to be housed (USFWS form 3-177 in the US).



Keep meticulous records. Attach basic field data and/or a unique number to
each specimen and cross-reference it in your field catalogue or field journal
(Yates et al., 1996). Do not rely solely on electronic records!

The field methods used to kill animals should be quick and as painless as
possible for the animal. Humane methods for euthanizing small mammals in the
field include the use of inhalants like Isofluran and cervical dislocation
(Simmons & Voss, 2009). Lethal injection is another method, but it requires
veterinary training. We highly recommend following regulations of the particular
country, e.g. Veterinary Medical Associations.
Specimens to be kept as vouchers can be killed in a large, tightly closable
container (large wide-mouth lab jars, large pickle jar, some plastic buckets with
lids) in which a cotton swab soaked with an inhalation anaesthetic such as
Isofluran or Enfluran has been placed. The animal should be left in the container
for about 20-30 min. To avoid needless stress for larger animal we suggest
placing the animal in the trap together with the anaesthetic in a tightly sealing
durable plastic bag. Anaesthetics can be difficult to obtain in tropical countries
(contact the country’s chief veterinarian office and/or hospital medical supply
companies). Most anaesthetics are controlled substances for airline travel and
can only be transported by air with special permits and specially labelled
packaging. See the 2007 report of the AVMA (American Veterinary Medical
Association) Panel on Euthanasia for more details (AVMA, 2007). Gannon et al.
(2007) also recommend quick mechanical methods like cervical dislocation for
mammals of small body size, instead of the extra steps of sedation and
anaesthesia that might only add distress to the animals. Field workers should
receive the appropriate training and permits for all of these methods!
Depending on the specific study goal, different ways of preservation are
possible for voucher specimens: museum dry mounts with skull or skeleton or
complete liquid preservation.
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Irrespective of the type of preservation, standard measurements should be
taken from all specimens before fixation and dead animals should be processed
as quickly as possible. All specimens should be tagged. Tags on dry specimens
should note the (1) collection date, (2) capture locality, (3) collector, (4) field
measurements (Yates et al., 1996). Tags on fluid preserved specimens should
only note the specimen’s sex, the collector’s initials and the field catalogue
number.
Fluid preservation
Fluid preservation is increasingly being used over making dry mounts to save
field time for other activities. It is the preferred method for bats to preserve
important diagnostic facial features (nose-leaves, etc.). DNA tissue samples
from internal organs (e.g. liver, spleen, kidneys) are taken before fluid
preservation. The skull can be removed immediately or later in the museum. Fur
colour should be recorded as exactly as possible before preparing the specimen
because it will fade over time in fluid preservation (Simmons & Voss, 2009).
Usually specimens are now fixed directly in 75% ethanol without intermediate
fixing in formalin (Handley, 1988). In most museum collections the storage
media are ethyl alcohol or isopropyl alcohol. If the specimen has not been
opened to extract DNA tissue samples or to remove internal organs a certain
amount of the storage media should be injected into the specimen’s abdomen
using a conventional syringe and needle. This is particularly important in large
specimens because fermentation of ingesta in the digestive tract will damage
the abdominal tissue. All specimens should be preserved in containers that are
filled with sufficient amounts of fluid and all containers should be tightly sealed.
No pinning or other preparations are required, except for a bit of manual
manipulation of the carcass to straighten it out – in cases where the specimen
has died in a contorted or curled-up position (Griffin & Kolberg, 2004).
Fluid-submerged labels should be of 100% rag paper and labelled with
permanent ink (e.g. Pelican fine drawing ink or similar). Test permanence of
inks/markers before leaving for the field! Attach the label to the right hind foot of
specimens with 100% cotton string (Yates et al., 1996). For field transportation
fluid-preserved specimens remain submerged in ethanol in a tightly sealed
container carried upright (e.g. wide-mouth barrel normally used for water sports:
http://www.curtec.com; available from e.g. http://www.globetrotter.de).
For overseas transportation fluid preserved specimens can be temporarily
preserved by wrapping them in several layers of cotton cheesecloth soaked in
ethanol (moist but not dripping wet!) and packed in a triple layer of zip loc plastic
bags inside a sealed container. In this way they can be safely transported for up
to three days. However, specimens should not be preserved in such a way over
a prolonged period of time.
Dry skins
Prepared dry skins have the advantage of preserving fur colour variations and
of being relatively easy to transport, store, and manage long-term in collections,
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as they do not require special fire-safe storage facilities and regular fluid level
controls.
In museum dry mounts of small mammals cotton-filled and subsequently
thoroughly dried skins of the animals are preserved with tail and feet attached.
The skull or entire skeleton are usually dried or temporarily stored in ethanol
and later cleaned with the help of dermestid beetle larvae before they are rinsed
and dried again for the collection. We do not provide guidelines for making dry
mounts here but refer readers to various detailed and well-illustrated sources
(Hall, 1962; Setzer, 1968; Nagorsen & Peterson, 1980; Griffin & Kolberg, 2004)
and the abbreviated recommendations in Yates et al. (1996). All of these
sources also discuss standard methods of field catalogue and journal keeping
and appropriate tagging of specimens (Fig. 7).

Fig. 7. Dry-mounted small mammal (Hylomyscus alleni) skin showing “field side” of the
specimen tag with sex, field (collector’s) number, locality, field measurements (total
length-tail-hind foot-ear-weight) and date. (Photo by Jan Decher)

Dry mounted specimens should remain pinned on a foam board or Styrofoam
sheets for several days. In the field these sheets can be cut to fit in shallow
plastic (“Tupperware”) containers where the specimens can be stored safely
from ants and humidity at night or during rain when not being air-dried. A
desiccant (Silicagel-type), which can be recharged by heating over a small fire
or camp stove should be placed in cloth bags inside the specimen containers at
night and during transport. Air-drying skulls or skeletons should be hung from
wire rings to keep away ants or other predators and/or lay them in a little screen
cage to protect them from insects. For overseas transport, specimens should be
un-pinned from the foam sheets and packed in layers of cotton inside the plastic
tubs, which can then placed in expedition boxes or duffle bags padded with
clothes. Skulls can be packed with fluid-preserved materials. If specimens
cannot be prepared immediately post mortem, they should be stored in ethanol
or in plastic bags (to reduce dehydration) and kept frozen until further treatment.
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DNA samples
Species identification or the verification of the morphologically identified species
in the field can be achieved by DNA analysis. In many cases for the sampling of
DNA tissues the animals do not need to be killed.
Taking wing biopsy punches or small amounts of blood are the most common
DNA sampling methods for bats. Blood can be obtained from venous puncture
of the antebrachial vein running along the anterior edge of the antebrachium or
of the major vein in the interfemoral membrane (Kunz & Kurta, 1988; Watt &
Fenton, 1995). Small amounts of blood can be collected in heparinised
hematocrit tubes and larger samples should be collected by using heparinised
syringes (Dessauer et al., 1990, 1996; Prendini et al., 2002). If the project
design aims to quantify blood parasites or other pathogens, blood should be
collected on a filter paper and/or prepared as a blood smear. Blood smears are
usually fixed in methanol and air-dried.
Tissue samples for genetic analyses can be collected from bats by puncturing
the wing membrane (chiropatagium) or the tail membrane (uropatagium) using
biopsy punches (Worthington-Wilmer & Barratt, 1996). The chiropatagium is
easy to access, is less vascularized and bleeds less compared to the tail
membrane (uropatagium). A 3 mm diameter biopsy punch will yield sufficient
DNA for future analysis. When taking biopsy samples from the wing membrane,
care should be taken not to cause damage to larger veins. The results of Faure
et al. (2009) show that tail wounds healed significantly faster than wing wounds
and more DNA from tail biopsies could be extracted than from wing biopsies of
the same size. They recommend that tissue biopsy for molecular analyses in
bats should be taken from the tail membrane. Biopsies of the wing membrane
are useful for marking associated with recapture programmes, because the
wound and scar will persist longer (Faure et al., 2009). The hole, which is left in
the membrane after puncture, will close and heal within 2 to 4 weeks. If dry
mounted or fluid specimens are being collected, small DNA tissues from internal
organs (liver, kidney, spleen) can be sampled, before these organs are removed
from the specimens.
Tissue samples from live small terrestrial mammals can be collected by tailclipping or ear punching. The tail-clipping method implies the amputation of a
small portion (1-2 mm) of the distal tail using sharp scissors. The ear punch
method involves punching a hole or making a notch in the ear. Both methods do
not require the use of anaesthesia or analgetics. In case toe-clipping is applied
as a marking method (see Section 2.2.3) the amputated phalange can be used
for genetic analyses. The tissue is immediately transferred in a vial with
preserving solution (see Chapter 7). Afterwards the scissors and biopsies punch
should be disinfected by dipping the tool into 95 % ethanol and burning the
liquid off with a lighter flame.
The best preservation of fresh tissue samples can be achieved by freezing the
samples using either dry ice or liquid nitrogen (Prendini et al., 2002) or
preserving in a lysis buffer (Longmire et al., 1997). Placing the tissue sample
directly in 95-100% ethanol in leak-proof 5 ml cintillation vials (or similar small
plastic containers) will be more feasible in most situations (Kilpatrick, 2002). For
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long-term preservation all tissues should be kept frozen (methods for collecting,
storing, and archiving tissue samples: Dessauer et al., 1990, 1996; Longmire
et al., 1997; Kilpatrick, 2002; Prendini et al., 2002). For more detailed
DNA/tissue collection techniques see Chapter 7. The collection of fur, faecal
and pollen samples might be useful for a variety of further studies and we
recommend the book edited by Kunz & Parsons (2009) as a reference.
4.

Safety precautions

Handling wild animals can always include the possibility of exposure to zoonotic
diseases (Childs et al., 1995; Gage et al., 1995; Kunz et al., 1996a; Chomel
et al., 2007). Some of these pathogens may have limited health risks others can
lead to fatal diseases (i.e. rabies). This short section discusses some issues
regarding the reduction of health risk during field work. Zoonotic pathogens are
transmitted by various routes. Beside the well-known “rabid bite”, where the
rabies virus is transmitted into the wound via saliva of an infected animal, all
other body fluids can also contain infectious agents. Urine from rodents, for
example, may be a source of hantavirus or Leptospira spp. (Levett, 2001;
Fulhorst et al., 2007; Machado et al., 2009). Even if mice are not handled
directly, urine may have contaminated traps or the surrounding soil.
Aeroionisation is the typical way of contracting a hantavirus infection (Machado
et al., 2009; Olsson et al., 2009). Faeces, blood, and fur can also contain
infectious pathogens. Wearing disposable gloves should become routine habit
when working in direct contact with wild animals. With some larger or more
aggressive species leather gloves are a good protection against bites and
scratches. When gloves become soiled by the animal’s excretions, they can be
disinfected with a spray solution, which needs to be designed to eliminate
viruses, bacteria and fungi on most material surfaces (e.g. Pursept-A Xpress®
(Merz)) at the end of a day’s/night’s field work. The manufacturer’s instructions
should be checked beforehand as not all disinfectants will destroy every
pathogen. Many disinfectants are only designed to destroy bacteria and do not
contain protective remedies for certain viruses or protozoa. A hypochlorite
solution (household bleach) in a 1:10 dilution can also be used. If using a spray,
avoid inhaling the aerosol, for example outdoors by monitoring the wind
direction. Spray solution can also be used to wipe off all equipment (including
traps) and sample containers. For skin disinfection, products are available that
are specially made for this particular purpose (for example: Virusept Manorapid
Synergy® (Merz)), which are less aggressive and also contain some skin care
ingredients.
Another important pathogen vector is dust. Face masks can prevent inhaling
aerosols and/or light particulate matter. Surgical masks may be a first
precaution, but they cannot be considered pathogen safe as they do not seal. A
safe mask needs to cover mouth and nose without any gap and should remain
so for some time. However, in a hot and humid environment the mask’s fabric
easily gets soaked with moisture allowing particles to enter and should be
replaced in time. So-called FFP3 masks (for example manufactured by 3MTR)
feature a small breathing filter to allow air to enter at a lower point of resistance
simultaneously keeping the rim of the mask better attached to the skin. As
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peoples’ faces are differently shaped it is advisable to try out differently
shaped/sized masks before setting off. Additionally, protective eye gear might
have to be included for field work, particularly if there is a possibility to be
exposed to contaminated material dropping from ceiling inside caves, etc., or
exposure to blood or urine. Mucous membranes can serve as contact points for
many pathogens and the eyes are least protected by the immune system.
Overalls protect and allow discriminating between contaminated working and
everyday clothing.
Carcass dissection increases the risk of exposure to zoonotic pathogens.
Beside the described personal protection, dissection should be performed as
safe and clean as possible. Covering the worktop with a paper towel for each
animal will give cleanliness. A separate disposal bag should be kept ready to
collect soiled gloves, paper towels, etc. Sharp items like scalpel blades must be
stored in an unbreakable container. In case of accidental cuts sufficient
amounts of blood should be pressed out of the wound and the lesion cleaned
from pathogenic agents. The wound can be washed with mineral water or safe
drinking water. Afterwards a disinfectant like Povidone iodine (spray or
ointment) should be applied onto the wound and covered with plaster or clean
bandages. If immediate medical support is far away, the body temperature
should be monitored to detect an infection, which should be medically treated
with antibiotics or likewise as soon as possible.
Above all, it is important to become familiar with zoonotic pathogens that can
occur in certain animal species and a particular geographical area, during the
planning phase. Medical advice should be sought about vaccinations and a
well-equipped first-aid kit, including medication, should be planned well in
advance. All scientists who are working with bats should be vaccinated against
rabies (Rupprecht et al., 2008) as well as travelling to countries with high rabies
prevalence should imply rabies vaccination (Briggs & Hanlon, 2007).
Vaccination against tetanus should be considered obligatory for anybody
working in the field. To list all zoonotic agents would exceed the given space,
but
the
following
website
(http://www.merckvetmanual.com/mvm/htm/bc/tzns01.htm) provides a summary
of pathogens, their animal source and means of transmission. As the
distribution of diseases varies by the different geographic regions information on
specific pathogens can also be retrieved from web pages of OIE, WHO or CDC.
Further information about disease risks for mammalogists can also be found in
the following publications: Cox (1979); Krebs et al. (1995); Mills et al. (1995);
Kunz et al. (1996a); Hafner (2007).
5.
5.1.

Practical notes
Checklist “Before launching“

Before launching a mammal biodiversity inventory, the investigator must clearly
define the objective(s) of the study. The objective(s) guide the survey through all
stages of planning and execution (Rudran & Foster, 1996). Fund raising,
establishing contacts with other experts, review of scientific literature, purchase
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of equipment, recruitment of personnel and organisation of the travel itself
(flight, visa, permits, transport of equipment, vaccinations, etc.) usually need
more time then estimated in the beginning, according to experience.
The first step in preparing for a survey is to review the scientific literature for
mammal studies conducted in the project area, at nearby sites or in comparable
habitats in the region. The information obtained is used to compile a preliminary
list of species that may be encountered at the study site. Identification keys
relevant to the study area and other guide books should be obtained. For
example, in the case of West Africa, the only published field key for shrews is
The Shrews of Nigeria (Hutterer & Happold, 1988) and for rodents we still
frequently use The Mammals of Africa, an identification manual (Meester &
Setzer, 1971). If no identification keys are available for the specific study area, a
preliminary survey and/or visits to museum mammal collections to become
familiar with the species which might be expected, should be considered.
Knowledge of the natural history (physiology, behaviour, distribution) of the
target species is important for choosing the right techniques. The choice of
appropriate techniques depends on the available budget and on the specifics of
the field situation. Purchase of equipment and recruitment of personnel should
commence as their need is really identified.
During the planning phase it is important to contact other experts and/or project
coordinators to gain access to information about the region, habitat and fauna.
Information about on-site logistics, e.g. accessibility of field sites (foot/vehicle),
storage options for vouchers (esp. in the tropics), lab space (if needed),
availability of drinking water, medical care, maps, etc. are helpful for planning.
Please inform and prepare yourself also about human health concerns and
disease risks. It might also be useful to coordinate your survey with other
scientists, for example with botanists, who would provide habitat descriptions.
5.2.

Field equipment

A list of field equipment for an inventory of terrestrial small mammals and bats is
provided in Appendix 3. It covers: trapping, netting, treatment of the animals,
tissue taking in the field, specimen preservation, habitat assessment and others.
This list is not exhaustive and has to be adapted to the particular inventory. The
set of equipment of course depends on e.g. the selected methods, selected
sites, local conditions and others.
5.3.

Simultaneous inventory of small mammals and bats

If nocturnal bat work is planned (see Section 2.3) it can be helpful to split the
team into a bat and a terrestrial small mammal group allowing the bat group to
sleep in in the morning and not participate in early morning trap checks after
long hours of nocturnal netting and processing of bats (Tab. 2).
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1800-1900h
1900-2300h

Bat Group
resting (alternative: early
morning bat netting, depending
on team size)
resting
resting / breakfast
Bat voucher processing
lunch
afternoon rest / field note
writing
re-setting of bat nets / harp
trap. Mending of nets
dinner & opening of nets
bat netting

2300-0100h
0100-0400h

bat netting
resting

0400-0600h

0600-0900h
0900-1000h
1000-1300h
1300-1400h
1400-1500h
1500-1800h

Small Mammal Group
resting

early morning trap inspection
breakfast
Small Mammal voucher processing
lunch
afternoon rest / field note writing
voucher preparation followed by
replacing/opening of traps
dinner
assist with bat netting,
also nocturnal surveys for galagos,
civets, pottos etc. with flash light
and camera / tape recorder
resting
resting

Table 2. “Idealized” 2-group field team schedule for bat and small mammal work.

5.4.

By-catch

Quite frequently non-target species are captured during small mammal and bat
surveys. Apart from non-target mammal species a diverse suite of species
belonging to invertebrates (insects, snails, etc.) and other vertebrates, e.g.
lizards, snakes, birds are sometimes captured coincidentally.
See the corresponding Chapters in this manual for handling/preservation of
these species.


Nocturnal/crepuscular birds in mist nets; during night and day birds in
tomahawk traps, large Sherman traps, snap traps.



Snakes, lizards, amphibians in Pitfall traps, Sherman traps, Snap traps.



Insects in mist nets (e.g. Coleoptera, Lepidoptera), Sherman traps, Pitfall
traps.
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7.

Appendices

Appendix 1. List of recording elements of capture for small terrestrial mammals.
Abbreviations: ID = identification
Recording capture data

(Micro-) Habitat description

















Description of trap location/station
 Trap height
 Canopy density
 Nearest tree/dbh
 Nearest log/stump & diameter
 Distance to water
 Groundcover (percent herbs, grass,
soil, leaf litter, wood, rocks,
debris)
 Nearest termite mound (in tropical
environments)
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Field number (consecutive)
Individual ID (in case of recapture)
Date
Collector(s)
Site ID
Check time / Control
Trapline ID
Trap ID
Trap type
Bait used
GPS
Species (Field ID)
Sex: Male, Female, unknown
Age: Adult, Subadult, Juvenile
Reproductive Status:
Male: Testes descended or non
descended
Female: Pregnant, Lactating, Vagina
perforated or non-perforated or
plugged
Body mass (g), BM
Head-body length (mm), HBL
Tail length (mm), TL
Hind foot length (mm), HFL
Ear length (mm), EL
Tissue sample
Parasite sample
Marking
Remarks: e.g. fate (released/recapture/
voucher/dead/kept/marked/ etc.)

Inventory of environmental features
 Elevation
 Rainfall (last 12/24 hours if rain
gauge has been installed)
 Temperature (min/max if recording
thermometer has been
installed)
 Humidity (min/max if recording
hygrometer has been installed)
 Vegetation: ground cover, plant
height, plant diversity, stage of
maturity, canopy density
 Habitat structures (rocks, burrows,
soil, logs, termite mounds etc)
 Abundance of epigaeic arthropods
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# Net

# Shelf

BM (g)

Sex Age

Repr.
Status

FA
(mm)
HBL
(mm)

Season:

Site Time

Types and Lengths of Nets/Traps:
Net Opening Hours/ Trapping Hours:

Habitat:

Species

Cloud Cover:

Location Data:

No. Date

Moon Phase:

GPS:

Date:

TL
(mm)

HFL
(mm)

Appendix 2. Template data sheet for recording capture data for bats. Abbreviations: BM = Body mass, FA = Forearm
length; HBL = Head-body length; TL = Tail length; HFL = Hind foot length; EL = Ear length

EL
(mm)

Remarks

Appendix 3. List of field equipment for an inventory of small terrestrial mammals and
bats.
This list is not exhaustive.
Small Mammals
Trapping
 Traps: Sherman, Tomahawk, (Snap
traps?)
 Bait: Peanut butter (unsalted), oats
 Insulation material: e.g. 2 litre milk
cartons (tetrapaks)
 Bedding material for traps
 Pitfall traps (buckets 5 litre)
 Funnel (custom-made)
 Drift fence (e.g. roll of green nylon
cord)
 Staple gun and staples
 Poles
 Tape measure (30 m)
 Marker tape (biodegradable, nonpolluting/brightly coloured /
reflective)
 Marking pen (water resistant)
 Aluminium tags

Treatment of animals
 Gloves (firm to bites)
 Disposable gloves
 Plastic bags (3 litre size) or cloth
 Measurement tools (ruler, calliper)
 Spring balances (10 g, 30 g, 100 g
and 300 g); or larger ones (1 kg, 5
kg) for animals caught in
Tomahawk traps
 Tubes 5-6 (15-50 mm diameter,
length 15-25 cm) from acrylic glass
 Cotton wool
 Marking tools (if requested)
 Cage
 Field book
 Identification keys

Tissue taking in the field
 Scissors, forceps
 DNA tools: vials …
 95% Ethanol for DNA tissue (or
DMSO)
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Bats
Netting
 Mist nets (different sizes)
 3 meter poles for standard ground
nets (e.g. sectional aluminium or
PVC, if they can not be cut in the
field)
 Stakes
 Roles of string
 Canopy net unit, freestanding
(sectional aluminium poles, ropes,
pulley carabiners, large stakes) or:
Canopy unit hanging
 Sling shot, bow and arrow, crossbow
or a line-shooting gun to attach
hanging canopy unit
 Harp trap kit (additional fishing lines)
 Marker tape (biodegradable, nonpolluting/brightly coloured/ reflective)

Treatment of animals
 Gloves (firm to bites)
 Linen or cotton capture bags
 Measurement tools (ruler, calliper)
 Spring balances (10 g, 30 g, 100 g
and 300 g); or larger ones (1 kg ) for
Megachiroptera
 Field book
 Identification keys

Tissue taking in the field
 Forceps
 Syringes and needles
 Heparinised hematocrit tubes
 Microscope slides
 Biopsy punches & 2 ml vials
 Filter paper
 Lighter (for forceps sterilization)
 Methanol (fixation of blood smears)
 95% Ethanol for DNA tissue (or
DMSO)

Specimen preservation dry/wet






















Container/jar (large, tightly sealing) for killing
Shallow plastic containers (“Tupperware”)
Wide-mouth barrel (CurTec wide neck kegs)
Disposable gloves
Plastic bags (3 litre size) or cloth
Inhalation anaesthetic (e.g. Isofluran)
Formalin
95% (75%) Ethanol for whole body preservation
Cintillation vials (leak-proof 5 ml)
Scissors, scalpel
Labels (fluid-submerged) of 100% rag paper
Tags
Thread or twine for tags
Permanent ink (e.g. Pelican fine drawing ink or similar)
Board or styrofoam sheets
Pins, wire rings, needle
Wires of differing thickness, wire cutters
Cotton wool, quilting cotton, long fibre cotton
Maize meal
Desiccants (Silica Gel-type)
Screen cage

Other








Hand-held GPS unit
Digital camera/ ideally SLR with Macro lens & flash
Binocular
Headlamps, additional flash lights
Spare batteries of all needed sizes (D cell, AA, AAA etc.)
Buckets, bowls, strainer, measuring pitcher and funnel
Equipment case (waterproof, firm, well-arranged) e.g. light
toolbox
 Rucksacks/bags for transport of material (e.g. traps)
 Tools: spade, pliers, shovel, hammer or small hatchet for
stakes, hoe or pickaxe in tough soils
 Disinfectant

Optional
 Bat detector (Anabat, Pettersson etc.) & cassette recorder or
CF cards
 Folding table/ Folding chairs
 Warm clothes (it can get quite cold at night; even in tropical
areas)
 Bug repellent
Habitat assessment
 Altimeter (not necessary if GPS available)
 Spherical densiometer
 Fiber glass diameter tape measure (width 16 mm, length 10 m)
 Folding rule
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Abstract
Amphibians and reptiles rank among the most charismatic vertebrates and have
received a lot of taxonomic attention over time. Nevertheless, to improve the
speed and quality of inventory and monitoring of these animals, we here provide
an overview of the different sampling techniques used per taxon and detail the
different ways of handling amphibians and reptiles. Also, we indicate the different
types of data that are to be collected from specimens. Throughout the chapter
tips and trick for safety are also provided.

Key words: amphibians, reptiles, sampling methods, handling methods, safety
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1.

Introduction

Amphibians and reptiles are important components of ecosystems. Recently,
there is an increasing awareness that, like for many other taxa, herpetological
diversity is threatened, and the growing list of declining populations suggests a
worldwide crisis (Blaustein et al., 1994). Efforts to collect baseline data about
occurrence, distribution, and status of populations are relatively well advanced
for amphibians, but much less so for reptiles for which recent data suggest that
turtles and crocodilians are as threatened as anurans (Gibbons et al., 2000).
In this chapter, we review field techniques for sampling reptiles and amphibians.
However, as good body of literature that addresses in detail different topics of the
sampling of reptiles and amphibians (see Heyer et al., 1994; Dodd, 2009;
Graeter et al., 2008; Kok & Kalamandeen, 2008 and the references there
contained) already exists, this work is only a general manual useful in ATBI
initiatives. As such, it does not go into detail of all the aspects that need to be
considered when inventorying and monitoring reptiles and amphibians.
Inventories may range from quick short-term surveys to extensive long-term
monitoring programs. Inventories ideally involve the use of many collecting and
observational techniques, in addition to the compilation of data from past surveys
obtained from the literature and museum specimens. Monitoring programs ideally
should use standardised techniques so that statistical analysis of data becomes
possible.
2.

Inventory and monitoring techniques for amphibians and reptiles

This is a condensed review of the most common techniques used in inventories
and monitoring of amphibians and reptiles whereby we focus on the possibilities,
limitations and materials needed.
2.1.

Standardising the sampling effort

In monitoring, the importance of having standardised sampling procedures
cannot be overemphasised. The methods mentioned hereunder are suitable for
both terrestrial and aquatic habitats, and may be an efficient way of standardising
monitoring surveys (e.g., Brown 2001; Meik et al., 2002). Next to recording
biological data, the environmental conditions must also be scored and this again
in a standardised way.
Standardisation of sampling can be achieved through: (i) time-constrained
searches; (ii) area-constrained searches; (iii) quadrat sampling; (iv) transect
surveys.
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2.1.1.

Time-constrained searches

The premise behind this technique is to actively search for animals in a given
area for a pre-defined amount of time. If additional information will be collected
from the animals found (e.g., body measurements or marking individuals), then
the time invested in these activities should not be considered as part of the
search. Time-constrained searches are mostly applied during terrestrial surveys,
although they can also be used in aquatic habitats, particularly for amphibians.
The main limitation of a time-constrained search is the long periods that the
survey participants must commit to it. Furthermore, it must consider that the
results of time-constrained searches are highly influenced by environmental
factors such as time of the day, season, and weather (e.g., it is well known that
amphibian activity increases very much after rainfall). Another factor that will
heavily influence time-constrained searches is the level of experience of the
surveyors. Experts are likely to find more animals than inexperienced workers. It
is vital to keep these factors in mind when designing a study.
For an inventory it is advisable to repeat the sampling to include several days
with different weather conditions and to always follow the same previously
planned search routine (e.g., if the first search included turning stones, then that
should also be included when repeating searches).
2.1.2.

Area-constrained searches

With area-constrained searches the search is focused on a certain area and not
on an amount of time. Area-constrained searches will give information in terms of
absence or presence of species, and potentially some data on life history of the
species such as time of reproduction, activity patterns, and habitat use. The size
of the area to be searched might vary but it will depend either on the habitat type
(e.g., pond, creek, meadow, etc.) or on the focal species.
The main limitation of this technique rests with the effect of environmental
conditions, the experience of the workers, and the planned search routine. As
with time-constrained searches, the searches should be done during several
days with different weather conditions or even different seasons to maximize the
chance of encountering all species present in the area.
2.1.3.

Quadrat sampling

In this technique, sampling arrays in a study area must be randomly distributed
and the absence or presence of animals in these arrays verified. The sampling
areas are usually squares (quadrats) that are thoroughly searched (Jaeger &
Inger, 1994).
The main drawback of quadrat sampling is that the setup can be very timeconsuming.
Within quadrat sampling, we can differentiate point sampling where small
squares are used, and broad sampling where larger quadrats are used (Kok &
Kalamandeen, 2008). Point sampling is preferred when studying single species
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in which the individuals are relatively small and densely distributed, while broad
sampling is applied to species that are widely dispersed, large bodied or both, as
well as for multispecies assemblages. In both cases, all quadrats need to be of
the same size within each study area. A modification of this technique is called
‘patch sampling’, in which the sampling arrays are normally specific microhabitats
(e.g., logs, bushes, etc.). Patch sampling is applied when looking for specific
target species, which we know or suspect that are confined to specific
microhabitats within a larger habitat (Jaeger, 1994a). For both techniques some
pre-requisites have to be met.
For quadrat sampling:



Animals may not leave the quadrat before being observed.
The quadrats are randomly distributed.

For patch sampling:




Each patch must be defined precisely and in an operational way.
All patches must be equally locatable by the observer without any bias.
Animals may not leave the patch before being observed.

If these criteria are met, then quadrats and patches can be distributed randomly
within the study area. Each of them then represents an independent sample,
allowing statistical analysis of the obtained data if at least 25 to 30 quadrats were
scored (Jaeger & Inger, 1994).
Quadrat sampling has proved to be particularly useful in forests when searching
for ground-dwelling amphibians and reptiles (Rodda & Dean-Braley, 2002). For
best results in this methodology of quadrat (or patch) sampling, it will be
important to apply the most appropriate searching technique within each of the
quadrats (e.g., using a rakes over leaf litter).
2.1.4.

Transect surveys

A linear transect is established and the whole narrow strip (and nearby areas) is
searched for animals. This is usually utilised for surveying herpetofauna across
environmental gradients but can also be used within a single habitat (Jaeger,
1994a). However, for homogeneous study areas, quadrat sampling is
recommended. If the design is properly randomized this method will provide a
good representation of the occurring fauna over all habitat types. Depending on
how the transects are set regarding the gradient, different information will be
obtained. If transects are set in parallel to the gradient studied, then these
surveys may be used to compare species across habitats. If on the other hands,
transects are set perpendicularly to a gradient (e.g., along a river), then one will
be able to study changes in parameters of a given species along the gradient.
The most common scale used in transect surveys is at the habitat level, but it is
possible to work on a larger scale (ecosystem or landscape) by using, for
example, aerial surveys across a large transect (Mourão et al., 2000).
Ideally, transect surveys have to meet the following assumptions:


534

Specimens are randomly distributed throughout the transects.





Transect lines are randomly chosen.
All the specimens in the transect will be observed.
Animals will not be counted twice within a transect and among transects.

When preparing transect surveys it is important to consider that some species
will not meet all the method’s assumptions. For example, cryptic species will not
be observed or will flee from the observer without any notice, or many species do
not have a random distribution, as they are associated to specific microhabitats.
2.2.

Sampling Techniques

For selecting the most suitable sampling technique, it is necessary to evaluate :




The objective of the study.
The conspicuousness of the species of interest (their activity and habitat).
The cost, time, and resources needed.

By and large, the methods that are more time- and resource-intensive will yield
most information, and will allow more powerful statistical analyses. However,
depending on the goal of the study, such intensive methods might provide data
that are not needed (e.g., obtain detailed ecological data when presence or
absence of species would suffice). Furthermore, it is also more productive to use
a combination of techniques instead of applying a single one, but again this will
require more resources. Therefore, one must strike a balance between available
resources for research and desired results before starting fieldwork.
The most common techniques used for sampling reptiles and amphibians can be
divided into active and passive sampling, each with a number of specific
techniques.
2.3.

Active sampling

2.3.1.

Visual encounter surveys (VES)

VES is by definition a time-constrained method in which observers sample for
species richness and abundance along a survey path (Crump & Scott, 1994).
The time spent in the field and the numbers of observers are taken into account.
This technique is appropriate for both inventory and monitoring. VES might be
particularly useful for detecting rare species that seldom fall into traps, and thus
by using VES in combination with a passive sampling technique, it is potentially
possible to obtain the complete species composition of the sampled area.
Nevertheless, the efficiency of VES will vary much depending on the type of
habitat (e.g. low vs. high vegetation) and the species biology (e.g. fossorial vs.
arboreal). As a matter of fact, visual encounter surveys have a number of
assumptions that in many occasions cannot be fully met :


Each individual of every species must have the same probability of being
encountered. This will not be met for example in species with a large sexual
dimorphism were one of the sexes is much more visible than the other;
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Each individual is only recorded once during the survey. For this the use of
individual marking may be the solution, but it implies a higher time
investment;
Each observer doing the survey must have similar experience and be able to
potentially obtain the same results. The best approach to this problem is by
training the workers in advance to ensure a similar level of experience.

Road cruising and aerial surveys could be cited as visual encounter surveys,
although these are done at a different scale and have specific characteristics. In
the case of road cruising, a road is used as a survey transect that is methodically
driven through looking for both alive and roadkill specimens (Andrews, 2008).
Aerial surveys are mostly used for estimating population size and distributions of
large-bodied reptiles such as crocodilians or sea turtles (Glaudas, 2008).
2.3.2.

Dipnetting and kick sampling

We refer to dipnetting when a dipnet is swept through an aquatic habitat to
capture herpetofauna. When the dipnetting process is semi-standardised – the
number of sweeps is recorded and compared among habitats  one may call it
sweep sampling (Dodd, 2003).
Sweep sampling is used for sampling herpetofauna in small aquatic habitats
(treeholes, springs, puddles, and ponds) where it is more efficient. However,
sweep sampling may be used in larger aquatic habitats such as lakes as well
with the aid of seines and nets. The main targets of this technique are amphibian
larvae. It is important to consider that specific differences in animal positioning in
the water column may result in differences in the ability to catch different species.
Also not all species can be caught with the same net, so the type of net and its
mesh size must be carefully selected depending on the ecology and size of the
targeted species. Moreover, dipnetting should be scheduled in the season when
the species are most likely to be found in the water. When these factors are
taken into consideration sweep sampling may be a very effective sampling
method that allows for comparisons among aquatic habitats that are somewhat
homogeneous.
Kick sampling is a technique that is especially fit for aquatic habitats of small to
intermediate size and with fast flowing current. It is predominantly used when
looking for stream dwelling amphibians. It consists of lifting and removing all
loose substrate from a stream bottom, kicking loose pebbles or even hand raking
everything into a net. Typically, the most common nets used are those with a Dframe whose flat side may rest on the bottom of the stream. The most efficient
way to kick-sample is with two-person teams, where one worker loosens the
woody debris, rocks and other substrate, while the other holds the net in place. It
is very important when sampling for herpetofauna to check the nets very often
(every 5 minutes or less) to decrease animal stress and mortality. As before,
mesh size has to be considered based on the target species size. The smaller
the mesh size, the more species will be captured, but small mesh nets tend to
clog up faster with debris, and thus require more frequent maintenance to
maintain efficiency.
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The main limitations of kick sampling are that it is very labour intensive and that it
can cause habitat disruption. For the latter reason, it is very important to
redeposit the habitat items (e.g. large stones, wood debris, etc.) that had been
moved.
2.3.3.

Stovepipe sampling

Stovepipe sampling is a quantitative method in which aquatic animals are
trapped within an enclosure and later removed from it with a net (Shaffer et al.,
1994). The enclosures or samplers are typically pipe-like (one may use air
conditioning ducts, culverts, stove pipes, and PVC pipes) (e.g., Alford, 1986 or
Skelly, 1996) or a rectangular box (e.g., Harris et al., 1988). These samplers are
placed in the water, firmly set against the substrate, but with enough care as to
not disturb the environment and cause the animals to flee. Once the sampler is in
place, a net is swept within the enclosure to collect the animals. This technique is
especially suitable for obtaining quantitative estimates of larval densities that can
be used to estimate population size. Samplers should be placed randomly across
the habitat, and their dimensions and the water depth recorded to obtain values
of captured animals per volume. The best habitats to apply stovepipe sampling
are shallow waters with sandy or mucky substrates, which allow to easily install
the samplers. In habitats with water vegetation, pipe enclosures are easier to
install than rectangular ones. This technique can be time intensive to use, so in
case of large habitats or if we only want to determine the presence of a particular
species, other methods such as dipnetting will be more useful.
2.3.4.

Egg mass and nest counts

This is a method that can be used during breeding periods to monitor the
reproductive activity in reptile and amphibian populations. In amphibians, egg
masses are counted around a pond perimeter or within the pond and it is
particularly useful for explosive breeders and those that reproduce in communal
aggregations. For identification purposes it is recommended to photograph the
egg masses or at least use detailed language to describe it. Mitchell (2000)
recommends making the following observations:







Is the mass globular or round?
Are the eggs clumped, separated or on a string?
What colour and shape are the embryos?
Is jelly surrounding the eggs firm or loose?
Is there a film on the surface of the mass?
To what type of vegetation is the mass attached?

In the case of reptile egg nest counts, this technique is most useful for turtles and
crocodilians. Normally a relatively large area must be checked and there is need
of having some previous knowledge of nesting grounds, and sometimes the
recognition of tracks can be very useful, as well as the leftover from predation
over the nests or the remnants materials after the babies hatch (e.g., broken egg
shells). Egg mass and nests counts is a relatively simple and powerful method
for determining the presence of species, and especially in the case of species
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that lay a single clutch per year it can be a reliable indicator of population size.
This technique is nevertheless useless for amphibians that lay eggs in the land
and for most squamata reptiles. Finally, it is important to consider that the lack of
egg masses or nests cannot rule out the possibility of a species being present,
but not reproducing.
2.3.5.

Auditory surveys

Auditory surveys are very useful for estimating species richness of anurans. Male
anurans in particular tend to be fairly conspicuous during breeding season when
the use their mating calls for attracting females. These calls are species specific,
so during the breeding season listening stations can be randomly selected along
the breeding site to identify species presence and their relative abundance. This
technique has the advantage of easily covering rather large areas while being
hardly non-invasive.
Not all anurans are equally easy to detect, but with some training even nonexpert workers can obtain good results. In inventory, regular auditory surveys are
very helpful for determining species composition, but there are some limits when
it comes to monitoring changes in a population because there is always a bias
towards only observing declines in calling activity and it is difficult to evaluate if
these are due to natural fluctuations. If the aim is monitoring, acoustical surveys
should always be coupled with other sampling techniques. In the chapter on
bioacoustics more information can be found.

Fig.1. Calling frog. (Photo by author).

2.3.6.

Basking surveys and basking traps

Sampling techniques based on the animal’s basking activity are applied in
aquatic habitats, especially rivers were the observer can advance in parallel to
the river bank while scanning basking sites with binoculars. The studied animals
are normally turtles (Buhlmann & Vaughan, 1991; Lindeman, 1998), although it
has also been applied on water snakes (Mills et al., 1995).
Apart from species presence, basking surveys can also give information on sex
ratios and juvenile recruitment, but when further information is needed, this
technique is to be complemented with basking traps. These are wire traps that
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are attached to the underside of the basking log so when the animal instinctively
jumps into the water, dives to the bottom of the trap giving the observer time to
retrieve it. It is important to remember that basking traps must allow the animal to
ultimately climb out of the trap if they fall in and the researcher is not present.
The effectiveness of the basking surveys will depend on the amount of basking
surface available, the time of the day or season when it is done and the animal’s
basking behaviour. The main limitation of this technique is that it depends on
amount of basking surface available. If there are no basking sites, then no
animals are observed, but it does not mean that the species is absent. For using
basking traps it is absolutely necessary to identify first favourite basking sites, so
a basking survey will always precede the setup of basking traps. In monitoring
initiatives basking surveys and basking traps should always be made in
conjunction with mark-recapture studies.
2.4.
2.4.1.

Passive sampling
Artificial cover

Many reptiles and amphibians use covers in the wild for hiding. Logs, rocks and
even human debris provide refuge to many species, which implies that sampling
these covers many times is an effective method. The problem with these
“natural” covers is that quantifying their effectiveness is difficult.
By using artificial coverboards we can standardize the sampling effort
maintaining the natural habitat and limit biases. The materials most commonly
used for coverboards are solid wood boards, plywood boards, corrugated metal
strips, tarpaper and horticultural plastic sheeting. These coverboards are set in
array designs as linear transects, rectangular grids or webs, depending on the
species and/or habitat sampled. Artificial coverboards have been used to sample
many species of reptiles and amphibians (Parmelee & Fitch, 1995; Sutton et al.,
1999; Houze & Chandler, 2002; Ryan et al., 2002; Smith et al., 2006). An
additional benefit when using coverboards is that as they do not restrict
movement, it does not require continuous surveillance as for example pitfall
traps. Their maintenance is also easy and inexpensive when compared to pitfall
traps. In studies where coverboards and pitfall trap arrays have been used, pitfall
always captured more species and more individuals (Sutton et al., 1999; Ryan et
al., 2002), although coverboards detect species that are not found in pitfalls. In
this sense this technique has proved to be particularly useful for small secretive
snake species (Fitch, 1992).
When checking coverboards it is advisable to use tool such as snake hooks to
avoid accidental bites. It is also advisable to flip the coverboards always towards
the researcher to avoid the animals to escape. Finally, when sampling the
coverboards it is also advisable to record environmental data such as the
weather conditions, time of the day or the temperature. Sampling encompassing
as many environmental conditions as possible will always yield better results.
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2.4.2.

Polyvinyl chloride (PVC) pipe surveys

PVC pipes are an easy and inexpensive technique for sampling hylid tree frogs.
These PVC pipes can be placed in the ground or mounted on trees following a
grid or transect setup. The ground-placed PVC pipes can be used nearby the
breeding areas of the hylids or as a complement to pitfall traps and drift fences,
which are normally easy to avoid for the tree frogs. The tree-mounted PVC pipes
on the other hand are suitable for sampling the tree frogs even outside their
breeding season (Dodd, 2003). For ground-placed pipes a good length is 1 m
vertical pipe with around 60 cm sticking out of the surface, while tree-mounted
pipes can be of around 60 cm with the bottom part set at a height of 2-4 m.
These pipes should have the bottom sealed with a cap to retain some water, but
holes should be made in the pipe at about 15 cm to allow draining the excess of
water. A good average diameter for the pipes in both cases is about 2-5 cm.
Nevertheless, tree frogs can be of many different sizes, so it might be necessary
to try out pipes with different sizes and diameters until finding the most
successful design for a given species. An important benefit of PVC pipes is that it
causes no mortality on the sampled animals, so the frequency and timing of the
checks can be very flexible. This allows accommodating this technique easily
with other activities and also makes it suitable for using in remote field sites. The
main limitation it has is that it is very specific (only for tree frogs) and that PVC
pipes are rather conspicuous, so they can be subject of theft or unwanted
manipulation. This technique is most useful for detecting presence/absence of
species, and even for determining timing and dispersal from breeding grounds.
On the other hand it is very tricky for comparing between sites because its results
will depend very much on species assemblage and on the availability of other
natural hiding sites. If the aim is monitoring through time in a same site, PVC
pipes in conjunction with marking individuals can give much information.
2.4.3.

Leaf-litterbag surveys

Leaf-litterbag surveys are specific for salamanders, which can be difficult to
monitor due to their cryptic and fossorial nature. Litterbags have been commonly
used for many years to estimate leaf litter breakdown in streams (e.g., Peterson
& Cummins, 1974), but it has been adapted for sampling stream-dwelling
salamanders (Pauley & Little, 1998). This technique was successfully applied in
the Great Smokey Mountains National Park to inventory various streams
(Waldron et al., 2003). Their basic design consists of a square (50-90 cm per
side, with 70 cm x 70 cm being the optimal size) piece of plastic netting with 1.9
cm mesh. Small rocks are placed on the netting in the field and covered with
leaves before the corners are brought together and bound with cable ties to form
the litterbag. Finished bags are placed in the stream at regular intervals and after
an acclimation period of a couple of weeks, each bag is checked by placing a dip
net underneath and lifting the bag into a bucket of water. Then, to extract the
salamanders from the bag, dip the bag repeatedly in the bucket and then pour
the water through the dip net. The salamanders are then processed and the bags
are placed back into the stream.
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Although this technique has proven to be successful for detecting the presence
of salamander species, it is not capable of indexing populations sizes, so it
cannot be applied on its own in monitoring programs.
2.4.4.

Aquatic and terrestrial funnel trapping

Funnel trapping is a standard method for trapping many groups of animals
including reptiles and amphibians. The principle behind these traps is pretty
simple: animals are directed trhough a small opening in the trap via a funnel or
ramp, and once inside, are unable to find their way out. This is a technique
especially useful for capturing rare cryptic species and has the advantage of
being suitable for standardizing. In addition as traps are used during a lapse of
time, this technique is also less sensitive to biases resulting from temporal
variations. On the other hand funnel trapping requires a substantial investment of
time and equipment. The traps themselves can be expensive, and should be
checked often to avoid mortality of the trapped animals. When applying funnel
traps in inventories, the effort should focus on habitats and times when the target
animals are more likely to be active, and the more different habitats sampled the
more species we will likely detect. Nevertheless, funnel traps have generally a
low capture rate, so for successful inventories, a high intensity sampling is
recommended (several hundred trap-nights spread across the season).
Funnel traps are also very useful in long term monitoring programs as the
trapping scheme can be easily replicated allowing comparisons. For this, traps
can either be set in systematic or random arrays. Based on the capture rates
detected we will be able to infer population status, but always with some
reserves, as capture rates will depend not only in population size, but also in
level of activity and the propensity of the species to enter and remain in the traps.
The ideal situation is when traps are complemented by mark-recapture data.
Funnel traps can be used in aquatic and terrestrial habitats, and can be of
different sizes, materials and shapes. The use of one or other will normally
depend on the target species:




Small aquatic funnel traps: These can be either cylindrical or rectangular
and are normally used for trapping water snakes and aquatic amphibians.
The traps that are commercially available are designed for capturing crawfish
or eels, but these can also be used for amphibians. They are typically double
ended and built of steel hardware cloth, plastic or nylon mesh. The plastic
traps are normally the most suitable for trapping the smaller species. As an
alternative, small and inexpensive traps can be made by inverting the top of a
plastic soda bottle and anchoring it to the substrate with a stake (Willson &
Dorcas, 2003).
Hoop-nets: These are large funnel traps used primarily for trapping highly
aquatic carnivorous turtles, although it is potentially useful for trapping any
aquatic turtle. These traps are also commercially available in different sizes
and made of twine or mesh. In their setting, the traps normally have a part
above the surface allowing the captured turtles access to air. Normally hoop
nets are baited to increase success and should be checked at least daily. In
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occasions hoop nets can also capture large aquatic salamanders and large
snakes.
Interruption traps and fake nets: These traps are suitable for
complementing the hoop nets. In this case the trap is unbaited, but uses nets
or natural channels to draw the turtle towards the funnel. Essentially they
work like drift fences but on the water. The design of the trap can include
unbaited hoop-nets, swing door traps or pressure plate traps at the end of the
channels of nets. As with the hoop-nets, although these traps are mainly for
turtles, they can capture other species such as large amphibians or large
snakes (Vogt, 1980).
Terrestrial funnel trapping: Terrestrial funnel traps are typically used in
conjunction with pitfall traps along drift fences. The design of the trap can be
very variable, although the most common variation consists of a wire
hardware cloth cylinder with inverted hardware cloth funnels pinned into each
side (Fitch, 1987). It is advisable to set the traps in the shade or cover them
with a board to make them more attractive and to protect the captured
animals from the rain and the heat. In the case of amphibians it is also
advisable to use some kind method to moisture the inside of the trap (e.g., a
moist sponge). Terrestrial funnel traps can also be constructed of wood
boxes, which makes their building more complex and time-consuming, but in
different studies have proved to capture almost any snake, reptile or
amphibian possible (e.g., Burgdorf et al., 2005; Enge, 2001; Greenberg et al.,
1994).

2.4.5.

Terrestrial drift fences and pitfall traps

Drift fences have proven to be effective for sampling most amphibians and
squamata reptiles (Nelson & Gibbons, 1972; Semlitsch et al., 1981; Hanlin et al.,
2000; Enge, 2001; Russell et al., 2002; Ryan et al., 2002, Todd et al., 2008). The
basic design of a drift fence is a straight fence buried slightly below ground, and
standing up to 50 cm high. Pitfall traps are then buried at floor level and placed at
a certain interval alongside the fence. The spatial arrangement of the fence can
vary, and we can separate drift fence arrays into:



Straight-line drift fences: These can be set up in X or Y-shaped arrays and
are normally used for sampling upland habitat (Corn, 1994).
Continuous or partial drift fences: This setting is commonly used to circle
partially or completely wetlands (Dodd & Scott, 1994).

The capture rates and effectiveness of this technique may differ very much
between sites, but it is clear that this technique is particularily useful for
determining species richness and relative abundance (see Ryan et al., 2002 for
comparisons with coverboards and time-constrained visual surveys). The main
limitations are as follows:
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Expensive and hard to set up. After installing, the traps should be visited at
least once in a day.
Capture biases. Some species may show trap avoidance or even attraction
towards the pitfall traps.




Many species such as large snakes or tree frogs can escape from the pitfall
traps. This can be somewhat avoided with putting plastic collars on top of the
pitfall traps or using double-pit systems.
Species associated to certain microhabitats might not be sampled.

The best way to improve the success of drift fence arrays is to combine pitfall
traps with funnel traps. This technique is normally used on long-term monitoring
programmes due to the relatively high amount of time and funding needed to
install them.
3.

Capturing and handling animals

When sampling animals they should be handled in a way that allows further
study (vouchering, photographing, marking, etc.). Handling is generally done by
hand, but several tools and utensils can ease the task and increase the safety of
both the sampler and the specimen.
3.1.

Snakes

Prior to identification, all snakes should be considered potentially venomous.
When identified as venomous, ONLY EXPERIENCED AND TRAINED
PROFESSIONALS SHOULD EVER ATTEMPT TO CAPTURE AND HANDLE
THEM.
The most common tools used for capturing snakes are hooks and tongs that are
used to immobilize the snake and keep it at a safe distance from the researcher.
The usual procedure for manipulating a snake is using the hook or tong for lifting
up the animal gently from the mid-front body while keeping hold of the snake’s
tail to avoid it from turning around.
For hand-catching snakes, we should set it in an open area and press its head
gently, but firmly against the floor, using for example the bottom of the hook, so
we can safely manipulate it. We can secure the head between the thumb and
fingers of one hand, and use the other hand to sustain the rest of the body weight
to make sure the snake does not suffer spinal injuries. Although giant snakes
(boas and pythons) are not poisonous we should never underrate their strength.
They should never be handled by only one person and special care must always
be paid to their heads. These animals need to bite in order to strangle and their
bites can easily infect due to the bacteria in their mouth.

Fig. 2. Handling a small snake. (Photo by author).
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For smaller harmless and fast moving colubrids, hooks and tongs might not be
appropriate and collecting directly by hand with thick protection gloves is
recommended.
Hooks can easily be handcrafted, but tongs are more difficult to manufacture and
are normally purchased from supply companies. Currently both hooks and tongs
from different brands are readily available through the Internet. They should be
made of a light but resistant materials such as anodized aluminium or titanium.
The size of the hook and tongs will depend on the size of snake we target. The
handles of both tongs and hooks should be made of a material that will not slip
during the manipulations, such as rubber. Finally the material that will be in
contact with the snake should minimize the chance of injuring the snake while
manipulating it (e.g., rubber coated).
3.2.

Lizards

Lizards on average can be quite difficult to capture by hand due to their size and
fast movements, so to assist on their capture we can use a small noose. The
noose can be built with a long, slender pole such as a bamboo stick or a
telescopic fishing pole where a thread of dental floss or fishing line can be
attached. It is common lizard behaviour to flee upon sensing something
approaching and then freeze shortly, and it is then when the noose can be
placed over the head to trap the animal from a certain distance (see Marcellini &
Jenssen, 1991). In the case of large lizards, caution must be taken when
handling as they can cause injuries with their claws, and deliver powerful bites
that can easily become infected. It is recommended to manipulate these animals
wearing heavy-duty gloves to prevent any possible wounds. It is very important to
avoid capturing lizards by the tail as it will break off in many occasions.
3.3.

Aquatic turtles and tortoises

Aquatic turtles can sometime be captured by hand and with the aid of a dip net,
although the usual way of capturing turtles is using traps (see survey methods).
In the case of turtles or tortoises they should always be handled with care as they
can deliver powerful bites, but this is easily avoided by keeping your hands away
from their head. Normally turtles can easily be held at mid- or back-body,
although additional attention should also be paid for some species’ claws that
can be elongated and inflict deep wounds. As with large lizards the use of thick
gloves to manipulate the animals is also recommended.
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Fig. 3. Handling turtles. (Photo by author).

3.4.

Crocodilians

Due to their size and dangerous bites, crocodilians should exclusively be handled
by experts. Normally their capture is done by several people and with the aid of a
noose. While small and young animals can be grabbed from behind the head
with one hand, using the other hand to support their weight (as you would do with
a large lizard), larger animals have to be handled by several people. It is
important to make sure that the jaws are closed, for example by wrapping duct
tape around them, before doing any measuring, and extreme caution must be
paid to the tail which can deliver powerful strokes. It is highly advisable to cover
the animals’ eyes to reduce their stress.
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Fig. 4. Handling large animals. A. Small crocodilian; B. Large lizard. (Photos by author).

3.5.

Amphibians (frogs, toads, newts, salamanders and caecilians)

Aquatic amphibians can be captured by hand and with the aid of a dip net before
they jump into the water or while floating in shallow waters. Most amphibians are
nocturnal, so a flashlight can also be used to temporarily blind them and get
close enough to them. In the case of terrestrial amphibians the challenge is
locating them, as on average capturing them by hand is not difficult.
Nevertheless we should have in mind that all amphibians have some degree of
toxicity in their skins. Cutaneous glands are a shared character of all adult
amphibians and they are normally the main source of biological active
compounds found in the amphibians skin. The level of toxicity depends on the
exact components of these substances and can range from noxious to highly
toxic depending on the animals. The highest toxicity is due to the presence of
alkaloids that in most cases derive from the arthropods the animals eat in the
wild. Alkaloids have been found in some salamanders, but especially in
Dendrobatidae and Mantellidae (Daly, 1998). The secretion of these compounds
will be increased when the animals are stressed due to handling so the use of
latex gloves or an inside out Ziploc bag is recommended to avoid direct contact
with the skin. If none of these are available, and we must necessarily have direct
contact with the animal, hands should always be thoroughly washed after
manipulating them, making sure we avoid contact with our eyes or mouth. In the
same way, any surface that has been in contact with the animals should be
thoroughly rinsed and cleaned with water.
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Fig. 5. Stressed frog. (Photo by author).

For safely handling frogs and toads, they should be held between the fingers and
thumbs around the waist of the animal. For some specific measurements or for
photographing the frogs should be grabbed from one of the front legs between
the thumb and index finger while sitting on top of the hand. The grab should be
firm enough to avoid the animal from escaping using their strong back legs, but
with much care to avoid any damage to the front limbs. In the case of
salamanders and newts, we should hold them in the entire hand gently
restraining the animal between the thumbs and fingers just behind the head, in a
similar way as it is done with medium and small-sized lizards.

Fig. 6. Handling frogs. A. Holding the animal safely; B. Handling position for
measurements. (Photos by author).
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Finally, it is important to consider that when handling different amphibian
specimens in the field, a researcher can involuntary become a vector for
transmitting pathogens such as chytrid fungi. The chytrid fungus
Batracochytridium dendrobatidis is behind the disappearance of entire
populations of amphibians around the world, so if your are going to handle
amphibians in the wild, there are a number of rules you should strictly respect to
avoid the transmission of chytrid fungi between populations or sites:











Never move individuals of adult amphibians, larvae or egg between distinct
places even if they are very close since this could contribute to the dispersion
of the pathogens;
Never introduce animals, plants or any other organism in the environment,
because, besides interfering with native species, they may carry pathogens.
We know that fish can transmit viruses that affect amphibians, and in many
countries the native amphibians are infected by introduced amphibian
species that carry the chytrid fungus. If you detect introduced (allochtonous)
organisms in your area, get in contact with an expert;
Avoid accidentally transporting the pathogens yourself. The chytrid fungus
does not have a stage that is resistant to desiccation but it can survive in
whatever type of organic material that maintains humidity. As such, after a
trip to the field wash well at the site all the objects that have been in touch
with the environment (e.g., boots and sample nets). After submerging them in
bleach (a bath of 30 seconds is sufficient if you use domestic bleach with at
least 4% sodium hypochlorite) or in other suitable disinfectants put them out
in the sun for as long as possible;
If you do not want to use bleach to clean your field material, you can use
commercial products specifically sold in veterinary stores. Some suitable
commercial products are: Halamid® (www.alpharmaanimalhealth.co.uk) and
Virkon® (www.antechh.com);
If you hold amphibians use disposable gloves or if it is necessary to keep
them for some time use disposable containers or ones that have been
previously sterilised. Do not put them in touch with specimens from other
areas if you are going to return them to the natural environment. Remember
that you must sterilise all equipment before using it;
Inform when possible about the problem of emerging diseases in amphibians
and how it is possible to avoid contributing to its spread.

4.

Transporting and housing captured animals

If the captured animals must be transported to the lab and housed for some time
it is necessary to use appropriate containers.
In the case of amphibians it is most important to keep them in moist substrate in
containers or sealed plastic bags. It is a good practice to include some leaves or
leafy branches to prevent squashing and maintain humidity. A moist paper towel
or standing water in the container usually is effective depending on the needs of
the species in question. For tadpoles, plastic containers filled in with water from
the capture site can be used, and these containers should be transported in
lightly chilled coolers to keep the tadpoles with a relatively low metabolic rate.

548

Small containers with ventilation are useful for holding small snakes, small
turtles, and most lizards. Cloth bags of all sizes, including pillow-cases, are
useful for temporarily holding even the largest lizards, turtles, snakes, and small
crocodilians. One must be careful not to allow the animals to suffocate or drown
while transporting them, and avoid placing them in direct sunlight where any
container can rapidly overheat and the animals inside die.
Once in the lab, the setting prepared for short term housing the animals can be
very simple. One must make sure that the temperature is suitable for the
animals, that natural photoperiods are respected and that the containers are
clean and have sufficient water and food.
5.
5.1.

Collecting information from captured animals
Measurements

All amphibians, squamata reptiles (lizards and snakes) and crocodilians the
standardized measure used is the snout-vent length (SVL) that is defined as the
distance between the tip of the head and the end of the cloaca. In addition, the
tail length can also be recorded to have the total length of the animal, but
salamanders and squamata reptiles have the ability to loose their tails as a
defensive mechanism upon being attacked by a predator.
Together with the measurements of the body length, the typical measurement is
weight. Most herpetofauna can be weighted with either a spring scale or an
electronic scale, but for larger species (giant snakes, crocodilians, large turtles) a
truck scale will be necessary.
Due to the ectotherm nature of reptiles and amphibians, in many occasions, it will
also be of interest to obtain the cloacal temperature of the animals. Ambient
temperature can be used as an approximation if it is not possible to measure
body temperature, but it must be remembered that there can be significant
differences between both measurements due to fluctuations that the animals
metabolism can produce in their body temperature. The body temperature of the
animals will affect their activity, so this information can be relevant for comparing
between sampling periods in a monitoring activity. For measuring the body
temperature we can use cloacal thermometers or digital thermometers with a
probe. Take into consideration that, especially for smaller specimens, contact
with our hands will affect their body temperature, so the measuring of
temperature should be done immediately upon capturing the animal.
After collecting the animals it can sometimes be necessary to preserve them as
vouchers. The preservation of specimens is a key element for taxonomic
identification and when accompanied by properly compiled field notes, it
becomes an excellent resource for scientific research in many branches of
biology. For example, historical data from museum specimens can allow
researchers to detect and assess changes in biodiversity in an area over time.
For the preparation of vouchers it will be necessary to kill the animals, although
in some cases it is possible to use animals that are already dead due to traps or
road mortality. We should collect the minimum number of specimens possible
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depending on the aims of our study. Although it can depend on how common the
animal in question is, it would be advisable to preserve around 20-30 animals for
scientific studies and a minimum of 4 for voucher specimens (Graeter et al.,
2008). It is mandatory to follow any institutional guidelines that may apply or to
request the necessary permits. The procedure to euthanize the sampled animals
should be humane and should preserve the condition of the animal. The most
preferred techniques for killing reptiles and amphibians are by injecting or
submerging the animals in lethal doses of one of the following:







Sodium pentobarbital
Hydrous chlorobutanol
Tricaine methenesulfonate
Cloretone
Ethanol
Other anesthetics

In the case of amphibians, due to their permeable skin, immersion in anaesthetic
solutions is the most frequent way of humanely killing them. The most common
products used are chlorobuthanol and tricaine methanesulfonate, also called MS222 (Andreone et al., 2008). The minimum concentration should be 250 mg/l
(concentrations >500 mg/l must be buffered with an equal weight of sodium
bicarbonate as it is an acidic product).
In the case of reptiles, sodium pentobarbital has traditionally been used injected
intravenously, intra-abdominally or intrapleuropitoneally (Cooper et al., 1989), but
recently the use of MS-222 has also been recommended through intracoleomic
injections of 250 to 500 mg/kg at 1% solution (Conroy et al., 2009).
The fixation of the specimens should only begin once we are sure that the
animals are dead. As chemical fixation affects the proteins in the tissue of the
animals, we should attempt to fix them in positions that preserve their
morphology and that allows for the observation of key identification characters.
The fixation in 10% formalin (obtained by diluting 40% formol) allows a better
preservation of morphology so it is ideal for the animals that will be used for
formal taxonomic description or for exhibit. Formalin is carcinogenic, flammable
and dangerous if fumes are inhaled, so the appropriate cautions must be taken
when working with it. In addition it will not allow to use the specimens for
posterior DNA analysis so it is advisable to collect tissue samples before fixing
the entire specimen, and fix these in pure ethanol. In case formalin is not
available, 70% ethyl alcohol can be used, but other alcohols are not
recommended (McDiarmid, 1994).
Once the specimen is fixed, it is extremely important to attach each specimen
with data such as the field number and any information recorded from the field
(GPS coordinates, time, habitat, initial identification, collector, sampling method
or weather conditions). It is advisable to use acronyms in the field number
referring to the collector, followed by a progressive number and keep the same
structure within sampling efforts. This should be printed in hard paper resistant to
ethanol and formalin; either hand-written or printed with water resistant ink as
there is a risk of loosing the information during transport or long-term storage.
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Dependent of the aim of the study it could only be necessary to take a tissue
sample or biopsy from the captured animals instead of preserving the whole
specimen.
Blood samples are the most common procedures as when it is correctly done it
may be less invasive than taking other tissues. In the case of DNA analysis
rather small amounts of blood will be necessary, although the amount will be
larger for physiological studies. Turtle blood can be obtained from a femoral or
jugular vein, a carotid artery, the retrorbital space or the paired cervical sinuses
(Dessauer, 1970). In medium and large sized lizards blood is typically collected
from orbital sinuses (e.g., Haenel et al., 2003), and in crocodilians blood is
normally taken from internal jugular or caudal veins. In the case of amphibians,
only the larger species can endure blood sampling and this can be done through
the midline abdominal vein. Finally for most relatively large reptiles and
amphibians heart puncture can also be a viable way to extract blood although
this can cause mortality if done by inexperienced workers. In the case of smaller
animals, heart puncture will be the only way to take blood samples and will
necessarily be fatal. The blood samples can be collected through heparinized
capillary tubes.
Alternative tissue samples that can be collected in reptiles and amphibians are
tail clips from salamanders, lizards, turtles or snakes. Toe clips may be used as
well in salamanders, frogs and lizards, while clipping scutes of the tail of
crocodilians and ventral scales from snakes are also common practice. These
sampling techniques have the additional benefit of potentially being very useful to
researchers who need to mark animals for individual identification.
Finally for DNA studies there is the possibility of using other non traditional
sources of tissue which are not aggressive but can later prove difficult to analyze
due to the low molecular weight and concentration of DNA in the samples. The
most relevant of these sources in amphibians and reptiles are feces, although
orifice swabs and shell or scale remnants can also be useful (Poschadel &
Moller, 2004). For methods to better preserve tissues for future DNA analyses,
we refer to the chapter of Gemeinholzer et al. (this volume) on organizing
specimen and tissue preservation techniques in the field for subsequent
molecular analyses
5.2.

Photo-vouchering

Photo-vouchering entails using photographs to document the occurrence of
encountered wildlife. This is particularly useful in herpetology as it is very
possible to make photographs of the animals accenting the key features that
allow for a doubtless identification. These photo-vouchers, if correctly
complemented with additional information will provide long-term evidence that
those species exist or existed in a given geographical location. A literature record
complemented with a photograph will make the report reliable without the
shadow of a doubt. In addition photo-vouchers can be the alternative to
traditional vouchers in the case of rare, threatened and endangered species or
the alternative to the records of animals difficult to capture, such as basking
water turtles. In the cases when the preparation of vouchers specimens is
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absolutely unavoidable, photographs of the living animal will also be of much
help as after fixation specimens tend to lose their colours and even some
patterns. The ideal situation of documenting the occurrence of a certain species
is having the voucher specimen for detailed analysis complemented with
photographs of the specimen before fixating.
Currently the use of digital cameras has made photographing cheaper. It is
possible to quickly review the photographs taken and make as many pictures as
necessary, although we should remember that digital files can also become
corrupted and the information lost. Some recommendations for preparing photovouchers are:





6.

If the photographs are going to eventually be deposited in a natural history
museum or other repositories we should obtain information on the format,
size and resolution needed;
Include some kind of scale in the photograph to have information on the size
of the animal photographed;
Make the photographs of the animals as soon as possible after capturing, as
especially some amphibians tend to change colours and patterns after being
captured;
If the animals are very active, it can be useful to lightly chill them in a
refrigerator, but never in the freezer. The amount of time should never be
over a few minutes depending on the size, and if the animals are later going
to be released back to the wild, first make sure that it has returned to normal
temperature before doing so.
Field notes and data collection

Most serious shortfalls in gathering and managing descriptive data on
amphibians and reptiles can be avoided through planning and preparation prior
to collecting data. The list below compiled by Greene (2008) includes common
issues and problems that need to be addressed when implementing an inventory
or monitoring program:
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Research and study goals and the specific data to be gathered must be clear
to all parties involved (e.g., funding agency representatives, researchers, and
technicians);
Data must be gathered in an organized, consistent manner. Design a
datasheet that is objective and simple to use, and which includes all relevant
information in sufficient detail. If funds and expertise allow it, invest in
personal digital assistants (PDAs) or electronic laboratory notebooks which
can be programmed with customized forms for direct data entry in the field
(this can help minimize data entry and data transfer errors);
All personnel involved must be trained to gather data in the same manner.
Attention to detail and consistency are paramount. Handwriting must be
legible;
Store data routinely in one place until the data can be entered into a
database. Keep electronic backups or photocopies of the originals in a
different secure location. More than one person should be familiar with the
procedure and storage locations;







Consider how the data will be used and then enter the data into an
appropriately designed database. A spreadsheet such as Microsoft-Excel is
adequate for many straightforward datasets. Microsoft-Access may be a
better option if the data are a subset of a bigger relational database. Copy
the data on a weekly basis at minimum to a portable storage medium and
keep the files in a separate location;
Review the data and the data management system early in the process and
then periodically on a regular basis. This will allow early detection of errors
and inconsistencies, which can be identified and corrected before valuable
information is lost;
One competent, detail-oriented person should oversee the entire process
from data collection to data entry to data storage.

For some examples of datasheets that can be used during inventories and
monitoring, I refer to Graeter (2008).
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Abstract
Birds are important environmental indicators and, for a long time, have been
included when surveying biodiversity. This has led to a whole array of
publications, some of which are available over the Internet, making them easily
accessible worldwide. Here we provide practical guidance, with relevant source
references, for how to plan and conduct bird surveys and censuses, especially
in tropical environments.

Keywords: biodiversity, bird counts, assessments, monitoring techniques
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1.

Introduction

When surveying biodiversity, birds are usually included because they have been
more completely charted (in terms of taxonomy and distributions) than any other
taxonomic group, and because good field guides, and even bioacoustics data,
are available for identification for most parts of the world. Furthermore, a large
number of skilled birdwatchers are often keen to volunteer in bird monitoring
projects. In order to develop bird monitoring as an effective tool in conservation
biology, a whole array of literature about bird census and monitoring techniques
has been published, the standard book by the late Bibby and his colleagues
(2000) covering most of them.
In 1998, Bibby et al. presented a guide especially designed for expeditions.
Gilbert and a team of specialists published a comprehensive book on monitoring
techniques for all sorts of UK bird species ranging from songbirds to raptors to
waterfowl (Gilbert et al., 1998). A “Best Practice Guide for Wild Bird Monitoring”
was published in 2008 by Voříšek and his colleagues focusing mainly on
Europe and giving an overview of existing monitoring schemes. It can be
downloaded, making it easily accessible to birdwatchers and ornithologists
worldwide (http://www.ebcc.info/index.php?ID=365). More articles with
information on specialized count procedures can be found in Gibbons &
Gregory (2006). So why include birds in this manual? The goal of this article is
to give practical advice on how to plan bird surveys and censuses in countries
where monitoring schemes are lacking, and to provide useful Internet links. This
is by no means a complete treatment of methods, study design, data
management and analysis as this would be far beyond the scope of this
chapter. All of these, sometimes rather complicated topics, are covered well in
the publications mentioned above (also see Gregory et al., 2004).
This chapter is written from a European perspective. Whereas the general
biology and life cycle of European and North American birds is rather well
known, we know far less about birds from many other parts of the world. It is
useful and important that scientists from developed countries contribute to the
study of biodiversity outside Europe, especially in the tropics. To be sustainable,
the long-term monitoring in developing countries should be locally based
(Danielsen et al., 2006, 2007). Although hard to achieve, this goal should
always be kept in mind, and is indeed often feasible once local communities
experience how simple monitoring systems can be used proactively to manage
their own resources.
2.

Preparation for the survey

To start with, we advise contacting local ornithologists, to tell them about the
plans and to ask them if they support the idea of a survey and if they would
become a partner. It is important to find the right people to work with, people
that are accepted locally but ideally biologists by training. In most countries
birdwatchers and ornithologists are associated with the Birdlife International
Partner and can be tracked down by visiting the Birdlife International homepage,
a network of birdwatchers and ornithologists worldwide :

560

http://www.birdlife.org/worldwide/national/index.html. A local partner can help to
answer the following questions: (1) Have surveys already been carried out in
the target area or are some being planned? (2) Do other monitoring schemes
already exist? (3) When is the best time for a survey (season and time of day)?
(4) Are permits needed and how are they to be obtained? If a certain survey or
monitoring scheme is already in place one should consider choosing a similar
method to make data comparable between sites. A good example for a largescale bird survey is the second South African Bird Atlas Project SABAP2
(http://sabap2.adu.org.za/index.php). On the homepage there are good
descriptions of survey methods and databasing procedures including various
downloads.
For your partnership to work, consider that volunteer schemes, as developed in
Europe and South Africa (breeding bird surveys, international waterfowl counts
etc.) rarely exist in developing countries. People have to work to survive and
can rarely afford a hobby like birding. Therefore, find out what the “normal” fees
and salaries are. Discuss this issue with your local partner beforehand. Out in
the villages, it may be useful to make agreements about donations and salaries
with a village chairman, or council, rather than with the individual helpers. Such
discussions may be cumbersome (for you) and you may feel awkward, but
nothing is worse than having to sort out conflicts afterwards. Sometimes it can
be useful to have a small contract telling the nature of your cooperation who is
responsible for which aspect, signed by all parties involved and a copy resting
with each party.
2.1.

Species identification

When planning a survey in an unfamiliar region, prepare yourself beforehand,
as this will save a lot of time in the field. This includes surveying existing
ornithological literature about birds in the target area, and to identify species of
particular interest. For most parts of the world there are field guides for birds
and CDs with bird calls and songs. The quality of these guides greatly varies
and they rarely include juvenile birds. Some are heavy to take into the field. A
simple although somewhat drastic trick is to ask a book binder to split your book
into two – one with the plates (to bring into the field) and one with the more
extensive text that you may decide to leave at home or at base camp. Some
publishers have already caught up with this idea, i.e. for West Africa (Borrow &
Demey, 2004), New Zealand (Robertson & Heather, 2004) or South Asia
(Rasmussen & Anderton, 2005). A good source to check what species occur in
an area is http://www.birdtours.co.uk/ which is a collection of trip reports by
travelling birders all around the world, including up to date maps, tips on where
to stay and who the useful local contacts are.
2.2.

Calls and Songs

We very much recommend using a MP3 player with headphones and
microphone that can easily be taken into the field. With a special amplifier, a
directional microphone can be used, increasing the range and quality of the
recordings. The calls from a CD can be transferred onto the player. Most
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modern recordings will offer files in mpg-format. If not, the sound files on audio
CDs can be transcribed into mpg-files easily, using freeware available (i.e.
http://www.freerip.com/). Do observe copyright laws and make sure your
download is really for free. Free resources are online sound libraries:
http://www.xeno-canto.org/africa/index_static.html
http://www.xenocanto.org/index_static.html
http://www.xeno-canto.org/asia/index_static.html
http://www.xeno6canto.org/australasia/index_static.html
If you are after species from an area where sound recordings are not yet
available, you can check with the Wildlife Section of the British Library National
Sound Archive (NSA, http://www.bl.uk/soundarchive) or the Library of Natural
Sounds (LNS) at Cornell Laboratory of Ornithology (www.birds.cornell.edu).
Fees may apply. Once you have all songs and calls you need, arranging the
files in folders is useful, so that they can be easily found when in the field (i.e. in
alphabetical or systematic order, whatever the preference). Time permitting,
calls of species one expects in the target area can be put into a separate folder.
The recording function of most players is usually good enough to make a (low
quality) recording of a bird call or song that cannot be identified at once. These
can later be sent to a specialist to aid identification. Take a player with regular
AA or AAA batteries as those usually can be bought in most countries or, when
sunny enough, use small solar battery rechargers. Avoid complicated
recharging systems that you need electrical power and adaptors for, as
electrical power may not be available at base camp. In the headphone slot one
can usually plug small active speakers (working with batteries) that can be used
for playback. We do not recommend the use of playback but for certain species
it may be necessary, especially to detect cryptic or understorey species.
Playback can disturb birds, especially in the breeding grounds. Therefore it
should be only used if absolutely necessary and then only very briefly, i.e. for a
maximum of five minutes. As soon as there is a reaction, stop. Keep in mind
that a bird may not visibly respond, yet may still be disturbed.
2.3.

Bird collections in museums

Bird collections are good places to brush up bird identification skills before going
into the field. If a survey is for scientific and conservation purposes, most
museums will allow such studies. See for example:
http://www.museum.lsu.edu/~Remsen/AVECOLlections.html
http://www.scricciolo.com/European_Bird_Collections_C%20S%20Roselaar.pdf
To find out whether a museum holds the required specimens, the bird curator
should be contacted well in advance and arrangements made to see
specimens. Bird curators or collection staff should explain the best way how to
handle bird skins. Always handle them with great care because they are meant
to be used by generations to come! A large number of web pages are useful to
study birds. Many of them are accessible through the GBIF platform
(http://www.gbif.org/). A useful searchable database is http://avibase.bsceoc.org giving links to selected Google images, distribution maps, taxonomy,
ITIS, Birdlife and Wikipedia. ORNIS, the Ornithological Information System, is
linked to GBIF and allows searching 42 mostly American bird databases,
including museum specimens (http://olla.berkeley.edu/ornisnet/). The site offers
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a list of the respective curators including email addresses. For the Neotropics,
another good source is http://neotropical.birds.cornell.edu/portal/home. The
Zoological Museum, University of Copenhagen offers online access to birds
collected in Tanzania
(http://www.zmuc.dk/VerWeb/Tanzanian_Vertebrates/TanzVert.index.html).
2.4.

When to count

The timing of a bird survey will depend on the life cycle of a particular bird
species if monitoring one species. Of course, many surveys would be for more
than one species. To get an inventory for a given area, typically the major
breeding season is best suitable for monitoring the community. Some birds
migrate and will be absent from the chosen study area for part of the year. This
can include a smaller scale i.e. altitudinal movement, but can range to longdistance migration. For most surveys, the time when males are singing on their
territory and the birds constructing their nests, are the most suitable, since birds
are most active then. Once sitting on the nest, birds often become very silent
and cryptic, making it hard for anybody to detect them. In many tropical areas
breeding seasons are not as synchronized as in more temperate regions. This
means that often only some bird species are breeding whereas other, often
closely related species may breed much later. Furthermore, only some
individuals within a population may be breeding. The timing of breeding greatly
depends on the altitude of your study site and the weather. Even rainforests can
be rather dry in certain years. Humidity greatly affects food availability and
triggers the onset of the breeding season. Low temperatures in mountain
regions can defer the onset of the breeding season. It is often very hard to
predict these patterns, even for experienced local people. If logistically possible,
we recommend to count at least two times a year.
2.5.

Target species

You should aim to find all species possible including breeding birds, wintering
birds, cryptic species, nocturnal species, understorey species, rare species, bird
colonies and mixed species flocks. Special methods are available for most or
can be adapted from closely related species (see Gilbert et al., 1998). The more
time you spend in an area, the more species you are likely to find. These
species discovery curves (Fig. 1) are quite useful as they help you to identify the
point in time when the number of new species discovered in an area becomes
rather low. For economic reasons and depending on the question being
investigated, one may decide to stop data collection at that point (see below for
further details).
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Fig. 1. Species discovery curve, with the total cumulative number of species discovered
each day (the time unit could also be hours). At first, the number of species increases
rapidly until, after a certain number of days, this number levels off. After that it takes
many days to discover a few more species, some of which may only be occasional
visitors of the area (after Bibby et al., 1998).

2.6.

Habitat

Birds live in almost any habitat you can think of. Clearly, you need to adapt your
survey method to the habitat. As an example of two extremes, consider a desert
with very low vegetation on one hand, and a dense rainforest with trees ranging
up to 40 m into the sky on the other. It is therefore useful to split your survey
area into different habitats (i.e. forest, scrub, desert, alpine etc.) and to adjust
your survey method accordingly (i.e. spacing of transects, distance of sample
points etc.). If you want to compare different habitats you should, however, use
the same protocol. Bibby et al. (1998, 2000), Gilbert et al. (1998), Gregory et al.
(2004) and Gibbons & Gregory (2006) offer good advice on this topic.
2.7.

Maps

High-resolution maps are essential for a good survey and we recommend
obtaining maps prior to surveys. In the capitals of most countries you can
contact ministries for geography/geology or local cartographic services. Google
Earth images can give you a good idea of your study area, and for many areas
high-resolution images are now available. Sometimes they are a few years old
and therefore of limited value in areas under rapid “development”.
2.8.

Bird behaviour

Birds have very different life styles. Some spend almost all their time up in the
air (e.g. swifts), some are flightless (e.g. Kakapo, Kiwi) or virtually so and skulk
around in the understorey vegetation. Birds that live up in the canopy are often
almost impossible to detect, as are birds that hide in dense foliage. A few birds
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are rather curious and easy to detect, while others are extremely shy. Species
detectability depends very much on bird behaviour but also on weather
conditions and the skill of the observer. Observers who recognise all of the bird
calls and songs of an area will naturally discover more bird species than
observers without these skills.
Birds also sing at very different times of day, some start very early in the
morning, or advertise their territory around daybreak by giving a single call,
some sing at night (e.g. owls). Whereas for some species it may be useful to
count breeding territories identified by their territorial song, for other species it
may work better to count them during foraging or when they are flying to a roost
(i.e. gulls or terns). Many tropical forest birds move around in multi-species
feeding parties, or become active only when such parties pass through their
territory and provide effective antipredator vigilance. Thus, it is of great
advantage to pay attention to these bird parties, which often follow the same
route day after day (Poulsen, 1996). In the neotropics, mixed flocks are known
to follow ant swarms (Vallely, 2001; Roberts et al., 2000).
Although the books by Bibby et al. (1998, 2000) and Gilbert et al. (1998) offer
more detailed guidance, the annual cycles of birds outside Europe and North
America are, in comparison, poorly known. Indigenous people are often the only
ones that can give you some ideas about certain species (Ng’weno, 2008).
Sometimes their stories may make Europeans sneer because they contain a lot
of mystery. Don’t sneer at the stories but try to interpret them. A bird spending
winter in a tree cavity and coming out of its hole when the thunder arrives could
simply mean that it is a migratory species returning with the rains. Documenting
all bird behaviour and observations during surveys is a very worthwhile
exercise!
2.9.

Local knowledge and training of locals

Once in the field, it is very useful to ask a local guide, hunter or project partner
to accompany you and to talk to local communities. Going through a bird book
with indigenous people can give you priceless information. Depending on where
in the world you are, birds are often part of the day-to-day diet of people, so
they may have extensive knowledge about them. Talking to the elders of a
village one may also find out which species used to occur in an area but may
now have become scarce or have disappeared (Ng’weno, 2008). However,
when it comes to smaller, similar-looking species, locals often cannot
distinguish them as they lack binoculars. It is useful to bring extra binoculars
that you can give to local guides or other project participants. To get hold of
them ask friends and colleagues back home if they have a pair they don’t need
anymore. The most important achievement of your trip may not be your species
list, but instead the training of locals in bird identification, to make them
interested and to possibly teach them how to carry out a monitoring scheme
themselves (http://monitoringmatters.org,
http://www.springerlink.com/content/100125/) (Danielsen et al. 2005, 2006).
Like other monitoring approaches, locally-based methods may be less precise
and biased, but may on the other hand be very effective tools for locally based
resource management, once locals realize how data can be used for
empowerment, e.g. for rapid management decisions to counter habitat loss by
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interventions from foreigners and from corrupt administrations. Typically, data
collected by locals may lead to prompt and local decisions, while data collected
by scientists feed into long-term government regulation (Danielsen et al., 2007).
Thus, a combination of both is needed.
2.10. Personal safety
In remote areas always take somebody with you. Local people often know an
area very well and have a fabulous sense of orientation. Put an emergency
mechanism in place in case you do not return in time. Let other people know
where you are going and how long for. When discovering a rare animal the
temptation to leave known ground becomes very high and suddenly you don’t
know how to get back. If one person remains on a path, the second person can
go off in search for the animal, remaining in shouting distance you will always
find your way back. A handheld GPS and a compass are very useful, but you
need to know how to use them. Familiarize yourself with these on known
ground. It is good to note the direction of larger roads, or rivers, mountain
ranges, steep valleys as they can lead you back in case you get lost. Always
think about the basics: enough water, emergency food, sun and mosquito
protection, small headlamp (LED’s), raingear if needed, small first aid kit,
waterproof matches etc. A very powerful yet lightweight torch is the Supernova
run with LED’s which can function as a signal light (or to be used as a spotlight
to see owls…).
Before your trip make sure you have all necessary vaccinations. When mistnetting this includes one against rabies, as bats that are sometimes caught are
known to have transmitted this disease. Make sure you have enough
medication for all likely diseases with you. When leaving medication behind give
it to a local doctor or hospital. Being in remote places it is always useful to know
first aid and to be able to diagnose diseases, not only concerning yourself but
also the people that work with you (Werner, 1979; Merry, 1994; AAOS, 2007). If
one does become sick, one should always go to a doctor. Usually, local doctors
have a very good knowledge of local diseases.
3.

Short overview of methods available

For anybody planning a survey we strongly recommend to thoroughly study
Bibby et al. (1998) as it offers in depth advice on many relevant topics
(http://biology.kenyon.edu/courses/biol229/fieldmanual%20birds.pdf). The best
way to learn is to join a professional team for a few days, to get some first field
experience and training. The Tropical Biology Organisation offers a wide range
of training courses (http://www.tropicalbiology.org/).
There are methods that will give you an idea of the species present in an area
(qualitative data) but not how many of them (quantitative data). When
introducing the factor “time” or “space” into a simple species survey, you can
very quickly improve the quality of your data (species discovery curve,
encounter rates, MacKinnon index or timed species counts, see Table 1).
Quantitative methods are, in general, more time consuming and require more
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skill. There are point counts, line counts and even the mapping of territories. In
quantitative methods often the distance between observer and bird has to be
estimated (see below).
The key decisions are (from Gregory et al., 2004):


Do we want to estimate population size accurately or will an index meet our
needs? In other words, are we interested in absolute or relative abundance
(index)?



Where will we undertake the survey?



Should we cover the whole area of interest, or only sample part of it?



If we plan to sample, how should we select the study sites?



What geographical sampling units will we use? Mapped grid squares, forest
blocks, or other parcels of land?



What field method will we use?



What are the recording units: individuals, singing males, breeding pairs,
nests or territories?



How will the subsequent data analysis be carried out?



How will the results be reported and used?

You need to adapt your method to: a) the question you are asking, b) your skill,
c) the time available, and d) the habitat. In open habitats, distance sampling
may be easy and therefore the method of choice, but this will be hard in
rainforest. Notice, though, that comparisons between habitats require that
similar methods are being used.
When trying to survey a dense lowland rainforest you will quickly notice your
limitations. It will be hard to see birds and to estimate distances to vocalizing
birds. This makes standardised quantitative sampling difficult or even
impossible (Bibby et al., 2000). With the many logistic constraints during
fieldwork in such environments, it is therefore important to consider how to best
spend the time available. Rather than working hard to obtain perfect quantitative
data from a single site, it may be better to use the time to get semi-quantitative
data for several sites. This approximates random sampling of the
metacommunity and, in addition, gives some information about variation across
different habitats. Small samples mean that some rare species are unrecorded,
and this truncation of the community (Preston, 1948) reduces the possibility to
discriminate between different abundance models. However, even incomplete
samples will suffice to identify dense (viable) populations of species of
conservation concern, and will allow estimates of species richness.
3.1.

Pilot Survey

Unless you have been there, you will not know what your survey area is really
like. Plan a pilot survey of at least two weeks to a) get to know your species and
the habitat, b) to try out methods and c) to practise them.
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3.2.

Qualitative methods, relative abundance



Simple species list. All species are noted, regardless of time of day or
season. The presence or absence of rare or threatened species (Birdlife
International 2000, http://www.iucnredlist.org/) is the key for conservation
and management of a site. The problem with simple species lists is that
there is no control for observer effort. Chance observations will obviously
increase with the time you spend in the field and some cryptic resident
species don’t show up immediately.



Species discovery curves. Species discovery curves that record survey
effort can be obtained by recording the time spent in the field for each
observer. It is important that observers work at different areas or at different
times. By also noting the date and time each species was discovered, some
simple analysis becomes possible. Having separate lists for different areas
may enable you to come up with further detail, e.g. if you split your area into
degraded and natural forest, you can make a simple comparison



Encounter rates. Encounter rates are calculated for each species by
dividing the number of birds recorded by the number of hours spent
searching, giving a figure of birds per hour for each species. When doing
this separately for different habitats, more detailed information can be
obtained. However, beware that encounter rates will vary with the structure
of the vegetation. In dense vegetation encounter rates may be lower than in
more open habitat. Encounter rates are not a substitute for true density
estimates but they allow a comparison of relative abundance. Abundance
categories can be scored.
As an example (from Lowen et al., 1996), for each species assume the
number of individuals/100 field hours to be your value, then you could use
the following abundance categories: rare (< 0.1), uncommon (0.1-2.0),
frequent (2.1-10.0), common (10.1-40.0) or abundant (>40.0). If these
categories do not work for your data you can of course adapt them
accordingly. To avoid counting birds several times, it is important that
different observers move to a starting point at some distance from base
camp and plan their routes so that they are not overlapping. Birds that call
loudly will be recorded more often than more quiet ones and the likelihood
to record a species will depend on its state in the annual cycle.
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MacKinnon lists (MacKinnon & Phillips, 1993). They are often used in
“Rapid Assessments” (Herzog et al., 2002). Make a list by recording each
new species seen until you reach e.g. 20 species; then start again with a
new list. Any one species will only be recorded once in your first list of 20,
but may be recorded again in subsequent lists. Analysis of ten or more lists
for a given area will give a good picture of its avifauna. Plotting the
cumulative total number of species recorded against the number of lists
made, this produces a species discovery curve whose steepness reflects
species richness and indicates how many more species are likely to be
found in an area (Fig. 2). If you are in a habitat that is species poor, you
may decide to use a lower number than 20, maybe 15 or even 10 (Poulsen

et al., 1997). You need to try this out. Your speed of walking will greatly
affect the kind of species you will encounter. Whilst walking slowly through
the forest one will get a good number of scrub or canopy dwelling birds, but
for some ground-dwelling birds such as pheasants, pittas or thrushes,
moving quickly but silently through the forest will yield better results, as birds
have less time to react to your approach. It is recommended to discover
every bird that is active within 50 m from the transect line (Schieck, 1997)
and thus it is not practically possible to achieve a constant walking speed.
If this method is used to describe community structure, there are some
fundamental flaws, as some records will be single birds and others will be
flocks with many individuals of the same species; fortunately this problem is
not so serious in tropical forests where most species appear in pairs and
family groups (2-4 individuals). The data can be much improved by writing
down the number of individuals and use this raw data for the final analysis
of community composition and species richness (Herzog et al., 2002).

Fig. 2. Species curves derived from MacKinnon lists, simplified and altered from
MacKinnon & Phillips (1993).



Timed species counts. Timed species counts (TSCs) are especially useful
for open habitats (Pomeroy & Tengecho, 1986), but as mentioned above
this approach may not be useful off-trail in thick vegetation. Data for TSCs
are recorded in six columns, corresponding to six 10-min intervals during an
hour-long survey. The observer walks at a slow pace (about 1-2 km/h). For
the first 10 min, every species seen or heard is noted down in the first
column, regardless of the number of individuals. For the second 10 min-
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period, any species not already recorded is noted in the second column and
so on. For one observation hour each species is only noted once. A
minimum of 15 surveys should be carried out for a site, corresponding to 15
observation hours. Pomeroy & Tengecho (1986) suggest to physically cover
an area of 1 km² for each count. Depending on the habitat this may of
course be modified.
3.3.


Quantitative Methods
Positioning of sampling points. There are various possibilities to place
sampling points or beginnings of transects (Fig. 3), each one with
advantages and disadvantages. For statistical reasons it is important to
place all sampling points at random or at least to place your first point in a
line of points at random. When counting along roads or existing paths (Fig.
3A) it is likely that not all species are discovered because the path does not
run through all the different habitats. More importantly, the presence of the
road or path may influence the species (or numbers) present. Placing the
points randomly may give better coverage (Fig. 3B), however, choosing a
completely random approach may leave some areas unsampled. A stratified
random sample (Fig. 3C) using a grid (at least 500 m apart) is the best
choice. In each resulting square one point is chosen at random. If points
from two neighbouring squares are too close to each other (so that possibly
the same birds are counted twice) then it may be useful to omit that point
and choose a new one.

A.

B.

C.

Fig. 3. Three possibilities for positioning point counts or beginnings of transects. a. along
existing roads or paths; b. entirely random or c. stratified random (after Bibby et al.,
1998).
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Method

What for?

Advantages

Disadvantages

Species
list

Species
present

Easy, no data
analysis

No control of
observer effort
making comparison
between areas or
counts impossible

Species
discovery
curve

Estimate of the
total number of
species present

Different sites and
counts can be
compared

Plotting of data
requires computer
analysis, but simple

Encounter
rate

Index of
relative
abundance for
individuals of a
species per unit
time

Crude comparison of
abundance between
species within a site
and within species
between sites

Differences in species
detectability not
accounted for. To
count all individuals of
all species present
can be a practical
problem

MacKinnon
lists

Index of
relative
abundance
based on the
number of
encounters with
species per
block of effort.
Plotting a
species
discovery curve

Crude comparison of
abundance between
species within a site
and within species
between sites. Data
collection is simple,
allowing the observer
freedom to roam.
Relatively unaffected
by observer skill and
concentration

Differences in species
detectability not
accounted for,
underestimation of
flocking species

Timed
speciescounts

Index of
relative
abundance
based on the
number of
encounters with
species per
weighted block
of time. Plotting
a species
discovery curve

Crude comparison of
abundance between
species within a site
and within species
between sites. Data
collection is fairly
simple, allowing the
observer freedom to
roam

Underestimation of
flocking species

Mistnetting

Secret
understorey
species, index
of relative
abundance
when use of
standardized
net length and
time

Detect understorey
birds, get to know the
birds

Proper training and
special equipment
required, timeconsuming, mostly
limited to understorey
species, not costeffective, capture
conditions introduce
strong bias

Cost
Cheap

Expensive

Table 1. Bird survey and count methods (adapted from Bibby et al., 1998).
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There are some practical considerations for choosing a certain sampling
pattern and distance between sampling units (Robinson et al., 2000). In a
mountainous rainforest with dense understorey using existing paths or
roads may be the method of choice because: a) observers could get lost
otherwise, b) finding random points would be very time consuming and c) to
get to these points a lot of vegetation needs to be cut down which is not
only time consuming but may also be quite destructive. Furthermore, some
canopy species are impossible to detect when obscured by foliage, thus
using a road may enable you to see them (MacKinnon & Phillips, 1993).
When cutting transects during the breeding season there is a danger to
destroy nests and you will open pristine forest to people and animals that
may follow your tracks to exploit the forest. The disadvantage is obvious –
you will not cover your study area evenly, thereby not encountering some
bird species that you may have found using a random approach. In forest,
two sampling points should be at least 150 to 200 m apart, in open habitat
even further. Doing your survey in open farmland savannah it will be more
easy to set up transects or to find random points.
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Distance sampling (from Bibby et al., 1998). Quantitative methods often
require the estimation of the distance between the observer and the bird
(Fig. 4). Errors can be minimized by practising beforehand, and it is
important that different team members synchronize their estimates. Optical
range finders can be useful when you see a bird (but not when you hear it).
If you sample from points you can mark certain distances in advance.
However, in dense vegetation neither of these methods will work. Estimation
of the distance to a calling bird can be practised by placing a tape recorder
at various distances. To make things easier one can use distance bands,
i.e. within 5, 10, 15, 20, 30, 40, 60, 80, 100 m of the observer.

Fig. 4. d1 (perpendicular distance) can be calculated using d2 and the sighting angle θ
(d1=d2*sin(θ)).

For the analysis of these data the software “Distance” can be used (Laake
et al., 1994). Please check Bibby et al. (1998) for further detail. Distance
sampling can be used both in line counts and point counts (see Table 2 for
advantages of each method).


Point Counts. Points are usually laid out on a random transect, i.e. every
50 m. One walks from one point to the other, stops at the point for a
predetermined amount of time (i.e. 5-10 min) to count all birds present
(individuals and species) and then walks to the next point to repeat this and
so forth. Distance between points and amount of time spent counting need
to be adapted to the habitat. For more details see Bibby et al. (1998).



Line Counts. You walk continuously along a certain line and record all bird
contacts either side of the track. Walking speed should be constant, a goal
very hard to achieve, especially in dense forest. Avoid counts along streams
and rivers as your splashing about will flush birds along the river often long
before you have even had a glimpse on them. For more details see Bibby et
al. (1998).
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Line Counts

Point Counts

+++ extensive, open and uniform
habitats

+++ dense forest or scrub

+++ mobile, large or conspicuous
species and those that easily flush

+++ cryptic, shy, skulking species

+++ low population densities or species
poor

+++ high population densities or
species rich

Cover the ground quickly and efficiently
recording many birds

Time is lost whilst walking
between points, but at point more
time for observation and
identification

Double counting minor as observer is
on the move

Double counting potential
problem

Birds are not so much attracted to
observer

Curious birds may be attracted to
the observer

+++ when easy access

+++ when difficult access

Can be used for bird-habitat studies

Better suited to bird habitat
studies

Errors in distance estimation have a
smaller influence on density estimates
(because the area sampled increases
linearly from the transect line)

Errors in distance estimation can
have a larger influence on density
estimates (because the area
sampled increases geometrically
from the sampling point)

Table 2. Differences between point and line counts (modified from Gregory et al., 2004),
+++ = good for.



3.4.

Territory mapping and other methods. For more advanced methods like
territory mapping we refer to the literature (i.e. Bibby et al., 2000). A method
especially designed for tropical environments is “Multi Time-Window
Transect-Mapping” (see Jahn, in press).
Mist-netting

Mist-netting is useful to learn the birds in an area and to discover skulking
understorey species but it is not time effective and the data obtained are not
useful for a quantitative description of the local bird community. According to
Remsen & Good (1996), the record of birds through mist-netting measures the
activity of birds within 3-4 m above the ground rather than the community
composition in the habitat. Mist-netting is very time-consuming, extremely
weather dependant and should only be carried out by well-trained people. A
good description of how to responsibly use mist nets to catch birds is given in
Redfern & Clark (2001). Training is offered in many countries by institutions that
organize the national bird ringing schemes.
Europe: http://www.euring.org/national_schemes/contact_schemes.htm
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Out Europe:
http://www.euring.org/national_schemes/non_euring_schemes.htm.

Fig. 5. A mist-net of 6 m height using
bamboo poles to catch birds in
Madagascar. (Photo: F. Woog).

Also see Hofmann et al. (this manual) for a detailed description of the use of
mist-nets for catching bats. For most passerines, 16 mm Nylon mesh is used,
nets are 6 or 12 m long and have 4-5 shelves (giving them a height of about 2.5
m). Mistnets can be placed on ridges, in thickets or at forest edges, where birds
often pass close to the ground. If nets are set in wrong places a lot of damage
can be done to the birds (bird colonies, roosting places and nests have special
rules). Generally, avoid putting the nets in the sun, where they are easily visible,
and where captured birds can rapidly dehydrate. Taking birds out of the nets,
and handling them, has to be done properly and enough people need to be
present to monitor the nets that have been put up at close intervals (every hour,
or more often under warm conditions or when it drizzles; but close the nets
when it rains!). After extraction from the net birds are usually placed in doublesowed light cotton bags for further processing.
Birds can transmit diseases. To reduce this risk, make sure that bird bags stay
dry and clean (turn them inside out and shake them after each capture, and
wash them often). Make sure to thoroughly disinfect nets, especially when
moving between countries or continents. It is unacceptable to use mist-nets first
in an European country and then use them, unwashed, in a pristine tropical
forest (the same is of course true for all your camping and outdoor equipment).
Also observe principles of hygiene: wash your hands, preferably with
disinfective soap. Do not take soiled bird bags into the tent you sleep in.
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When you have the bird in your hand, make careful records (photos, weight, fat
score, brood patch, moult stage, wing length and other measurements)
(Svensson, 1992; Baker, 1993) and, depending on additional research
questions, take a blood sample for DNA-analysis or feather for the analyses of
stable isotopes (see paragraph on collecting birds). Bird ectoparasites are often
poorly known and collecting them may yield new species (preserved in 2 ml
vials in 70% alcohol, use very fine tweezers).
Canopy nets can increase the number of species you catch. They are not easy
to handle. The best way to learn about these is to ask somebody that uses
them.
To quantify birds, mist-netting is not really a good method and will only be useful
to compare relative abundances of selected understorey species (see Table 1).
If this is planned, the birds need to be marked to avoid double counting
recaptures as new captures. The most useful are bird rings, but if these are not
available tail feathers can be clipped systematically to identify birds which have
already been caught. Clippings should be as small as possible. As birds moult
their feathers at least annually, these markings remain temporary. Markrecapture methods are useful for a wide variety of studies and purposes and
can help to estimate abundance of selected species quite precisely or establish
local movement pattern (for information about data analysis of capturerecapture data see http://warnercnr.colostate.edu/~gwhite/mark/mark.htm).
A note of caution – locals often ask for mist-nets (as a means of catching birds
for food, plumage or for the pet-trade). Never leave mist-nets unattended. When
storing them make sure they are as safe as your money and passport. On the
other hand, some locals may be afraid of the nets and will not pass by. Make
sure you talk to the village people that may encounter the nets, ask them for
their permission and explain what you are doing. In some areas with large
game, goats, cows or monkeys it may not be advisable to use mist-nets as
these animals can easily destroy your expensive nets and may severely injure
themselves during the process of entanglement.
3.5.

Collecting birds

For a bird survey and monitoring scheme the collection of birds is usually not
necessary, but sometimes new species remain undiscovered because birds
were not collected. There are all sorts of opinions about collecting birds (see
Remsen, 1995; Collar, 2000). Habitat loss, agricultural practice and world-wide
climate warming are the real threats to birds, and in comparison the “sacrificing”
of a few birds for science means nothing for most species except when they are
very rare. But all collecting should be done legally and justified by some clear
purpose, such as needs for documenting new-discovered populations and
potential new taxa. In many developing countries there exists a sort of split
moral – one for indigenous people, one for industrial enterprises and one for
(foreign) biologists. Whereas indigenous people hunt birds for a living, and
international companies destroy vast pristine natural areas (i.e. for mining, dam
projects etc.) often, especially foreign, biologists are not being granted collection
and export permits for birds. Even the collection of feathers and birds found
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dead along roadsides may not be permitted and the export from the country of
origin and import into your home country is not easy (i.e. concerning species
listed under CITES or under health regulations).
However, it is always useful to prepare birds found dead or for a specific
scientific question, and local partners can advise on what to do concerning
permits. The easiest is usually a cooperation with a museum or university where
specimens can be kept before permits have been worked out. It is fair enough
that these institutions often want a share of the collected material for their own
collections. For preparation techniques see Wagstaffe & Fidler (1968), Harrison
& Cowle (1970), Piechocki (1998), Winker (2000) and Hofmann et al. (this
volume). To see a video on bird preparation, paste
mms://137.229.54.15/bts/birdprep.wmv into your browser.
In order to preserve bird skins under field conditions it is best to prepare the skin
right away, and to quickly dry it properly (i.e. using a kerosene lamp for heating,
when it rains). Remove the brain and as much tissue as possible. Salt can be
used as a cheap and easily available preservative agent. Thymol can help to
prevent bacterial growth and moulding, i.e. put some crystals into your air-tight
storage containers, and if needed silica gel. If one has no time to make skins in
the field or is working in climates with a high humidity, birds can be put into 70
% alcohol (1/3 animal, 2/3 alcohol). When preserving a complete animal without
skinning it you need to inject alcohol with a syringe into the internal cavity of the
animal and the brain (through the nose). Because the alcohol gets diluted by the
fluids of the animal, it is advisable to change it after a few days. Alcohol can
wash out certain colours, which is a disadvantage. For transport, the alcohol
can be drained and specimens be put into double Ziplock bags. It is also useful
to collect a tissue sample (i.e. muscle or liver) in the field. This is to be stored in
pure 90-95% alcohol or EDTA-buffer. For good practices in tissue conservation:
http://www.mip.berkeley.edu/mvz/collections/opportunistic_collection_of_tissue.
pdf.
For many research purposes it may suffice to take a blood or feather sample
and then releasing the bird (note however, that official permits may still be
needed!). Blood samples are useful for genetic studies on various levels not
only for speciation but also for population differences (Gaunt, 1999; Dawson,
2005). Stable isotopes found in feathers can give you an indication where a
migratory bird grew a feather (Bearhop et al., 2000; Wassenaar & Hobson,
2001). A small drop of blood is taken from the wing vein or in species with soft
legs (like swans, geese and ducks) or young birds from the leg vein and placed
in small vials containing buffer (200-300 μl blood in storage buffer containing
10% EDTA, 1% SDS, 0.5% NaF, 0.5% thymol and 100 mM Tris, pH 7.4 (Wink,
2006) or alternatively DMSO-buffer (SSDE) consisting of 20% DMSO, 0.25M
EDTA pH 8.0 saturated with NaCl). These samples can be stored at ambient
temperatures, but longer-term storage at -20°C (or lower) is recommended.
Care should be taken, that syringes or buffer do not contain heparin, as this will
inhibit the PCR reactions. The procedure should be learned from another
ornithologist that has used the method before. Veterinarians often do not have
experience extracting blood from birds.

577

4.
4.1.

Documentation
Labels

When collecting samples make sure they are properly labelled, a collection
number is not enough. A proper label should at minimum contain date (write out
the month i.e. 11 Dec 2009, not 11.12.2009 as this may be read 11/12/2009
which could be interpreted as 12 Nov 2009, always write the complete year as
09 could mean 1909, 1809 or 2009), exact location including country, species,
collector, collection number. Never trust that you will remember to do this later.
http://olla.berkeley.edu/ornisnet/?q=node/5 gives detailed tools and guidelines
for geo-referencing. If possible, note longitude and latitude (i.e. read from your
GPS or map).
4.2.

Proper documentation

Field notes should always be detailed, with date, time of day, weather
observation (that may influence your survey results, e.g. heavy rainfall) and, if
possible, number of individuals encountered, and, if discernible, their sex and
age. If you see a group of peacocks, for example, note number of males,
females, immatures and juveniles. If you encounter birds that you do not know,
try to take a photograph, take a sound recording or immediately make a small
sketch of what it looked like. If you don’t have enough time in the field or you
can’t write things down whilst you are observing birds, MP3 players can serve
as dictaphone. However, always think about the time it will take to transcribe the
information from your recordings. One can only guess how many recordings
have been made in ornithological research without ever having been analyzed.
Modern digital cameras offer a unique possibility for improving field
identification. For instance, when a mixed feeding party of birds passes through
the vegetation, take as many photographs as you can, and by zooming in
afterwards you can identify birds that you did not immediately have time to
identify (or later blow up the images on your computer screen). In this way you
may sometimes be able to reliably identify every bird in the party.
It is often useful to enter data in forms prepared in advance, as this may
facilitate later data entry into your database. The forms should mirror the
structure of the database you intend to use. Enter your data as quickly as
possible.
When working in wet climates, working with normal paper is a challenge as at
the end of your expedition you may end up with a heap of ‘papier mâché’.
Fortunately there are solutions, i.e. “Write in the Rain” notebooks and copying
paper (Darling Corporation, http://www.riteintherain.com). These items are not
cheap but are well worth the investment. If you use pencil you can drop them in
a river and will still be able to read what you have written.
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4.3.

Database and data analysis

This should be in place before you start the survey, as they are very much
linked. Good guidance can be found in Bibby et al. (1998, 2000) and Voříšek et
al. (2008). The statistical approaches for estimating bird abundance from bird
counts and taking detectability into account (i.e. Kéry, 2008) are well beyond the
scope of this chapter. Whenever in doubt, consult a professional ornithologist or
statistician before you start fieldwork.
5.
5.1.

Case studies
Case study 1 from a tropical cloud forest (The Chelemhá,
Guatemala)

Combined line-point counts are often used in the tropics. Almost any method is
biased to sample the entire bird community (Terborgh et al., 1990; Poulsen,
1994; Remsen, 1994; Remsen & Good, 1996). Therefore, a combination of
several methods is sometimes essential to get a complete species list and
estimate relative abundance. In Guatemala, it proved essential to combine point
counts with transects, since a large part of the bird community would have been
missed if using only one method (Renner, 2003). To circumvent losing some
essential species, point counts were combined with transects counts: point
count sites were established each 25 m along transects. At each 25 m mark, all
birds sighted or heard within a nominal distance of 100 m were recorded for five
minutes. After the five minutes, the distance to the next point count locality was
slowly followed in the shortest possible way covering the distance in about the
same time. Transects were 150 m apart totalling 3,300 m. The local cloud
forests, the major habitat in Chelemhá, fortunately do not have a very dense
understorey, hence only minor efforts were needed to establish the pointtransects. The bordering secondary vegetation, however, was very dense, and
establishing trails to count birds was impossible (the dense secondary
vegetation was a wall consisting of 2 cm thick stems of plants only 20 cm apart
at the time of monitoring). The Guatemalan authorities and the land owner were
interested in the results of the bird survey but because the area was a non-use
forest reserve, all cutting of vegetation was banned. The establishment of point
sites and transects was therefore a trade-off between scientific desire (random)
and conservation (using existing trails as much as possible and minimizing the
impact on the area). To diminish effects of detectability (Hines, 2006;
MacKenzie et al., 2002, 2003), all point counts/transects were visited three
times a year. The data were used to establish relative abundance of all bird
species and to determine presence of species (Magurran, 1988; Rosenzweig,
1995). Results showed that while more species were present in secondary
forest, all species of conservation concern were only present in natural forest
(Renner, 2003, 2005).
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5.2.

Case study 2 from cloud forests in the mountains of the tropical
Andes

Because of the steepness of the terrain, impenetrable vegetation and lack of
trails it was difficult to standardise the sampling and to obtain reliable bird
density data (Bibby et al., 2000). Rather than trying to get absolute quantitative
data from one or two study plots, the study aimed to obtain semi-quantitative
data for comparing the community composition of samples over several sites
and habitats.
Avian community data were obtained during transect walks. All visual and
acoustical records of birds within 50 m (Schieck, 1997) were noted while
walking very slowly and quietly through the terrain and as "randomly" (with
frequent changes in direction) as topography and vegetation permitted (Fjeldså,
1999; Herzog et al., 2002). Species accumulation curves level out rapidly (much
more so than with point sampling!) and high correlations between relative
species abundance data obtained this way and by point-counts in the same
area suggests that observations made during "random" walks are not
significantly more biased than those obtained by more standardised point
counts (Fjeldså, 1999). The main advantages of this "random-walk" approach
are the broad sampling of the study area, time-efficiency (all bird observations
being used, unlike in point counts; see below) and relative observer
independence (Sauer et al., 1994) compared to timed-species-count methods.
At each study site, data were collected within 1-1½ km² and over 2-4 days.
Variation in the extent of study plots is not of a magnitude that requires
adjustment for area differences. Study sites of this size will represent habitat
mosaics (of different associations of forest trees, tree-fall gaps, landslides and
glades) but the study plot was large enough to find most birds on the move,
singly or in mixed feeding parties. Walking speed varied (as the vegetation is
sometimes nearly impenetrable) but was usually ca. 500 m per hour. On
average, 0.4 birds were identified per minute. This rate could be raised by
walking faster, but the data will then be more biased towards easily detectable
species.
The observed species richness is constrained by sample size, and for
comparison it is necessary to estimate species richness by extrapolation. Such
estimators reach their own asymptote much sooner than sample-based
rarefaction curves, they level off and approximate empirical asymptotes well.
The simplest approach (which can be applied currently, during field work) is to
use the Chao 1 formula (Colwell & Coddington, 1994):
S1 = Sobs + a2/2b (Sobs being the number of species recorded, a being the
number of singletons = number of species recorded only once, b the number of
doubletons).
A more sophisticated estimation can be done later using Colwell’s software
EstimateS (http://viceroy.eeb.uconn.edu/estimates). Ranked abundance curves
can be constructed from the total list of observed birds along the route,
assuming that the attentive observer is able to detect all birds (at least those
which are active) within 50 m from a transect. In most cases, about 500 bird
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identifications will provide a good sample for describing the bird community
within a study plot.
John MacKinnon and Karen Phillips on birdwatching in forest:…” Watching birds
in tall forests is not easy. You may walk for an hour without seeing anything
then suddenly be surrounded by so many twittering birds that you cannot focus
on any. A bird may be so high up and so obscured by foliage that you cannot
get a good view. In the rain, water on your lenses may blur your vision…
leeches are an accepted irritation”…
6.
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Abstract
Collecting in rivers, streams or lakes is challenging, and the fishing efficiency is
highly depending on habitat conditions and the selection of fishing gear. While
some fishing gear can be very targeted, most gear types result in the capture of
non-specific by-catch. Therefore, careful and thorough planning of any field
project is essential in ensuring the collection of undamaged, well preserved
samples, including the targeted species. Planning not only includes preparatory
work before heading into the field such as applying for permits and the selection
of suitable fishing gear for the specific habitat and species to be sampled, but
also putting together comprehensive sampling equipment for the activities to be
undertaken and assembling adequate personnel to handle all sampling events
during the specified time period.

Key words: Fishing gear, fishing methods, fishes, preservation, tissue
sampling
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1.

Introduction

“If field workers understand how specimens are processed and used in
museums, they will prepare better specimens. If collection users understand
how animals are collected and preserved in the field, they will make better use
of the specimens. If all of us understand how collections are managed,
specimens will be better utilised and preserved for the future.” (Simmons, 2002).
Besides your own research interests, specimens in natural history collections
serve as valuable representatives of natural populations for other scientists for
decades or even centuries. Therefore, all collections from natural (fish)
populations should be made careful and with the best preservation procedures
to ensure the highest quality of the preserved specimens and tissues for future
research. Collection of ancillary material (additional specimens, species or
amount of tissue) should be evaluated against the time, effort and money
invested in the sampling. With collecting becoming increasingly difficult both due
to budget and permitting issues, collaborative collecting is becoming more
prevalent and cost effective.
2.

Permits, regulations and responsibilities

Ecologists and Biologists working with freshwater fishes have to cope with many
regulations and obligations. Besides national and international regulations and
provisions on species covered under the Convention on International Trade in
Endangered Species of Wild Fauna and Flora (CITES), additional permits and
licences are necessary or required for endangered, threatened or protected
species and have to be considered in the planning of a proposed field work
project. These should not only include the required permitting legislation, but
also consider the ethical treatment of the collected specimens. Minimizing
actions and conditions that might induce physiological stress, physical damage
and injury are not only a matter of animal welfare, but may have a direct impact
on the quality of the preserved fishes in the field.
2.1.

Collecting permits

Prior to the start of any field programme and depending on which country the
field work is to be conducted in, all necessary permits for the proposed fishing
and sampling activities in the study area must be obtained. This includes official
research permits on multiple national/federal levels, fishing permissions, a valid
fishing licence at least for the fishing person (mandatory in Europe and North
America) and especially local permits (i.e. allowance/authorisation of local
fishing right holders, communities, village chiefs, etc.). For entry and collecting
in several National Parks additional permits might be necessary, negotiated and
permitted by the administration of the National Park itself. Official and local
permits should include the name of each field crew member on the permit, and
the explicit permissions for entry of special geographic locations such as
National Parks, restricted/prohibited areas, private land etc., and allowance of
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collection of specific species (especially CITES, threatened, endangered or
protected species) including any potential by-catch or the collection of other
disciplines if applicable. Applications for these official and local permits should
be made well in advance of the planned field work with adequate time for
processing (and return) of the permits. Illegal fishing without permission may
result in fines and other penalties (including prison time in some countries). Any
permit conditions should be strictly adhered to (limitation of number of
specimens of individual species, return of unwanted material to the
environment, return of collected material to the country of origin after the
collecting trip, restrictions on methods of collection, etc.).
2.2.

Export / Import Permits

An export permit is required if the sampling/field work is carried out in a foreign
country and the samples have to be transported from this country or state for
further study and analysis (and/or final deposition). If the material is deemed for
final deposition at the destination institution, the export permit should specifically
allow the permanent export from the host country and transfer of ownership.
The transfer of ownership may be negated by conditions such as export of
CITES, endangered or protected species, or by other stipulations regarding the
return of identified material to the host country. Again, as with collecting permits,
any conditions or stipulations of the export permit must be adhered to. Import
permits are required for the import of CITES species, but may also be required
for the destination country and should also stipulate permanent deposition at the
destination institution.
If the collected material is to be transported across federal/state, provincial or
county boundaries, or exported and imported to different countries (e.g. for entry
into the EU), national or international animal health and veterinary regulations
may also apply requiring certificates for transportation, i.e. health or veterinary
certificates, as detailed in Section 5 (Trade measures, importation/exportation
procedures and health certification) of the Aquatic Animal Health Code as
provided by the Office International des Epizooties (OIE). For further reading
follow the OIE-link given below to Internet based information.
2.3.

Additional permits and licences

Besides the above, further permits and licences may be required for any
proposed fishing activities, including but not limited to:


Valid electro-fishing licence at least for the collector who operates the dip
net/the anode pole.



Valid skipper’s licence for the boat driver and/or coxswain (either a person
of the fishing crew or a hired skipper) who knows the particular river very
well (invaluable in navigating unknown, unchartered or dangerous waters).



Diving certification for all persons who will be engaged in SCUBA sampling.



Additional permission may also be needed for certain collecting methods,
e.g. the use of rotenone (especially in freshwater environments), spear
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guns, gill nets or any other method not routinely allowed by the general
public.
2.4.

Conservation and species protection regulations

Besides the relevant permits outlined above, the planned fieldwork has to
comply with international wildlife regulations and provisions. The conservation
status of the target species, and any potential by-catch in the specific collection
area, needs to be evaluated before undertaking the collecting trip, to ensure that
the necessary permits are in place prior to collection. Some species are
protected or regulated by special legislation, such as CITES, the International
Union for Conservation of Nature (IUCN), the European Nature Conservation
Legislation or the Endangered Species Act (ESA), etc. Additionally, national or
federal regulations on endangered species and species protection may apply or
demand the obtaining of exemptions for catching certain species during closed
seasons as well as undercutting minimum size limits.
2.5.

Fish handling procedures and ethical concerns

Fishes are extremely sensitive animals that require fundamentally different
handling requirements compared to other vertebrates due to their
physiochemical make-up. Unnecessary by-catch together with careless
handling and injury to specimens can result in increased mortality rates and
must be avoided. Unnecessary (physiological) stress, inadequate handling or
manipulation of specimens in the field will result in discoloured, damaged
specimens with limited or no scientific value. Unless the fishes are not already
dead (e.g. gill net fishing), fishes have to be euthanased prior to tissue
sampling. An overdose of approved anaesthetic immobilizes the fish and allows
more efficient processing and sampling of the catch and reduces potential pain
at contact with the fixative.
Appropriate ichthyological anaesthetics include:


Chlorobutanol (trichloro-2-methyl-2-propanol, CAS-No. 57-15-8); a
saturated solution of approximately 1-2 tablespoons per litre will narcotise
within seconds and has no known negative degrading effects on the DNA
extracted from tissues. Possible issues:
a) For euthanasia, dip specimens 3-4 times for few seconds into the
anaesthetic, but do not leave them for longer periods in the fluid; the
adhering narcotic on the gill surface is sufficient for sedation.
b) Species with thick mucilaginous layers (e.g. eels, sturgeons) show
increased mucus secretions after Chlorobutanol treatment caused by the
high salt concentrations; especially those species should be narcotised by
repeatedly short dipping for only few seconds.
c) Low ambient temperatures and metabolism rates of fishes during
autumn/winter demand higher Chlorobutanol concentrations which may lead
to vascular gill swellings and subsequent gill haemorrhage due to the high
salt concentrations of the anaesthetic.
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d) Air breathing fishes are hardly affected and cannot be efficiently
narcotised with this method.
e) Chlorobutanol is extremely dangerous if ingested and may cause
irritation of skin and eyes (see Appendix for further information and follow
link for MSDS provided in section 7, internet based information).


MS-222 (9-Tricaine Methane Sulfonate, CAS-No. 886-86-2) is the only
approved substance (Europe, North America) for anesthesia of fishes; the
fine powder can be dissolved in much lower concentrations (10 mg/l, thus
avoiding possible negative effects of high salt concentrations of the narcotic;
irritant but less irritating as Chlorobutanol (see Appendix for further
information and follow link for MSDS provided in section 7, internet based
information).



Clove oil (CAS-No. 8015-98-2) is a natural analgesic, the main ingredient
Eugenol is used as narcotic mainly for marine organisms; Eugenol is water
insoluble, for usage emulsify 1-5 ml clove oil in alcohol; irritant and
hazardous in case of skin contact (see Appendix for further information and
follow link for MSDS provided in section 7, internet based information).



Carbon dioxide can be an effective narcotic and is easily available e.g.
carbonated bottled water or soda; narcosis can take longer with this method
and may cause body contortions and muscle spasms that may affect the
quality of the preserved specimens.

After short sedation in above detailed anaesthetics, or after electrofishing, fishes
recover in well-oxygenated and ambient temperate water usually within minutes.
For recovery, they should be placed in a separate tank or bucket. Only fully
recovered specimens should be carefully released back into their environment
to prevent injuries, damage or predation while still tranquilised.
2.6.

Fishing relevant safety issues

Dangerous situations during fishing can arise within seconds leading to serious
injury or fatalities.
Always ensure a firm, stable footing when collecting near or in water –
especially when wading in fast flowing streams, in deep water or in case of low
visibility of the water. Be especially cautious around slippery surfaces such as
exposed, wet rocks, submerged substrates and vegetation or on moveable and
uneven surfaces (sand, boulders etc.), and wear appropriate footwear such as
rafting or canoeing shoes. Remember that waders can exacerbate such
circumstances by causing extra drag and weight, especially when suddenly
infiltrated by water. Attempt to strip off waders if in trouble.
When sampling with nets, beware of entanglement and drag caused by the net
which can pull you off balance or into deeper water. If in trouble, release one or
both ends of the net to maintain your footing and allow the net to drift with the
current to minimize the contact surface and to reduce the velocity pressure and
drag force of the net. In case of net fishing from a boat, avoid that the propeller
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snags on static or grounded nets or catches the net during retrieving it into the
boat. Human life is at all times more valuable than any sampling equipment!
When electrofishing, special precaution should be taken against electrocution
by using rubber boots and gloves. Make sure that only certified/trained persons
are allowed to operate the electrofishing device (mandatory in several
countries). In the event of a member of the team falling into the water or
otherwise coming into contact with electric current, cut immediately the electric
circuit by removing either the anode pole or cathode rod from the water. Stop
the engine before trying to help imperilled persons! Negligence of these simple
principles will endanger further lives.
When diving or snorkelling, ensure that all safety precautions are taken and that
one member of the team is always on shore to assist in an emergency.
A mobile or satellite phone and GPS device should always be part of sampling
safety/emergency equipment to allow for rapid contact of and position location
by emergency crews in the event of an accident.
2.7.

Fluid fixation/preservation hazards

Exposure to aqueous solutions or fumes of formaldehyde should be avoided by
always working in well-ventilated areas or fresh air and through the use of
approved protective equipment. Formaldehyde is not only noxious but is also a
known carcinogen. Minimise direct exposure as best as possible (e.g. only open
the fixation container to add further specimens). Latex gloves provide no
protection against formaldehyde, use Nitrile or Neoprene gloves for protection.
Do not wear soft contact lenses which absorb formaldehyde vapours and will
trap them against the eyes (Cohen et al., 1979, cited in Simmons, 2002).
3.

Fishing strategies (fishing gear, fishing methods)

Most fishing methods applied for ichthyological sampling catch unspecific, thus
it is difficult (or impossible) to target individual species without some element of
by-catch. This by-catch can however be reduced through the employment of
appropriate, habitat specific sampling techniques, while the collection of multiple
species may necessitate the use of multiple techniques at a given site. Fishing
efficiency is affected by multiple factors (specifications and selectivity of the
gear, seasonal variation, habitat conditions, fish size, etc.) which, in return,
directly influence the collection efficiency of the field project. The fishing gear
has to be selected in terms of operational efficiency and the availability of target
species with regards to the sampling location. “Target species” is used here as
a technical term and may include single species confined to specific habitats
(e.g. specific pelagic fish species confined to open-water habitats which must be
targeted with specific net gear), but can also include the complete fish fauna
from a specific collection site (e.g. for taxonomical collections of fish faunas
from previously unexplored rivers or lakes). Depending on what is defined as
“target species” for the specific field trip or collection event, the fishing gear has
to be selected. During the survey, it might be necessary to adjust the fishing
methods to provide the required quality and quantity of the catch. A variety of
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gear types or repeated fishing at the same spot might be necessary to ensure
the widest possible range of fish species and life stages. Spawning and
migratory behaviour of the target species, habitat preferences of different life
stages of the same species and a basic knowledge of physical stream
parameters, such as velocity, conductivity, stream size, water depth, water
temperature, underground conditions (muddy/sandy/rock) are crucial for
successfully fishing and sampling. Aspects that influence fishing efficiency are:
Water depth


Deep water bodies such as lakes or large rivers favours long-line fishing,
ground nets, fish weirs (if velocity allows).



The length of the anode rod limits electrofishing (which normally ends 1 m
below the water surface).

Water conductivity


The salt concentrations in rivers and streams (depending on the geological
conditions of the drainage area), at estuaries or entering freshwater streams
in euryhaline lakes, in tidal pools and estuaries may vary extremely (e.g.
favours or limits electrofishing).



Different salt tolerances/preferences of euryhaline/stenohaline target
species.

Water clarity


Influences snorkelling/SCUBA diving.



Electrofishing efficiency is strongly influenced by the clarity of the water.

Velocity


Most static nets can only be deployed in shallow/stagnant water or in the
direction of the current at moderate velocity.



Higher water velocity drastically decreases electrofishing efficiency because
stunned fishes will drift faster while increased drag on the anode pole will
reduce its manoeuvrability.

Different behaviour/activity of target species


Pelagic/demersal/benthic species.



Diurnal/nocturnal species.



Aestivation/hibernation.



Spawning migrations.

Remark: Small species sheltering themselves in the shallow water from large
nocturnal predators are easily caught at night in the shallow water using
headlamps, handnets or a beach seine.
Habitat conditions
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Cobbles, boulders and rocks shelter lithophile or rheophile species.



Benthic species may hide in muddy or sandy ground.



Large stones, branches and trunks of trees minimize application of net gear.

Be aware that all of these parameters and conditions can change and normally
do change within minutes during heavy rain events, e.g. in the rainy season.
This not only strongly influences the fishing events following after the rain event
because of increased turbidity or cloudiness of the water. Heavy rains
(especially overnight) might also necessitate immediate removal of static fishing
gear to avoid damage or loss.
Generally speaking, there are two different fishing methods  active and
passive. For passive methods (such as gill nets or fish traps), personnel are
only required for deployment and retrieving of the gear. Active methods require
(with few exceptions) at least two people to actively operate the fishing gear
during the collecting period. While active gear can be adapted during fishing
e.g. for difficult habitat conditions, passive gear cannot. A combination of active
and passive fishing methods will raise the sampling efficiency at a collecting site
through setting of passive gear before the start of any active method and
retrieving thereafter.
3.1.

Selective (active) fishing methods

3.1.1.

Cast (throw) net (Fig. 1A)

Operation


Small net thrown onto the surface in a circular formation.



After sinking to the ground the net is closed and retrieved.



Requires trained skilled person to successfully use a cast net (for further
information follow link provided at Internet based information below).

Specifications


Small mesh sizes (usually 0.8, 1.0, 2.0 cm).



Net should have bottom pockets to hold the catch.

Application


Used in streams, rivers, lakes.



Can be operated either wading in shallow water or from the boat.



Allows for fairly directed and selective fishing.



Can be used for retrieving live fish for bait.



Only applicable at low or moderate water velocities (net will collapse in
higher currents before reaching the ground).
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Remarks


The sample site should be free from obstacles like fallen trees, branches,
roots, cobbles or boulders to allow closure of the net.



Repeated casting at the same spot can scare off nearby fishes through the
splashing of the net.

3.1.2.

Seine (beach/pole seine) (Fig. 1A)

Operation


Easily deployed from shore, wading in shallow water or from a boat.



Requires minimal instruction and training.

Specifications


Large variety of mesh sizes, lead lines and floats are available.



Net specifications dependant on habitat and size of the target species.



Should have a bunt (cod end) to effectively trap the catch.

Application


Effective in most habitats but especially in larger streams, rivers and lakes.



Shorelines should be free of obstacles to allow net to be pulled onto shore
for effective specimen collection.



Low to moderate water current.



Beach seine with a fine mesh (up to 1.0 cm) should be shorter (approx. 10
m) to ensure that the seine can be pulled quickly enough against the
current.



Net filament can be either a strong visible (cotton) yarn or a less perceptible
nylon or polyester, which provides lower visibility and detection by the
catch.



The lead line must be kept at ground level and ahead of the float line to
prevent fish from escaping under the net.



The float line must be raised well above the water surface when pulling the
seine towards the shore to prevent fish from jumping over the net.



Operating larger beach seines (20 m or more) requires a larger mesh size
(to lower the velocity pressure) and more people to pull the net (because of
increased drag force).



Pole seines are usually operated from boats in deep water, or by wading in
calm water (e.g. lakes).

Remarks
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Water depth and current can affect the efficiency of a seine net.



If the water conditions allow, nets should be set or operated from row boats
(to prevent any propellers from damaging or curling up the net) or manually
by multiple people.



This method has the advantage of being operated quietly, reducing the
possibility of scaring fish from the sampling area.

3.1.3.

Frame net (Fig. 1B)

Operation


Individual fishing in shallow water.



Along beaches and under overhanging shoreline vegetation (except for
stands of dense weeds).



For kick-net sampling in shallow riffles.

Specifications


Either as solid aluminium or metal frame (60 x 40 cm), collapsible (two solid
connectable parts) or foldable frame with a solid bar and two movable arms.



Fine mesh (2.0-4.0 mm) to collect small species and fish fry.



Approx. 30-40 cm deep net sack.

Application


In shallow riffles, in creeks, smaller streams, slip-off slopes of larger rivers.



Frame net is rammed into the soft bottom of the river vegetation and quickly
lifted up.



During sorting of the catch the frame must be kept well above the water
surface while the net sack should remain dipped into the water.



As a kick-net it can be either dragged by the current over larger boulders
and rocks or scraped against the current, lifting smaller cobbles and stones
and trapping smaller lithophilic fishes.

Remarks


Favour aluminium frames in areas in which strong-electric fish occur (e.g.
electric eels in South America or electric catfishes in Africa) due to the
amplifying effects of the metal frame.



Keep the net sack closed when crossing/wading through moderate to strong
flowing water to reduce the drag force.

3.1.4.

Angling

Operation


Moderately selective method especially for clear water habitats.



Species can be targeted through specific baiting.
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Fish size and species depends on hooks (size and form) and bait used.

Specifications


Different types of fish hooks and monofilament lines, weights, baits, fishing
rods and reels.

Application


Can be employed from shore or boat.



Highly biased method for fish size and species.



Most effective if the angler has a specific knowledge of the habitat and
habitat preferences of the target species.

3.1.5.

Hand nets (Fig. 1B)

Operation


Very selective method which allows also observation of fish activity,
behaviour and habitat occupation (while snorkelling or SCUBA sampling).



For collection of relatively small species in shallow water or from the surface
of deeper water.



Allows specific and selective sampling of individuals (e.g. breeding pairs,
gobies and their symbiotic shrimps, etc.).



Can also be used underwater for snorkelling or SCUBA collection.

Specifications


Commercially available (aquarium) hand nets.



Fine mesh size on varying size circular or square frame with wooden or
metal handle.

Application


Additional method for collecting specimens that may escape from seine
nets.



For underwater rotenone collections.



For chasing specimens in very shallow pools and streams where larger
seines are rendered ineffective.

3.1.6.

Spear (Spear gun, Hawaiian sling or pole spear)

Operation
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Most selective collection method to target individual specimens.

Specifications


Varying types, sizes, power and spear type (single or multi-barbed).



Rubber band or air powered spear guns with barbed spear.



Pole spear – long spear powered by rubber band (Fig. 1D).



Hawaiian sling – smaller rubber band powered spear.



Hand spear – thrown into shallow water or at species close to the surface of
deeper water.

Application


In any water body.



Usually used underwater while snorkelling or SCUBA diving (although
restricted or illegal in some countries).



Requires sufficient underwater visibility.



Can also be used from the surface on shore or from a boat.



Hawaiian sling: operated and fired much like a slingshot; rubber bands
attached to tube or block through which spear is drawn back and aimed.



Pole spear: rubber band is held in the hand while pole is drawn back
through the hand to produce tension in the rubber band; aimed through
extending arm in front of face (Fig. 1D).



Hand spear: varying length and barbs; effective in collecting flatfish in
shallow water.

Remarks


Spear collection is usually prohibited on SCUBA for the general public and
specific permission may be necessary.



Care should also be taken not to lose the spear and not to fire towards hard
substrates or surfaces.



Caution should be exhibited when using spears to ensure that they are not
aimed towards other people or misfired during handling.

3.1.7.

Electrofishing

Operation


Common survey method to collect specimens as well as estimate
abundances, density and species composition of fish populations.



Uses electricity both to stun and attract the fish with the positive pole before
capture (Galvanotaxis).



Needs two persons for operation, one operating the dead man’s switch and
the electrofishing device, the other for catching and collecting the stunned
fish.
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Specifications


Effectiveness depends heavily on water conductivity.



Influenced by the size of the water body and riverbed conditions (soft or
hard ground).



Various models are available that generate varying strength of electric field.



Pulsed or non-pulsed direct current (DC).



Portable battery (Fig. 1B) or gas powered backpack models for small rivers
and streams or large stationary models are available which are operated
either from shore or a boat.



The positive pole (anode) usually forms a ring at the end of a 2 m fibreglass
or wooden pole and holds fine mesh net.



The negative pole (cathode) comprises a braided copper cable which trails
several meters behind the operator in the water.



Pulse speed, voltage gradient and current influence and trigger
Galvanotaxis and cause fish to turn into the electric field and to be attracted
towards anode pole.



Rubber gloves and rubber boots must be worn to isolate the operator and
collector and to prevent electrocution.

Application


Most useful in small creeks, streams, rivers and shallow (littoral) zones e.g.
in lakes, in smaller rapids.



Additional barrier nets can be placed downstream to collect the catch.



Operator must be trained and in several countries a valid electrofishing
licence is required.

Remarks


Anode rods with dead man’s switch included in the rod should be preferred
instead of electrofishing devices with separate dead man switches operated
by additional crew members (e.g. boat driver) for safety reasons, as the
electrofisher operating the anode rod has the best overview in case of
emergency.



Stunned fish must be continuously removed from the electric field and be
collected in plastic buckets or containers by additional fishing crew
members to avoid injuring the fish through long term muscle contraction or
tetanus.



A continuous tetanus may easily break the backbone of smaller specimens.



Fishing should be conducted in upstream direction so that disturbed debris
and sediment are washed downstream and the visibility of the water
remains good.
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Also minimises the escape effect of the cathode and allows for easy
collection of the stunned fish that are swept downstream towards the
collecting crew.



The electric field depends not only on the conductivity of the water, but also
on the ring size of the anode rod (see Table 1).



Bedrock and sand bottom are insulating and support a stronger electric field
in the free water column while soft or muddy bottoms are weakening and
may even cause a collapse of the electric field (this might necessitate
shortening the cathode length and thus the surface area with a cable strap).



Wearing Polaroid glasses increases the visibility of both targeted fish and
obstacles under water.



Using a metal boat as cathode is strictly prohibited in several European
countries for safety reasons.



For further practical information please refer to Section 5.4.1 of the Fish
Collection Methods and Standards Manual (website address see below at
Internet based Information).

3.1.8.

Fish market

To obtain a fast overview for the fish biodiversity especially in large rivers or
lakes, it is always valuable to explore and obtain specimens from local fish
markets. Local fishermen know the specific fishing grounds in their area well
and normally apply a variety of different fishing methods which can provide a
surprisingly high species richness. Depending on the climate and geographical
region, these fish markets are either stocked early in the morning (before
sunrise) or late in the afternoon. It is best to visit fish markets during these times
to ensure freshness. Specimens should be sampled immediately on the market
or might be carried cooled (e.g. placed on ice if available, but might be
problematic in remote areas) possible for later sampling to ensure specimen
and tissue viability. Fresh fishes are easily recognised by their transparent fins
and vividly red coloured gills when lifting the gill cover. In most cases these
specimens will need to be purchased and should be purchased to be fixed as
voucher specimens, but in some cases either fishermen are not willing to sell
their catch (e.g. fishermen depending on subsistence fishing in remote villages)
or a specimen of a rare species might be too large to fit in any preservation
container. In cases like this, ask for allowance of tissue sub-sampling of gill
filaments or fins and photograph the specimen, so that the images can be taken
to serve as vouchers. Fresh and freshly smoked and dried (not fried) specimens
obtained from a fish market are even suitable for DNA sampling. As much
authentic collecting information as possible should be obtained from the
fishermen (fishing location, habitat conditions, fishing gear, fishing time, etc.),
keeping in mind that might be imprecise or wrong, as some fishermen are not
willing to reveal exact locations or fishing methods. Be aware that on large fish
markets in major cities or capitals valuable species or complete catches might
be carried by truck over hundreds of kilometres, stacked in layers of ice and
sawdust to be sold for higher revenues. Sawdust in the fish baskets or on the
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market place and bent or deformed fish bodies because of being stacked for
hours or days are good indicators for this practise.
Commercial fishing methods are omitted here, since they are not applicable for
small scale scientific surveys in freshwater environments. To expedite large
lakes with trawling equipment, a commercial fishing crew and fish trawler should
be hired.
3.2.

Unselective (passive) methods

3.2.1.

Gill net (Fig. 1C)

Operation


Set across rivers and streams or on lakes (usually at night).



Left in place for longer periods to allow specimens to become entrapped.



Sampling areas should be free of underwater obstacles and have a
moderate to low current.

Specifications


Different types of net gear highly specific for species and fish size (standard
gill nets, for targeting multiple fish sizes multi-mesh gill nets or
enmeshing/trammel nets are used).



Usually constructed of monofilament so as to be strong and invisible, but
also as (visible) multifilament nets.



Mesh sizes, floaters and weights might be optimised depending on the
target species.



Lead and float line should be sufficient to ensure net remains perpendicular
to any current.



Single nets can be combined to larger panels.

Application


Highly effective when set in moderate to slow current in rivers, streams and
lakes as a single net or as multiple sets in a staggered arrangement parallel
to the shore, blocking preferred habitats or shelters (e.g. weeds or littoral
zones).



Can be effective for collection of species other nets will not catch (nocturnal,
deeper water species).



Net should be tied off to shore or a heavy weight to ensure net remains in
place while floats should be large enough to ensure net does not get
dragged under.



For level inventories nets and panels employed at different depths (e.g. for
target species with vertical or diurnal/nocturnal migrations).
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Remarks


Monofilament nylon nets should be cleaned after usage from any biofilm or
algae coatings to maintain the invisibility.



Areas with high fish abundances might require repeated control of the nets
to minimize the number of killed fishes and possible negative effects on the
fish population.



Reducing the net size (single nets vs. nets combined to large panels) also
helps to reduce the catch and avoids over-sampling.



Might also be used as stop net for electrofishing or invisible seine in small
streams with low risk of damages of floating debris (branches, leaves, etc.).



For further practical information on gill nets and their application please
refer to Section 5.3.2 of the Fish Collection Methods and Standards Manual
(website address see below at Internet based Information).

Fig. 1 (next page). Active and passive fishing gear. A. Small beach seine (8 m) with lead
line and floaters and approx. 1.20 m deep bunt; cast net with bottom pockets, diameter
8.0 m; B. Left, front: battery powered DEKA 3000 electrofishing device (out of
production) with anode rod, collapsible frame net (net fixed with Velcro strip to aluminium
frame); Middle: collapsible frame net, aluminium frame 60 x 40 cm, mesh size 2.0 mm,
net sack 40 cm deep, frame included in special pocket in the net and secured with Velcro
strip; Far right: Large dip net (approx. 1.0 x 1.2 m) with lead line and lateral short poles
for manoeuvring the net; Front: staple dip nets (10 mm mesh, aluminium frame / 2 mm
mesh, stainless steel frames, which might also be used as anode dip net for
electrofishing), and hand nets; C. Monofilament gill net with lead line and floats (20 m, 10
mm mesh), fish trap with two traps and connecting wing (approx. 5 m long); Front:
foldable fish traps without and with wings; D. Rubber band powered pole spear. (Photos
D by M. Geiger, all other photos by D. Neumann).
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3.2.2.

Long-line fishing

Operation


Short lines (up to 20 m) for sampling along shores or obstructive habitats
like rapids or block stone embankments.



Longer anchored lines (50 m and more) for sampling the river bed of large
and deep rivers.



Multiple hooks on branching lines and baiting may affect sampling
efficiency.

Specifications


Strong braided hook links with high strength fibres for maximum strength
and abrasion resistance should be used.



The length of the hook links should not exceed half the distance of the
single hook links to each other to prevent the entangling of the hook lines.



Small barbed hooks in combination with strong hook links allow catches of
small to large species and minimize injuries and improves unhooking.



Long-lines are usually anchored to the shore or substrate, additional
weighting with lead is not necessary.

Application


Long-line fishing is the only known method to sample the riverbed of
large/deep rivers.



Long lines for river bed sampling must be employed and anchored from a
boat and marked with buoys.



This method is even applicable in strong currents.



Application of 20 m long-lines from the shore/river bank requires two
persons (one holding the baited line which is anchored to the substrate, the
other is throwing the anchored free end perpendicular to the beach into the
river/stream).



In strong currents or rapids, the free end fixed to a buoy may be released
with the current, the depth of the long-line can be adjusted with length of the
buoy line holding the free end.

Remark


Secure the hooks immediately after unbaiting/unhooking within polystyrene
foam to avoid entangling of hooks and lines.
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3.2.3.

Fish traps (Minnow traps/Fyke nets) (Figs 1C, 2)

Operation


Small portable wire or net baskets.



Traps with wings designed to guide especially small demersal and/or
benthic species into the trap.



Fyke nets are large hoop nets that act as funnels to trap swimming fish.

Specifications


Either small foldable net or wire traps with internal funnels leading to a
collection chamber.



For small species, up to 60 cm length and 30 cm opening diameter with
small mesh size.



For large (demersal/nocturnal predatory) species, larger traps with 5-20 mm
mesh size, 2 m or longer with opening diameters up to 75 cm.



Larger traps are available commercially or from local fishermen but more
difficult to handle and normally inappropriate for scientific sampling (these
can be set by the collector or can be purchased from fishermen with
existing nets – the benefit here being talking advantage of local knowledge
and skill).



Either with two wings (up to 3 m length) which are attached to one trap, or
two traps which are attached to one wing.

Application


Usually placed with or without bait in the shallow, calm or low current water
near the shoreline.



Assembled and placed before dusk and removed in the early morning.



Traps and attached wings can be placed under overhanging vegetation,
littoral zones and in front of weeds.



Fyke nets may set at the intersection of smaller creeks to block the free
passage.



Traps should be monitored regularly for (nocturnal) predators.
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Fig. 2. Wagenia fishing with large bamboo fish traps in the Congo rapids at Kisangani
(Democratic Republic of Congo). (Photo by U. Schliewen).

3.2.4.

Fishing using ichthyocide (Rotenone)

Operation


Traditional fishing method employed from indigenous tribes e.g. in Africa
and South America.



Utilising the extract from roots of certain plant species (especially those
belonging to the genus Lonchocarpus and Derris or Tephrosia, the latter
used locally in many villages in the Democratic Republic of Congo).



Pulverised roots are placed in the water to release the active ingredient.



Depending on the affected area, needs 5-10 persons with dip nets to collect
the fish.



Rotenone fishing can be a useful alternative in inaccessible habitats,
SCUBA collections in deeper water and for the collection of cryptic and hole
dwelling, otherwise inaccessible species.

Specification


Commercially used broad-spectrum insecticide, pesticide and piscicide.



Available either as fine brown powder or emulsified liquid.
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Classified as IATA air dangerous good (toxic, Class 6.1).

Application


Powdered Rotenone must be solved in water using an emulsifying agent
(usually detergent).



Liquid Rotenone can be applied directly but should be diluted 1:10 first.



After mixing, Rotenone is easily spread into the environment using smaller
containers like plastic bags, bottles or buckets.



Affected fishes show suffocating symptoms and either turn gaspingly to the
water surface or fall to the bottom.



Fishes should be euthanased in an anaesthetic immediately after capture
(prior to death) to avoid further pain and irreversible abduction of the lower
jaws and opercles (results in poor quality of preserved specimens).

Toxicity


Extremely toxic to insects and aquatic life including fish  easily absorbed
through the gills or trachea.



Interrupts the electron transport chain in the NADH complex in mitochondria
of aquatic animals and insects.



Has only minor and transient environmental side-effects.



Low toxicity to humans or higher vertebrates.



Poorly absorbed by the skin and gastrointestinal tract of mammals (see
Appendix for further information and follow link for MSDS provided in
section 7, internet based information).

Remarks


Rotenone is the most effective tool available because only small quantities
are necessary and well suited for small scale sampling of cryptic, hidden
fishes or shoreline fish communities.



Application area should be free of thicker mud deposits with sufficient water
visibility to allow easy detection and effective collection of those specimens
falling to the bottom (specimens are easily covered by disturbed mud and
become soon invisible for collecting).



Sampling locations with strong currents should be avoided or the habitat
should have some mechanism of containing the spread of the rotenone.



Spread of rotenone to adjacent areas should be prevented (areas of current
flow affecting easily larger areas than required).



In small streams or creeks, block affected area up- and downstream with gill
nets prior to rotenone application to catch those specimens which flee from
the rotenone or affected specimens that drift with the current.



Great care should be taken in frequented areas of nearby villages.
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Rotenoning from shore, boat or SCUBA should be evaluated regarding
efficient collecting of affected fishes from the environment.



The environment should be evaluated with this in mind together with an
estimation of the number of specimens that will be affected in order to
minimize large scale effects on populations and the environment.

4.

Sampling and fixation

This section covers only the collection and sampling techniques for freshwater
fishes for scientific (zoological) purpose, i.e. tissue samples and fixing voucher
specimens in the field for final deposition in Natural History Collections.
The handling time needed to set and retrieve the fishing gear, and subsequent
time to sort, tissue sample and fix the specimens, is often underestimated. As a
general rule, 1 to 2 minutes per specimen should be calculated for retrieval,
tissue sampling and fixation. This adds up to about 6.5 hours for 200 samples
processed. Experienced crews with highly efficient sampling workflows will need
less time, untrained ones may need even more. Also, this time frame can be
greatly increased by any ancillary sampling requirements such as measurement
and photographing. Tissue viability and natural coloration will quickly fade. Both
can be extended by keeping the fishes alive as long as possible or through
cooling the freshly dead specimens with ice.
All of these factors should be taken into consideration when planning a
sampling event as these may determine: a) the number of specimens that can
realistically be handled (how many of them can be photographed and/or
individualised and tissue sampled); b) the number of sites that can be sampled
in a day. This is especially critical when collecting previously unexplored regions
and faunas to ensure well-preserved, well-documented, straight specimens and
individualised tissue samples. Poorly documented and/or preserved specimens
resulting from overambitious sampling events are not only of limited scientific
value but are a waste of time and money (Figs 4E,G and 5F).
4.1.

Necessary equipment and chemicals

Table 1 gives a list of minimally required field equipment for the adequate
sampling and fixation of fishes in the field. This list omits any recommendations
for personal equipment (such as multi-tools, headlamps for night-fishing, tripod
chairs, rain covers, etc.). Appropriate footgear for fishing is discussed above.
This suggested list may need to be adapted relative to the planned sampling
and depends on the duration of the trip, destination and mode of field
transportation which may allow only a minimal subset of this gear.
As a general rule, all preservation and fixation chemicals (together with any
other hazardous substances like Rotenone) should be kept strictly separated
from each other as well as from other field gear (especially personal items) to
prevent any risk of personal injury and also contamination of tissues samples by
residual formalin or formalin vapours. Under humid climates, formalin vapours
may condense during cooler nights inside the box containing the sampling gear
and may adversely affect other gear and degrade tissue sample quality.
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Dissection tools, documentation materials, DNA-vials, towels and additional
plastic ware for DNA-vouchers should be packed in a durable (aluminium)
container that will withstand the rigours of rough field conditions.
Additional gear may be necessary for specialised sampling routines such as
electrofishing (protective boots and gloves) or for live fish maintenance during
collection (tubs, oxygen supply) etc.

Documentation

Fishing gear
(minimum) – non
electrofishing

610

Items/Gear type

Specifications

Remarks

pre-numbered field
lists or field book

water resistant
laser or ink jet
print

numbering coherent with
fish-ID tags and vial
numbers

pre-numbered field
tags

water and
formalin-resistant

e.g. paper printed or
numbered plastic tags

paper or
transparent paper
(2-3 sheets)

should be acid
free

for additional location
data to be included to the
preserved specimens

2 graphite lead
pencil or graphite
monolithe pencil

with graphite lead

industrial polymere lead
pencils are made of
coloured polymers not
waterproof and rub off

2 pigment ink pen

water & alcohol
resistant pen

e.g. EDDING 1880
profipen, Securline
MarkerII

1 GPS device

positioning

should allow positioning
to nearest 5 m and
should receive satellite
signals in forested areas

1 camera

analog or digital

documentation of life
colouration

photo cuvette/photo
aquarium

30 x 5 x 10 cm

documentation of life
colouration

(negative/slide)
films or memory
cards

storage medium

sufficient amount

1 pole/beach seine

mesh size max.
10 mm

2 gill nets

monofilament
nylon net, mesh
size 10 mm

for small species

2 gill/enmeshing
nets

monofilament
nylon net, mesh
size 20-60 mm

for large species, mesh
size depending on target
species

Fishing gear
(optional) – non
electrofishing

Electrofishing
gear

2 aquarium nets

20 x 10 cm

for juveniles and to sort
the catch; 2 nets per
person for snorkeling

1-2 frame nets

60 x 40 cm with a
30-40 cm deep
bunt

preferably collapsible

1 cast net

mesh size 6-8
mm, with bottom
pockets, diameter
4-8 m

net diameter depending
on the cast netting skills

2-3 minnow traps or
fyke nets

fine mesh, with
funnels and
collection
chamber

trap should not exceed
30 cm diameter, wing not
3m

1-2 longlines

20 hooks/20 m
line with small
barbed hooks
and strong
hooklings

application either from
shore or boat (requires
additional anchors &
buoys)

angling/hook & line

1 spool and
several small
barbed hooks

especially in third world
countries for fishing kids

electrofishing
device

see 3.1

suited model size and
generated power
dependent on habitat
conditions and water
conductivity

anode rod with
electro-shock dip
net

anode ring with
dip net (mesh
size 6-8 mm)

electric field depending
on the ring size; large
ring (30- 40 cm) = larger
but more diffuse field;
small ring (20 cm and
less) = more concise field

cathode cable

braided copper
cable

standard length 2-3 m;
length might be adjusted
(see under 3.1)

1-2 dip nets

firm net ring,
diameter ca. 30
cm

1 dip net per person
(except for the
electrofisher and
operator of the device)

2-4 buckets

10-20 l

for collecting the catch
during electrofishing

and/or 1-2 tubs

80-90 l

for collecting and holding
the catch during
electrofishing
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Preservation
gear

Electro-shock low
voltage gloves

size depending
on the persons

Wellington boots/hip
waders

size depending
on the persons

1 set of dissecting
tools

1 fine scissors
1 re-usable
scalpel
2-3 sharp blades
1 medium
forceps (serrated
tips, manipulation
of formalin
vouchers)

natural rubber gloves for
use on circuits of up to
1000 volts

minimum equipment list;
two separate sets of
dissecting tools for
manipulation of tissue
and formalin samples are
mandatory to prevent
formalin contaminations
of DNA tissues; larger
fishing crews should
operate with at least two
dissecting kits

1 probe
1 box of needles
4% aqueous
buffered formalin
solution

10-20 l; ca. 1:9
dilution of
concentrated
formalin (37%)

be sure the formalin is
buffered, or add
additional buffer to keep
the pH stable (especially
in hot climates); 1 l 37%
formaldehyde in solution
as back-up and for
injection of large
specimens

1 syringe (with
strong needles and
spare needles)

50 ml

for formalin injection of
large specimens

anaesthetic

minimum
quantity: 2 l in
solution

carry sufficient additional
crystalline anaesthetic as
back-up

2-3 towels

multi fold sanitary
paper towels (1-2
pack)
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to remove adhesive fish
slime from the hands
after sorting the catch
(contamination risk) and
to padding the photo
aquarium for
transportation
recycling quality,
as supplied in
towel dispensers

paper towels in recycling
quality remain stable if
soaked with fixative
solution (compared to
toilet paper or kitchen
towels)

Tissue sampling
gear

2 square plastic
food containers

30 x 20 cm (as
large as
available)

minimum number; should
be as leak proof as
possible (rely on quality
products) to prevent
formalin leakage

1 aquarium net

20 x 10 cm

to dip the fish in the
anaesthetic

5-10 PE plastic
bottles

1-2 l

for direct fixation without
prior pre-fixation of small
specimens

1 measuring jug

500-1000 ml

to pour the fixative into
the fixation containers

2 plastic kegs
(optional)

20 l

round plastic kegs with
red screw-on lids with air
and watertight O-Ring
rubber gaskets, UN-X
approved for storage and
further fixation of prefixed specimens

cheese cloth/cotton
cloth (optional)

sufficient

for enwrapping preserved
specimens for
transportation

2 plastic kegs

60 l

as specified above, one
for formalin, one for
anaesthetic storage,

2 plastic buckets
(optional)

10-20 l

for transportation/sorting
of the catch

2 large plastic tubs
(optional)

ca. 100 l

for holding of captured
fish; required for storage
during electrofishing

separate set of
dissecting tools

separate blades
for re-usable
scalpel

manipulation of DNAtissues

1 fine scissors
1 fine forceps
(with smooth tips)
2.0 ml self-standing
microtubes

200-400

pre-numbered, prefer
renowned high-quality
brands

1-2 storage boxes

100-200 place
boxes

large boxes are easier to
handle compared to
small 81 place boxes

toilet paper

1 coil

required for cleaning of
scissors/forceps after
each sampling
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centrifuge tubes

50-100, selfstanding form

for preservation of small
fishes as DNA-voucher

96% distilled
ethanol

1l

as back-up and to fill the
centrifuge tubes

Table 1. Field and preservation equipment.

4.2.

Documentation – general aspects

The precise, accurate, detailed documentation of all associated data is of vital
importance for any biological sampling. The more information is collected on the
geographic, taxonomic and habitat characteristics of specimens, the more
valuable these specimens become to the scientific community. Ideally, exact
location should be pinpointed with the aid of a GPS unit. This may entail single
point data, start and end points of a transect or corners of a rectangular area. If
a GPS unit is not available or practical, precise written, descriptive locality
information becomes that much more important.
At all times it is crucial that all associated data (geographic, taxonomic and
habitat) be stored together with the samples to ensure correct interpretation and
matching of this data to specimens. All field notes, labels and ancillary
documentation should be taken on weather proof, alcohol and formaldehyde
resistant paper and with good quality ink or pencil (see Table 1). It is helpful to
draw a picture of the sampling location highlighting features of interest
(vegetation, current direction, physical features, etc.), habitat specifications and
exact sampling location(s), gear used and species collected. As collecting gear
or sampling site might be very specific for species or sizes, the precise
documentation of the gear types used at the respective habitats adds valuable
biological and ecological information to the collected specimens. This allows
conclusions on daytime and habitat preferences of species or different live
stages of the species. A comprehensive list (but not be limited to) of information
to be collected is included in the Appendix (Documentation of Collecting Event).
Any semi-accurate information must be omitted, e.g. habitat or locality
information for specimens purchased from the fish market (see comments in
section 3.1, fish market), unless the exact location is known.
4.3.

Landing, sorting and euthanizing the catch

Any catch must be landed carefully. This applies especially to landing net
collected species where entangling may cause damage to the specimens, e.g.
curling beach seines with the catch and debris and stones up the beach.
Instead leave the net gear (and the fishes) in the shallow water (being sure to
elevate the edges of the net to prevent escape) and retrieve the specimens as
quick as possible. This may be unavoidable in the case of gill nets that are left
in the water for extended periods. Fishes should be removed from
entanglements as carefully as possible to ensure no further damage is done to
the specimen. Specimens should always be removed head first to avoid fin
damage or de-scaling. Care should be taken with spines as they can damage
the net, the fish and the collector. Bony spines (and their serration) are valuable
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diagnostic characters for many species. Be aware that some species have
poison glands associated with bony spines which can cause painful injuries or
numbing and the affected area may cause dizziness or even severe allergic
shock.
Living specimens recovered from electrofishing or retrieved alive from fish traps
or hooks might require temporary holding in large buckets or tubs for later
euthanasing or photo documentation of live colouration. The water temperature
should be ambient and the containers placed in the shade protected from direct
sun. Covering the container reduces stress and prevents escaping.
Overcrowding should be prevented and the water should be exchanged at
regular intervals to reduce physiological stress. Additional (pure) oxygen-supply
from oxygen-bottles may be mandatory (e.g. for holding during electrofishing in
several European Countries).
Rapid sorting of the catch is crucial:


to obtain an overview of the number of included species;



to separate those specimens required for DNA sampling;



to release or fix the remaining specimens.

Especially in hot climates, specimens die rapidly and this immediately starts
autolysis of the guts which may compromise tissue removal, particularly in
predatory and herbivorous species. Sort the catch according to species or
genera required for sampling. Dead specimens are either set aside for later
tissue-sampling or immediately fixed in formalin. Specimens should be placed in
appropriately sized containers where the total ratio of animal tissue to fixative
does not exceed 1:3, enabling the specimens inside to float. Small dead
specimens (up to 10 cm total length) for formalin fixation are immediately
collected head first either into 50 ml centrifuge tubes (Figs 3D & 4H) or PEplastic bottles (1-2 l). Plastic containers (buckets, bottles, tubes, jars, etc.)
should be constructed of UV resistant material to ensure they maintain their
integrity. Insert a folded (to prevent rubbing and removal of lettering), water
resistant label with sampling data written either with pigmented ink or pencil and
fill the bottle to the top with the fixative solution (to prevent desiccation of
specimens extremities). Leave the container horizontal for at least 1 hour to
ensure that the specimens remain straight and do not bend during pre-fixation.
After this pre-fixation, the container can be turned in upright position for
thorough fixation of specimens (1-3 days, depending on specimen size, Figs 5D
& 5F). Remaining specimens should be kept alive and fresh as long as possible
to keep (and document) their living colouration. Dead specimens can also be
placed on ice to maintain tissue integrity and colouration, especially if
photographing or additional treatments are needed. Specimens may be
euthanized immediately before tissue sampling and fixation by (repeated – if
necessary) exposure to a suitable anaesthetic for few (5-10) seconds (see 2.4
for anaesthetics and doses). Sort the fish to be tissue sampled according to
species as best as possible, since carrying forward the same species
information into the tissue sampling lists is much more convenient and less time
consuming. Euthanize only enough specimens as can be processed by the
sampling crew in a single session. Depending on the species and fish size, if
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opercular movements have ceased for ca. 5 minutes, the fish can be considered
to be dead. Be aware that air breathing species, such as some Cyprinids, many
Silurids, Gouramis and Lungfishes, or fishes with low respiration rates (e.g.
during winter), are less perceptible for water soluble anaesthetics and may
require repeated exposure to be euthanased. The live colouration should be
documented (written description or photographed) prior to or shortly after
euthanasing, but before fixation, since the pigment cells will relax and expand
turning specimens dusky after treatment.

Fig. 3. Preservation and dissecting gear. A. Mobile tissue sampling station and
documentation in a van: right, keg drumstores anaesthetic; left, 4% formaldehyde
solution; euthanased specimens are sorted and tagged on fresh paper towels to
minimise mucus contaminations, dissecting tools cleaned with absolute ethanol and toilet
paper; B. Dissecting tools including two smooth forceps, scalpel blades and a small
scissor for tissue sampling (bottom), different sized probes and needles for raising and
fixing fins, larger serrated forceps for manipulating formalin specimens, large scissor and
Luer Lock syringe for penetration of the abdominal cavity of larger specimens; C. Prenumbered 2 ml storage vials (NUNC), 200 vials per rack, with corresponding gill tags
(smooth tracing paper 110 g/m² printed with HP DeskJet 600 with original HP Cartridge
no. 29); different sizes of the same numbers for tagging of smaller (first two numbers
only) or larger (complete tag) specimens; D. Self-standing 15 ml and 50 ml centrifuge
tubes (TPP) for fixation of small specimens and fixation container (commercially
available plastic food container). (Photos A, B, D, F by S. Beyer, all other photos by D.
Neumann).
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4.4.

Tagging of specimens and preservation of DNA-tissues

While formalin fixation varies only in relation to specimen size, tissue sampling
necessitates exact and clean working to avoid cross-contamination of tissue
samples, and should be done by a well-trained crew to speed up tissue
sampling. Efficiently tagging and sampling of specimens requires two people,
one for preparing, sorting and tagging, and the other for tissue sampling. At all
times the link between specimen and tissue should be maintained both in field
notes and through tagging of specimen and labelling of tissue tube. Tissue
sampling requires a separate set of dissecting tools to avoid formalin
contamination of tissues (for basic tissue sampling set up and requirements see
Figs 3A-D). A set of freshly dead specimens (4-6, depending on size) are
placed (sorted to species) with the head to the right on multi-fold sanitary paper
towels to absorb residual mucus (Fig. 4A). Tissue tags can either be applied
directly into the muscular tissue (Fig. 4C bottom, 4H bottom) or into the anus
(Fig. 4C middle) using commercially available ribbon tags, t-end pins or similar
(Fig. 4C), poly streamer tags (Fig. 4H, bottom) or tied through the gills (Figs 3C,
4B). Specimens are always tagged on the right side of the body, regardless
which tag type is applied. In some species they may also be tied around the tail
(Fig. 4D) ensuring that the tag will not work itself loose or become disassociated
from the specimen. Tubes should be labelled with pencil or indelible ink, or both
with information linking the specimen and tissue (Fig. 3C). Insertion of labels
into tubes should be avoided to prevent contamination of tissue. The sampling
crew should verify species and tissue tag numbers and tissue vial numbers
during sampling to avoid mistakes during handling.
All tissues are sampled always from the right hand side of the specimen as the
left hand side is traditionally used for measuring and photography. Muscle
tissue is preferred to prevent having to gut the specimen for heart or liver tissue.
Muscle tissue is usually removed from above the pectoral fin or on the caudal
peduncle and should not alter the contour of the specimen (Fig. 4F). Muscular
samples from the right abdominal region (behind the anus) are preferred if
specimens have been dead for any length of time or if they have started
decaying.
Fin clips are commonly sampled but may yield less DNA (quality and quantity).
Usually only the lower portion of the pectoral fin is sampled, so that the total fin
length remains unchanged and fin rays are still countable (both are diagnostic
characters) (Fig. 4A, 4H top specimen). Depending on the specimens size, it
may be necessary to cut the pectoral and pelvic fin, including the muscular fin
bases (Fig. 4H, specimen in the middle), or to abduct the complete caudal
peduncle (if more than one specimen is available) to receive enough tissue. The
latter method should not be the first choice, because identification especially of
small species under field conditions is extremely difficult, and recognising that
the only minute specimen of a potentially new species lost its diagnostic
character together with the caudal peduncle thereafter will neither improve the
specimen, nor its condition. Cutting off bony spines has to be avoided for the
same reasons, since most spines bear diagnostic characters and are essential
for species identification as the left spine might be broken or missing (Fig. 4G).

617

It is best to use a new disposable scalpel blade for each tissue extraction, or to
clean the scalpel blades or scissors after abducting the fins to prevent crosscontamination from one specimen to another. For this purpose, wipe and clean
all tools (scissors, forceps, and scalpel) after each processed specimen best
with 96% ethanol. If 96% ethanol is not easily accessible in the field, clean
thoroughly with dry towel or toilet paper. While contamination between of
allopatric species separated for a long period on a geologic time scale might be
detected, it is impossible to detect cross-contaminations of just recently split or
hybridising species. Same applies for any population genetics. The forceps for
tissue manipulation should have smooth tips rather then serrated ones, to allow
better cleaning of the tips and to avoid contaminations from residual mucus
adhering to the serration. Excess mucus or debris should be removed from the
tissue extraction site using paper towels or similar after which scales should be
removed and the area cleansed (using 96% ethanol).

Fig. 4 (next page). Tissue sampling and tagging. A. Fin sampling of the lower portion of
the right pectoral fin of euthanased sculpins; paper towels remove residual mucus; B. Gill
tags should be folded with a small hook at the proximal end of the tag which is applied
between 1st and 2nd gill arch (at least 2/3 of a gill tag should be covered – and secured
– from the opercle); C. Application of different tags (from above): gill tag printed on
smooth tracing paper with HP 600 DeskJet printer, T-anchor tags (Hall Print) applied into
anus are firmly attached by piercing the gut canal (mind not to damage genital papillae
during tagging to allow sexing of specimens thereafter), DYMO-tags applied with t-end
pins and commercial tag guns (badly damaging especially small specimens); D. Small
Mormyrid with handwritten tag (pigmented ink on durable paper) tied to the tail (museum
gill tag easily lost and inappropriate for field conditions); E. Coiled up specimens
removed from a museum jar: large t-end pins and even larger rigid plastic tags fixed to
small specimens impede straight fixation and further damage them during museum
storage; note that the imprint of DYMO-tags gets illegible in alcohol after few years; F.
Muscular tissue samples should be removed from the tail (behind the anus) without
altering the contour of the specimen. G. Diagnostic pectoral spine removed in the lower
specimen for tissue sampling. H. Abduction of the fin base in smaller specimens might
raise the DNA-content of the tissue sample; alternative PE-plastic streamer tag attached
to a needle, applied in rostral direction into the muscular tissue causing minimal damage
to the specimen (Caution: for museum storage plastic tags should be replaced because
of potential corrosion from denaturing agents and/or high alcohol concentrations). (All
photos by D. Neumann).
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Tissues should be placed immediately into labelled tubes (preferably good
quality, self standing, gasketed tubes), filled with 96% ethanol and tightly sealed
(Fig. 3C). Cryo-tubes, which are especially designed for cryo-storage at deep
temperatures, might cause problems under hot climates because of high
evaporation losses. Repeated cases of evaporation losses of 50% or more have
been reported. Be aware that in such cases the concentration of the residual
ethanol may be far below 96%, since ethanol below 80% evaporates as pure
ethanol. Tubes with 50% evaporation losses are inappropriate for tissue
preservation and should be discarded since the ethanol concentration might
have dropped below 40%. Prefer 96% distilled instead of chemically dried
ethanol (concentrations of 99% or higher) as residual low boiling benzines used
for drying the ethanol might degrade the DNA. The amount of tissue in any tube
should not exceed one third of the total volume to allow for efficient and rapid
preservation of tissues. If not avoidable, replenish with new ethanol after 2
hours. Tissue may also be cut into smaller pieces or macerated to facilitate this
process.
If no field tags are available for some reason, species should be sampled in
order and by size to provide a mechanism of verification. For smaller
specimens, whole specimens may be placed in tubes as tissue voucher but
either photographs should be taken as vouchers or other specimens
undoubtedly of the same species can serve as surrogate vouchers (not
preferable).
4.5.

Formalin fixation of specimens

Fixation and preservation is not the same. Preservation should only follow
adequate fixation. Fixation stops autolysis by cross-linking and degrading
proteins into amino acids by the formation of covalent bonds and coagulates cell
contents to insoluble substances, whereas preservation alters the hydrogen
bonding pattern and preserves the specimen by de-hydrating it (Simmons,
2002). Therefore, DNA-extraction of ethanol preserved tissues is possible (with
DNA quality strongly depending on quick and efficient tissue dehydration), while
extraction from formalin fixed tissues yields only short degraded gene
fragments, depending on the number of cross-links and bonds which prevent
the uncoiling of the DNA-Helix and thereby disabling the bonding of DNA
polymerase.
The fixative should penetrate the specimens as rapidly as possible to prevent
decomposition, especially of the guts and their contents. This initial or prefixation should be done within 10 minutes of the specimen dying.
Fig. 5 (next page). Fixation of fish. A. Prevent fusiform specimens from turning during
prefixation; B. Prefixation of unpaired fins requires roughly 5 minutes; C. Orientate
specimens in the one direction with sufficient spacing; D. Specimens stacked in different
layers head on tails separated with formalin soaked paper towels; E. Small specimens
(tissue sampled or ethanol vouchers) fixed head first horizontally in 50 ml centrifuge
tubes; F. Nearly impossible to measure these bent specimens and useless for other
morphological approaches; G. Opening abdominal cavity of large specimens allows
quick fixation of the guts. (All photos by D. Neumann).

620

621

This 10-min time frame is crucial and requires a disciplined and experienced
DNA-sampling crew and fixation routine.
The most common fixative is a 4% (or 3.7%) aqueous formaldehyde solution; in
the tropics and for larger specimens, a higher concentration of 10% should be
considered for quick pre-fixation (= 1:4 dilution of 37%, concentrated
formaldehyde solution with tap or river water). Use only buffered, methanol
stabilized formaldehyde solution (Simmons, 2002) for fixation to maintain a
stable pH range as formaldehyde is unstable and oxidises in water into formic
acid and to prevent decalcification especially of the often minute and fragile
bones of fish skulls. While decalcification begins at a pH of 6.4 and below,
clearing of soft tissues may already start at a pH of 7.0! Additionally, unbuffered
formalin causes subsequent problems during later museum storage. Omitting
the buffer from the formalin will shift the pH inside collection jars to acidic
ranges. If you are dependent on locally available, unbuffered formalin because
of transportation limitation (e.g. IATA aviation restrictions), this can be buffered
through the addition of Sodium Phosphate Dibasic Anhydrous (CAS 7558-79-4)
and Sodium Phosphate Monobasic Monohydrate (CAS 10049-21-5) in a ratio of
6 grams and 4 grams per litre respectively, or by adding a carbonate buffer;
even chips of marble or limestone will help. Be aware that it might be necessary
to add more then 6 (4) grams per litre of buffer, if you are depending on river
water with low (acidic) natural pH values (e.g. streams draining rainforest or
granite soils) for dilution of higher concentrated formalin to receive a 4%
aqueous formaldehyde solution.
The diffusion rate of formaldehyde through the animal tissue is crucial and this
may be slowed by thick or swollen mucus layers (e.g. in eels or sculpins) or size
of the specimens. Simple formalin permeation (placing specimens directly into
the fixative) is sufficient for fixation of small specimens up to 10 cm. Cover the
bottom of the fixation container with 1-2 paper towels and a small amount of
formalin, preventing the specimens from floating. This should allow the
specimens to be fixed in a natural position. Better quality specimens may be
obtained by raising the dorsal and pectoral fin with a probe thereby fixing the
spines against the formalin soaked paper towel together with spreading the
caudal fin. This improves counting of spines and soft rays of preserved
specimens. If necessary, hold the raised spines in place with a probe or fix one
of the first spines with a small needle. The minute muscles responsible for the
fin movements are fixed within 5-10 minutes (Figs 5A-B). This may not be
possible for all specimens due to time constraints.
Gill covers and branchiostegal apparatus should be in a normal position, the
mouth should be slightly open, and the jaws should not be abducted. If a
specimen has suffocated prior to relaxation in the anaesthetic, hold the fish and
simultaneously keep the gill covers closed with one hand, while carefully closing
the mouth and setting the branchiostegal apparatus back into a normal position
with the other. Cut a finger off a disposable glove, push the specimen into the
closed end and place it carefully into the fixative. Locked pectoral spines of
catfishes should be released by pulling the spine carefully backwards (caudal
direction) and turning it (beware of serrated or poisonous spines). All specimens
which are placed in one layer into the fixative should be orientated in the same
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direction. Take care that the new layer is sufficiently moist with formalin and
place the next batch of specimens in the opposite direction (heads to tails) and
raise the new fins by placing them on the bodies of the previous layer. The
vertical distance between single specimens should be wide enough to unfold
the caudal fins (Figs 5C-D).
This method of stacking the specimens in different layers of paper towels has
several advantages:


Pre-fixation and fixation can be done in the same container while limiting the
necessary amount of formalin and minimizing the amount of formalin
vapour.



Specimens inside the layers will support each other resulting in straighter
preserved specimens for natural history collections (compare Fig. 5F).



Different sampling locations can be separated inside one fixation box (in this
case pay attention to fold the outer ends of the towels upward to prevent
that single specimens slip from their layer and mix with other locations).



During transportation the arrangement in layers stabilises the specimens
during fixation.



The layers will also reduce movement of free formalin solution inside the
box which stabilises the box during transportation and lowers the risk of
potential spillage.

For specimens ranging from 10-20 cm, the permeation method is sufficient for
pre-fixation only (10-20 minutes). After this time, the specimens need to be
immersed in 4% formaldehyde solution to ensure high penetration rates (e.g. by
stepwise filling the fixation box to the lowest layer with formalin).
For good fixation results and efficient penetration of specimens larger then 20
cm, the fixative may need to be injected into the body cavity. Assure that
formalin/fixative is injected only into the cavity and not into the muscular tissue,
which leads to intramuscular tissue rupture and formalin swelling of the tissues.
Penetrate the abdomen laterally through of the anus or the belly near the
(scaleless) base of the pelvic or pectoral fins with a syringe and needle
(preferably a Luer Lock syringe and needle to prevent the needle from being
propelled off the end of the syringe due to pressure build up inside the
specimen’s belly). Caution: To prevent eye damage through exposure to
formaldehyde always wear protective eyewear (safety glasses or goggles) and
turn the specimen away from your face when injecting and removing the needle.
Specimens larger than 30 cm should either be injected with 10-37%
formaldehyde solution (37% for specimens larger than 50 cm) or the abdominal
cavity should be opened with a sharp scalpel. Insert the scalpel into the anus
(blade in parallel direction with the inner body cavity), cut 2-3 scale rows
upwards in a dorsal direction and then turn in a rostral direction and parallel to
the ventral border of the belly so that the natural contour of the specimen
remains unchanged (Fig. 5G). Care should be taken to avoid damages of the
genital papilla to ensure sexing of the specimen and to cut only the lateral right
side of the body to keep the pre-anal measurements of this specimen.
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Large specimens need to be placed in larger UN-approved, tight closing plastic
kegs. For fixation it is important to leave the drums in a horizontal position for at
least a day for good fixation results and to avoid deformation of specimens. For
transportation, place the keg horizontally in a plastic box to collect any potential
leakage and secure against rolling.
4.6.

From fixation to preservation

Small to medium sized specimens should be left in sufficient formaldehyde
solution in the fixation box for at least one week. Larger specimens should be
checked periodically to ensure adequate fixation of the entire specimen  the
belly should be firm, muscular tissue should be moderately hard, leaving no
thumb imprint behind after manual inspection. If the gut contents of specimens
(mainly herbivorous) start to decay, fermentation may cause gas to build in the
gut cavity distending the specimen. In this case, the abdominal cavity needs to
be opened and washed out thoroughly. Care should be taken when opening the
abdominal cavity of such a specimen to prevent chemical eye burns and this
can be done underwater to alleviate any pungent smell emanating from the
specimen.
After fixation of specimens, the transfer to the preservation fluid has to be done
in several steps to remove residual formalin from the specimens, and to avoid
dehydration or cell rupture. First, wash the specimens by rinsing in water or by
immersing in water and exchanging the water several times on a daily basis.
This procedure should be repeated, until no or only a moderate formalin smell is
perceptible. Then transfer the specimens into a 20% ethanol solution for 1-2
days (for specimens up to 5 cm), one week (specimens up to 20 cm) or 1-2
weeks (larger specimens), and repeat this procedure with 40% and 60%
solutions before finally transferring the specimens into 70% ethanol. From
personal observations, specimens originating from high water conductivity
environments (especially European Cyprinids) seem to be highly susceptible to
ethanol dehydration and thereby should not be transferred directly from formalin
into 70% ethanol to avoid shrinkage.
5.

Packing for transport

Returning samples from the field, including DNA-tissues as well as formalin
preserved specimens might give rise to some unforeseen difficulties.
Specimens should therefore always be packed in such a way that: a) they are
not damaged during the transit; b) the specimen can be stored under stable
conditions inside the containers for several weeks. This might be necessary if
an airline refuses to carry formalin samples and you are forced to return the
samples by surface mail from third world countries.
5.1.

Transport on the road from the field site

Packing requirements of the specimens strongly depends on the road
conditions.
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5.1.1.

On paved roads

Preservation and fishing gear has to be packed in such a way to prevent
leakage from formalin containers and personal injury in case of emergency
braking. All field gear should be secured in the trunk with straps, as for oxygen
bottles and especially larger drums containing formalin or anaesthetics.
Formalin containers should be placed in larger plastic or aluminium boxes to
avoid any formalin leakage into the trunk particularly for bendy roads. Formalin
and ethanol fixation gear always has to be stored in separate boxes to avoid
any formalin contamination of the ethanol gear. Square plastic food containers
are never 100% leak-proof and should be filled only to 5 cm below the top to
minimise potential leakage. Formalin vapours emanating from the trunk into the
cabin might cause dizziness or sickness to the driver. Plastic keg drums with
formalin specimens should be carried horizontally or nearly horizontally (e.g. if a
drum is placed and strapped into a tub) to avoid bending of only weakly fixed
(larger) specimens inside the drum.
5.1.2.

On gravel roads or rough tracks

For the transport of specimens for long distances and days over rough roads or
dirt tracks, the packing of specimens requires additional precaution to avoid
physical damage to them. Smaller PE-plastic bottles and kegs should be filled to
the top with fixative leaving no air inside, to keep specimens in stable condition
inside. Any free air space inside will shake both fluid and specimens vigorously
after every road bump likely damaging the fins and abrading specimen-ID labels
or DNA-tags. To protect fixed specimens in a keg or drum, wrap medium to
large specimens in formalin soaked cloth. Each wrap should include only
(consecutive series of DNA sampled) specimens from the same location to
allow identification of specimens in case single field tags become illegible. Small
fixed specimens can be easily separated and secured in disposable tea bags
and several of those bags should be wrapped in cloth. For packing and
returning material from foreign countries, decant the formalin and separate and
pack the specimens in the same way. Additionally, single wraps inside the kegs
may be packed inside aquarium bags and sealed tightly with rubber bands to
minimise the risk of formalin leakage from the drums during transport. This
method is not suited for pre-fixed or only weakly fixed specimens because the
weaving pattern of the cloth (or specimens itself!) will imprint into the epidermis
of the specimens!
5.2.

Transport as carry-on luggage on board on aircraft

Carrying pure alcohol in hand or checked luggage onboard an aircraft is strictly
prohibited (IATA, 2009). This applies for all DNA-samples e.g. placed in 2.0 ml
tubes. Salt-based DNA-buffers (e.g. DMSO) or buffers with a volume less then
24% ethanol are not regulated. Alcohol based buffers should be referred to as
“DNA-buffer” only when entering or leaving Islamic countries to avoid problems
at customs. Aqueous formaldehyde solutions with less than 25% formaldehyde
are not regulated under dangerous goods whereas solutions with more than
10% are classified as aviation regulated liquid (UN 3334). Concentrations less
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than 10% are not regulated at all. To comply with the current IATA regulations,
specimens should be wrapped in formalin (4%) soaked moist cheese-cloth,
sealed in PE-plastic bags inside the drum as described above, and must be
packed leak-proof in and best in UN-approved plastic kegs or drums. Note:
There will be new regulations and amendments for shipping and transport of
natural history specimens on board of aircraft in the 52st Ed. of the IATA
Dangerous Goods Regulations affective on 1 January 2011 and perhaps in
future; please keep yourself updated to comply with the regulations!
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manuscript under the given time constraints. Additional thanks for picture
contributions to U. Schliewen (Fig. 2), M. Geiger (pictures in Fig. 1D) and
Sebastian Beyer (Fig. 3A-B, D, F). All other photographs by D. Neumann.
7.

References

IATA, 2009. Dangerous Goods Regulations, 50th Edition. International Air
Transport Association, Montreal - Genf: 880 PP.
SIMMONS, J.E. 2002. Herpetological Collecting and Collections Management.
Society for the study of amphibians and reptiles, Herpetological Circular 31: 1153.
8.

Further reading

For further information especially on net gear, electrofishing and fishing
methods in general, the “Fish Collection Methods and Standards (Version 4.0)”
is very valuable. This free Guideline issued by the Government of British
Columbia
(http://ilmbwww.gov.bc.ca/risc/pubs/aquatic/fishcol/assets/fishml04.pdf) can also
be viewed (http://ilmbwww.gov.bc.ca/risc/pubs/aquatic/fishcol/index.htm) online.
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9.

Additional Internet based Information

CITES: http://www.cites.org
IUCN: http://www.iucnredlist.org
OIE: http://www.oie.int/eng/en_index.htm
How to throw a cast net: http://www.ausfish.com.au/castnet/
Aquatic Animal Health Code, Cpt. 5:
http://www.oie.int/eng/normes/fcode/en_sommaire.htm
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97-53-0

5-00-0

886-86-2

Eugenol

Formaldehyde
solution (10%)

MS-222

Rotenone

64-17-5

57-15-8

Chlorobutanol

Ethanol (96%)

CASNumber

Name

brownish fine
powder or dark

white, fine
crystalline powder

colourless liquid

liquid oil

colourless liquid

white, coarse
crystalline powder

Properties

Sigma-Aldrich

VWR
International

Sigma-Aldrich

VWR
International

Sigma-Aldrich

www.sciencelab
.com

VWR
International

Sigma-Aldrich

www.sciencelab
.com

VWR
International

www.sciencelab
.com

Availability

Irritant (eyes and inhalation); after
eye contact and ingestion seek

Irritant (skin, eyes and respiratory
system)

Irritant (skin), inhalation and
ingestion hazard; carcinogenic,
mutagenic and teratogenic effects
(suspected or possible); classified
developmental toxin to male/female
reproductive system

Irritant (skin), inhalation hazard; seek
immediate medical attention in case
of serious contact

Irritant (eyes, skin)

Irritant (eyes, skin) and extremely
dangerous if ingested

Safety

class 6.1

not regulated

concentrations of 10% and below may be
regulated as UN 3334; concentrations of
10-24% regulated as UN 3334; less then
25% regulated as class 8 (UN 2209)

may be regulated as UN 3334

class 3

not regulated

IATA
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7558-79-4

10049-215

Disodium Hydrogen
Phosphate

Sodium Dihydrogen
Phosphate

clear or white
crystalline
hygroscopic
powder

clear or white
crystalline
hygroscopic
powder

brown fluid

VWR
International

www.sciencelab
.com

VWR
International

www.sciencelab
.com

Dust may cause irritation (eyes and
respiratory system)

Dust may cause irritation (eyes and
respiratory system)

143 mg/kg

immediate medical attention; Lethal
oral dose (Human):

not regulated

not regulated

11. Appendix 2 - Material Safety Data Sheets (MSDS)
Chlorobutanol: http://www.sciencelab.com/xMSDS-Chlorobutanol-9923417
Disodium hydrogenorthophosphate:
http://www.chemicalbook.com/ProductMSDSDetailCB1242667_EN.htm
Ethanol: http://www.sciencelab.com/msds.php?msdsId=9923956
Eugenol: http://www.sciencelab.com/xMSDS-Eugenol-9924007
Formaldehyde solution (10%):
http://www.sciencelab.com/msds.php?msdsId=9924096
MS-222:
http://caligula.bcs.deakin.edu.au/bcs_admin/msds/msds_docs/Ethyl%203aminobenzoate%20methanesulfonate%20salt%20(Sigma%20A5040).pdf
Rotenone:
http://caligula.bcs.deakin.edu.au/bcs_admin/msds/msds_docs/Rotenone.pdf
Sodium Dihydrogen Phosphate:
http://www.sciencelab.com/msds.php?msdsId=9925021
12. Documentation of Collecting Event
Collecting Event


Field number (usually provided by the collector) e.g. XYZ-2009/01
(three-letter country code-year/sample number).



Date of collection – start and end date if necessary.



Gear used – type or combination of different gear types.



Gear specifications – mesh size, depth, exposure time, voltage/current
(as precise and detailed as possible).



Habitat specifications referred to employed gear type – (gill net in front
of weeds, kick-net sampling in riffles, etc.).



Habitat conditions referred to collecting site (hard/soft/sand bottom).



Full names of all collectors (first, middle and last names).

Locality
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Drainage – might be hard to discern e.g. for small streams or swamps.



Geopolitical designation (country, state/province, county, etc.).



Detailed locality string – usually in ‘named place’ and ‘location to named
place’ format.



Highlight any distinctive features like road and river crossings (indicate
any distances by road or linear  e.g. 5 miles West of…).



Any other geographic subdivision (State, Province, Department, Village
or Township, County (?) etc.).



Latitude and longitude.



Geodetic datum.

Specimen


Identification to family, genus or species level (if known, elsewise
unspecific as e.g. as “Cyprinidae indet.”, “Barbus sp.” to allow reidentification of tissues in cases of erroneous sampling lists).



Any distinctive characteristics – colouration, morphological characters
as these may be lost during fixation and preservation.



Size – in millimetres as standard or total length (SL or TL) or as disc
width for rays etc. (can slow down specimen processing and can be
done at a later time).



Weight – in grams (often times not practical in the field and may be
done later).

Habitat


Habitat specifications – road side ditch, floodplain, swamp, forest
stream, rapids, etc.



Peculiar habitat conditions – leaf litter, deadwood, dense weed
standings, boulders, etc.



Climate – cloud cover, precipitation etc.



Season – rainy/dry season, summer/winter.



Stream type – white water, clear water, black water.



Water and ambient temperature.



Water clarity.



Water pH.



Water conductivity.



Current strength and direction.



Associated vegetation.



Associated species not collected.
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